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Summary 
 

The structure and physicochemical properties of biomembranes are fundamental for the 

functioning of cells, and many pathologies have been associated with their alterations (cancer, 

neurodegenerations, obesity, etc.) 1, 2. For this reason, biomembranes have been the subject 

of intensive research. Yet, there is only limited knowledge of biomembranes, which show a 

heterogeneous structure at the nanoscale that is naturally present in cells, and determines 

many of the phenomena occurring through them at the molecular level 3, 4. 

Due to their prominent role in Electrophysiology, electrical properties are among the more 

relevant physical properties of biomembranes. Most often, attention is paid to biomembranes' 

conduction properties, and the role played in them by ionic channels. However, biomembranes' 

dielectric properties are also of central interest in bioelectric phenomena, and a powerful 

reporter of membranes' composition, which can be exploited to develop label-free mapping 

methods. Yet, most of the available techniques have addressed the dielectric membrane 

properties in bulk solutions and at the level of single cells (micrometers), thus lacking spatial 

resolution. In  other cases, they make use of exogenous labels, as in the case of spin 

paramagnetic resonance 5, 6 and fluorescence microscopy 7, 8, 9, 10, 11. 

In recent years, the Nanoscale Bioelectric Characterization group at IBEC, as well as other 

groups, have developed some Scanning Probe Microscopies (SPMs) based techniques to 

attempt the dielectrical characterization at the nanoscale 12, 13, 14, 15, 16  and applied them to 

biomembranes 17, 18, 19, 20, 21 and other biosystems 12, 22, 23, 24, 25, 26, 27. Initially, these techniques 

were implemented to be operated in air environment, but lately they were also extended to 

liquid environment 28, 29. The implementation of in-liquid Scanning Dielectric Microscopy (SDM) 

paved the way to the accurate dielectric characterization of biomembranes at the nanoscale, 

in their physiological environment and in a label-free way 28, 29.  
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In-liquid SDM is based on measuring the electrostatic force acting on a nanometric probe 

under application of a modulated voltage between the tip and a conductive substrate, on top 

of which the sample is sitting. As compared to the standard SDM in air, operation in liquid 

environment requires several modifications. In terms of set-up, one needs to apply frequencies 

above the dielectric relaxation frequency of the electrolyte. Significant changes are also 

necessary for the modelling part 30. 

This work of thesis takes advantage of the latest developments of in-liquid SDM to 

characterize the dielectric properties of heterogeneous model and natural purified membranes 

systems in liquid. In this framework, new knowledge has been gained about imaging in liquid 

conditions with SDM, e.g. about the prominent electrostatic finite size effect and different 

models have been tested and optimized for the analysis of the measurements. 

First, I focused on characterizing mono- and bicomponent planar supported bilayer lipid 

mixtures containing cholesterol, providing a first proof-of-concept of the label-free mapping 

capabilities of the technique in liquid media, extending earlier work done in air on nanoparticles 

12. This study allowed gaining information on the composition of sub-micrometric membrane 

domains in liquid environment 31 and to provide reliable values of the intrinsic dielectric 

properties of DOPC and DOPC:cholesterol compositions, about which there was some debate 

in the literature. The low values obtained are responsible for membranes’ low permeability to 

ions, in agreement with previous studies on monocomponent biomembranes 29. Our results 

allow speculating on fundamental properties of lipid bilayers like viscosity and hydration of 

cholesterol-containing layers. 

Afterwards, we extended the methods to deal with more complex biomembrane 3D 

structures, such as liposomes 32. Liposomes with few hundred nanometers in height have been 

successfully imaged by in-liquid SDM, showing a sensitivity comparable to the one for flat 

biomembranes only a few nanometers thin. Once again, the dielectric properties of the 

liposomes’ membrane were precisely extracted, this time in a more natural configuration of the 
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biomembrane. This study also highlighted the technique’s sub-surface capabilities in the liquid 

environment, demonstrated earlier only in air measurements 33, 34, 35, 36, 37, 38, 39. This capability 

enabled to obtain in a label-free way the lamellarity of liposomes, a crucial parameter in 

liposomes technology. The developed methodology has the potential to be used to screen a 

myriad of different compositions of liposomes (shell and core), since in-liquid SDM was shown 

to be sensitive to the dielectric properties of the membrane, but also to the conductivity of the 

medium inside the liposomes. This accomplishment was essential to evaluate its future 

application to living cells and constitutes one of the main achievements of this thesis. 

During the thesis, I also draw my attention to the dielectric characterization of natural 

purified membranes in liquid environment. As a test example, we focused on the case of the 

purple membrane (PM), which had previously been studied in air environment 19, 20, 40.  PMs 

are constituted by the protein bacteriorhodopsin (BR) arranged in a crystal lattice, and lipids in 

a ratio 10:1 lipids:proteins. However, there is an unsolved uncertainty in determining the real 

topography of supported PM patches in the liquid environment, which can also display a 

concave surface. This made the dielectric quantification problematic, and further explorations 

will be necessary to provide reliable values of the permittivity of these layers in liquid media.  

In summary, the objective and common thread connecting all the chapters of this work has 

been implementing and demonstrating the capabilities of in-liquid SDM in the dielectric 

characterization of bio-membranes, model and natural systems, with nanoscale spatial 

resolution. 

I believe that this work laid the ground for elucidating the structure and dielectric properties 

of more complex membranes systems and their associated electric phenomena, e.g. 

conduction. Preliminary studies of the cell membrane directly on living neuroblastoma cells, in 

low concentration MOPS buffer, were carried out in collaboration with Maria Elena Piersimoni, 

PhD student at Imperial College, London. The group is now collaborating with experts in the 

field and trying to develop new algorithms, fundamental to extend the methods to living cells. 
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In addition to the main objective of my thesis, I also participated in a side project concerning 

the in-liquid SDM characterization of an operative EGOFET transistor 41, crucial for optimizing 

the devices and gain a better understanding of the transduction mechanism with biological 

entities. One of the newest frontiers of such technology is indeed to use supported lipid bilayers 

for bio-sensing purposes 42. 
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Motivation 

In terms of well-being, diseases like cancer, neurodegenerations, and ageing are just some 

of the main focuses of current research. It is rather unrealistic to challenge them without coming 

into terms with multidisciplinary science. The complexity of the problem benefits from the 

exploitation of many different approaches, especially needed to delineate a fully understood 

picture. 

In this work, the tools of biology, chemistry, and physics will be used to explore the dielectric 

properties of some simple membrane systems. Biomembranes alterations are at the origin of 

many pathologies 1, 2 and much could be understood by disposing of label-free techniques to 

characterize them at the nanoscale. 

Membranes dielectric properties, in particular, are responsible for the interactions between 

cells and with different molecular complexes 43, they also regulate transport processes inside 

and outside the cell 44, 45, action potentials formation and propagation in electroactive cells 46, 

47, 48, 49, and can be used to characterize membranes composition and associated bioelectric 

processes. In-liquid Scanning Dielectric Microscopy (SDM) 28, 50 has a huge potential to be 

exploited in their characterization at the nanoscale.  

However, even if SDM is operative, its application to in-liquid measurements has just begun. 

Nanoscale measurements of the dielectric constant of synthetic DPPC lipid membranes in 

diluted ionic media were only reported in Ref. 29.  Further investigations are required to confirm 

the permittivity range for lipid bilayers in water and the reproducibility of the results, but also to 

test the sensitivity of the technique, its limits, and evaluate the most suitable conditions of 

operation depending on the specific system under analysis. Lipid model systems are not only 

good test samples but also of great interest. For instance, the effect of cholesterol on the 

specific capacitance of biomembranes, investigated during this thesis project, continues to be 

an object of debate. Liposomes constitute another example as they are one of the technologies 
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with the highest number of patents for pharma applications up to date. In addition to lipids, 

proteins are fundamental units of natural membranes. Their electrical characterization in liquid 

has not been achieved yet by SDM, and it could potentially provide traces of their activity.  

The generated knowledge aims to lay the foundation for characterization of natural systems 

(natural vesicles, cells, etc.) under various conditions, with the scope of elucidating interesting 

bioelectric phenomena. 
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Objectives and structure of the thesis 
 

The main objective of this work of thesis is to take advantage of the latest developments of 

in-liquid Scanning Dielectric Microscopy to characterize the dielectric properties of 

heterogeneous lipid model systems and natural purified membranes in liquid. This thesis 

intends to provide increased understanding about lipids and proteins dielectric properties, 

intrinsically linked to phase behaviours and membranes’ hydration and propose new methods 

for screening the structure and composition of membrane systems. 

First, we aim to confirm the range of permittivity values for lipid bilayers in water and the 

reproducibility of the results, to test the sensitivity of the technique, its limits and evaluate the 

most suitable conditions of operation depending on the specific system under analysis. 

Second, we aim to demonstrate the possibility of using membranes’ dielectric properties as 

reporters of their composition as a first step towards the development of a label-free 

composition mapping method for biomembranes. Third, we aim to advance the fundamental 

understating of SDM for measurements on more complex systems than planar lipid bilayers, 

such as 3D model membranes systems with celluloid-like geometries like liposomes. In 

particular, we want to investigate the capability of in-liquid SDM methods to provide the 

dielectric properties of single liposomes, together with information on their internal structure 

(e.g. lamellarity). Finally and forth, we aim to show that in-liquid SDM can also be applied to 

characterize the dielectric properties of natural membrane systems containing both lipids and 

proteins. 

The thesis is organized into eight chapters. The first chapter presents an introduction to 

the structure of the cell membrane and its dielectric properties. It revises the methods 

developed to model membranes on planar surfaces, including conductive ones, required for 

SDM characterization.  
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Chapter two introduces Scanning Probe Microscopy methods, explaining the basis of 

Atomic Force Microscopy and presenting Scanning Dielectric Probe Microscopies, among 

which SDM.  

Chapter three is the last introductory chapter and describes in detail in-liquid Scanning 

Dielectric Microscopy, underlining the differences with respect to the implementation in air, in 

terms of operation and modelling. 

Chapter four and chapter five contain the main experimental body of the thesis and 

present the studies conducted on the planar heterogeneous lipid systems and liposomes.  

Chapter six reports the dielectric imaging and preliminary characterization of natural PM 

samples and discusses the problematics that arise when the membranes are topographically 

complex. 

The seventh chapter exposes the conclusions and future perspectives of this work, 

including an exploratory application of in-liquid SDM to living cells, and to the characterization 

of EGOFET transistor under operation. 
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1.  Introduction to bio-membranes 

1.1 The cell membrane 

Biomembranes are two-dimensional, highly anisotropic systems held together by non-

covalent forces that resembles no other biological organization (Figure 1). They are very soft 

(Young' modulus below 1 kPa range 51, 52) and thin structures (only ~ 5 nm thick) that define 

the cell’s boundary and delimit cytoplasmatic compartments into which certain activities are 

segregated and/or carried out more efficiently 53. Biomembranes act as both physical and 

chemical barriers, by protecting the integrity of the cellular material but still providing some 

flexibility and regulating the uptake of nutrients and signalling molecules 54. 

 

 

Figure 1:  Schematic representation of the cell membrane and its heterogeneous nature. 

 

Biological membranes are also the interfaces responsible for cells communication with their 

environment and other units, which is achieved through molecular exchanges, resulting in pH 

regulation and osmotic homeostasis, but also transduction of mechanical stimuli into cell 

signals 54. 

Membranes detailed structure is key for their function. They are mainly composed of lipids 

(Phospholipids, Cholesterol, Glycolipids), proteins (Integrals, Peripheric) and carbohydrates 

(Glycolipids, Glycoproteins). These constituents can be arranged in compositional domains 

intracellular 

extracellular ~5 nm 
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which are very dynamic and sometimes only ~ 100 nm in lateral extension 55. The interplay 

between membrane’s components regulates phenomena like recognition, signaling, 

endocytosis and exocytosis and thus, any alteration of such equilibrium can lead to structural 

changes responsible for serious pathologies. Among them we find cancer, neurodegenerations 

(Alzheimer’s and Parkinson’s disease), metabolic and cardiovascular diseases which can 

originate in individual cellular compartments, including the cell membrane 2. 

In particular, lipid composition was shown to alter protein’s structure/activity and location  

(i.e. G-protein coupled receptors 56) as well as defining membrane microdomains that 

constitute spatiotemporal platforms for proteins. Membrane lipids are also crucial in the fission 

and fusion of lipid bilayers and they also act as sensors to control environmental or 

physiological conditions. Furthermore, lipids and lipid structures participate directly as 

messengers or regulators of signal transduction 53. In conclusion, the modulation of the 

membrane lipid levels is another way for a given organism to respond to environmental stimuli. 

As membranes composition affects the membranes overall activity 1, 57, its modulation was 

proposed for new therapeutic avenues 1, 58, 59. 

Interestingly, biomembranes are also explored as platforms for the fabrication of biosensing 

devices 42. 

Therefore, characterization of membranes composition at the nanoscale and the study of 

lipid–lipid and lipid-protein interactions have attracted great interest over the years, and yet it 

is an evolving field. 

1.1.1 From early models to the modern structure 

The cell was discovered in the XVII century and cell research began with the invention of 

the light microscope, giving access for the first time to the microscopic world. However, it would 
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take another 200 years for the boundaries of the cell to be thoroughly investigated. Charles 

Overton started a series of studies to determine which molecules were able to cross this 

boundary layers 60 and suggested their lipidic nature.  

In 1925, Gorter and Grendel performed some key experiments using a Langmuir trough 

and blood cells 61 and brought up the concept of lipid bilayer, which laid the foundation for 

future membranes models. Nevertheless, the very firsts direct observations of the cell 

membrane were possible only in the 50s, thanks to the improved resolution of Electron 

microscopy (emerged already 20 years before) 62, 63, 64. Yet, the interpretation of the images 

obtained was difficult and naturally influenced by former conceptions of membrane structure. 

In 1972, as a result of the combination of previous models, the fluid mosaic hypothesis was 

formulated by Singer and Nicolson 65. The model depicts biological membranes as 2D dynamic 

structures of proteins and lipids, whose arrangement in domains is driven by thermodynamic 

principles. The importance of hydrophobic forces in determining the arrangement of the 

molecules was also emphasized.  In addition, the model is intrinsically fluid, and predicts the 

lateral distribution of most molecules to be essentially random; however, it also suggests the 

formation of specific clusters (microdomains) 66, 67. The formulation of the fluid mosaic model 

has been nowadays modernized, but it has barely been altered, and it remains the most 

explanatory hypothesis to understand biological membranes 65. 

1.1.2 Membrane components 

Biomembranes are structured as a bilayer of phospholipids (glycerophospholipids and 

sphingolipids) and glycolipids with proteins incorporated. Carbohydrates, which account for 

about 10% of the weight of plasma membranes, are invariably covalently bound to either 

protein or lipid. The relative amount of protein and lipids varies widely. 
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Phospholipids are a class of lipids consisting of a wide range of amphiphilic compounds. 

Glycerophospholipids are the most important type of phospholipids. From a chemical point of 

view, they consist of a glycerol esterified with two fatty acids (tails) and a hydrophilic polar 

head. The polar head is exposed toward the aqueous medium, while the hydrocarbon chains 

are oriented toward the central region of the bilayer. The head may be formed by a choline, in 

the case of phosphocholines, or alcohols such as ethanolamine or serine, or derivatives of 

sugars such as inositol.  The hydrocarbon chains usually consist of between 12 and 24 carbon 

atoms and may be unsaturated or saturated, i. e.  present, or not, double bonds, or may have 

a chain of each type.  Phospholipids can differ a lot in their physicochemical behavior, e.g. vary 

considerably in their interaction with water and in their spreading properties at the air–water 

interface.  A major representative of this category and constituent of animal cell membranes is 

the 1,2-Diacyl-sn-glycero-3-phosphocholine (DOPC) (Figure 2). 

Sphingolipids are another important class of phospholipids, with sphingomyelin (SM) as a 

major representative, which contains sphingosine esterified with choline instead of glycerol. 

Besides, it is relevant to mention cholesterol (Figure 2), pertaining to the category of sterols 

(20−50% of membranes composition) 68, which are membrane fluidity regulators 69. Cholesterol 

is widely abundant in eukaryotic cells and modulates consistently the physical properties of the 

membrane. The molecule is formed by a hydro-carbonated chain and four rigid rings; one of 

them carrying a hydroxyl group that confers amphiphilic character. Given its chemical nature, 

cholesterol does not form a bilayer itself in solution but tends to intercalate among the 

hydrocarbon chains of the membrane, with the hydroxyl group near the phospholipid polar 

head. 
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Figure 2: DOPC and cholesterol molecules. Chemical structure and schematic of their insertion in the 

bilayer. 

 

Among the main components of biomembranes there are also glycolipids, glycoconjugates 

of lipids generally found on the extracellular surface of eukaryotic cell membranes. They help 

maintaining the stability of the membrane and facilitate cell-cell interactions. Gangliosides and 

cerebrosides are two important classes of glycolipids.   

In nature, every type of cell is distinctive: lipids’ identity and their abundance vary widely 

from organism to organism 70, 71, from organ to organ 72, within the same cell 73 (see 72 for a 

review) and between leaflets (Figure 3). 
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Figure 3: Simplified composition of the outer and inner leaflet of the membrane of a eukaryotic cell, 

adapted from Ref. 74. Phosphatidylcholines (PC), sphingomyelin (SM), and gangliosides (GM) are found 

predominantly in the outer leaflet and phosphatidylethanolamine (PE), phosphatidylserine (PS), and 

other charged lipids in the inner leaflet. The charged species are PS, phosphatidic acid (PA), 

phosphatidylinositol (PI), and the PI- phosphate, -bisphosphate, and -trisphosphate (PIPs). 

 

As mentioned earlier, under physiological conditions, most membrane lipids exist in the 

lamellar or bilayer structure. Lipids can adopt different phases and conformations depending 

on their chemical nature, concentration, temperature (and pressure), and solution 

environment. 

Several behaviors have been identified, among which the most common ones are solid or 

gel phase (Lβ or S) and fluid or liquid-disordered (Lα or Ld), but also liquid-ordered (Lo), 

interdigitated (Lβ I or Lβ IT) and ripple phase (Pβ), which arises in intermediate transition states 

and temperature conditions depending on the composition. 

Outer Inner 

> 60 lipid types 
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Figure 4: Effect of the temperature, cholesterol content and degree of unsaturation in the hydrocarbon 

lipid tail on the fluidity of the layer. A temperature rise leads to an increase in fluidity of the bilayer. The 

same effect is observed with high cholesterol (when the lipid layer is in gel phase, otherwise the opposite 

happens) and/or when double bonds are present in the lipidic tail. All these three factors tend to increase 

the distance between the lipid molecules and weaken their capabilities of packing. 

 

Figure 4 provides a simplified picture of the effect of temperature, cholesterol content and 

unsaturation of the lipid chains on the response of the lipids, that originates the phase behavior 

of the bilayer. 

An increase of temperature normally results in the gain of rotational degrees, to which a 

higher fluidity of the membrane follows. Every lipid has a specific transition temperature (Tm), 

required to induce a change of phase in the lipids. The transition gel to liquid–crystalline (or 

chain-melting) phase has probably been the most intensively studied. The gel to liquid–

crystalline phase transition is favored by entropic gain 75, and it is accompanied by a relevant 

lateral expansion and a parallel decrease in the thickness of the bilayer. There is also evidence 

that, upon chain melting, the number of water molecules bound to the surfaces of the lipid 

bilayer increases.  
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The presence of cholesterol is another important determinant of the lipids’ phases; its 

influence on the fluidity of the bilayer depends on the composition of the system and can be 

very complicated. Cholesterol is known to increase the fluidity of gel-phase bilayers and to 

increase instead the rigidity of fluid membrane lipids by intercalating between the molecules. 

The presence of high levels of cholesterol in many eukaryotic membranes, particularly plasma 

membranes, was shown to abolish a discrete cooperative gel to liquid–crystalline membrane 

lipid phase transition in these systems. 

Finally, since the phase of a lipidic system is largely determined by the strength of attractive 

Van der Waals forces, we have to consider intrinsic lipid characteristics. Lipids with longer tails 

will tend to pack better together and consequently decrease lipid mobility. On the contrary, 

lipids with short chains have less interaction area and, at the same temperature, will tend to 

be more fluid. Besides the chain length, transition temperature and thus the lipid phase can 

also be affected by the degree of unsaturation of the lipid tails. The presence of double bonds 

produces a kink in the alkane chain which interrupts the regular periodic structure. The free 

space generated within the bilayer allows higher mobility in the adjacent chains. In general, 

lipids with low melting temperature have short or unsaturated acyl chains (e.g. DOPC, 

Tm=−20ºC) whereas lipids with high melting temperature present long, saturated acyl chains 

(e.g. DPPC, Tm=41ºC, or Sphingomyelin (SM), Tm=~37ºC). 

Embedded into this lipidic matrix there is a high amount of membrane proteins. Proteins 

account roughly for half of the mass of most cellular membranes. Although scientists model 

membranes as a fluid mosaic where proteins can move laterally, in living cells many proteins 

are not free to move and they are anchored in place within the membrane by tethers to proteins 

outside the cell, cytoskeletal elements inside the cell, or both. 

Membrane proteins can be classified in integral and peripheral (see Figure 5 (b) later in the 

text). Additionally, proteins, like lipids, can be glycosylated. 
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Integral proteins are embedded in the lipid bilayer matrix where they establish hydrophilic 

and hydrophobic interactions with their respective lipid counterparts. Among integral proteins 

we underline the category of transmembrane proteins, known to have communication-related 

jobs. Some of these proteins can bind signals, such as hormones or immune mediators, to 

their extracellular portions. Binding normally causes conformational changes in the protein that 

transmit a signal to intracellular messenger molecules. These receptor proteins are specific 

and selective for the molecules they bind.  

Peripheral membrane proteins, on the other hand, are not inserted into the bilayer but are 

associated with the membrane and often bound to other membrane proteins. Some peripheral 

proteins can actually form a network underneath the membrane which provides attachment 

sites for integral proteins. Some other peripheral proteins are secreted by the cell and form an 

extracellular matrix that functions in cell recognition. Peripheral proteins can also be associated 

transiently with the membrane surface through weak interactions and carry on the transport of 

some molecules across the membrane.  

The distribution of membrane components in the bilayer is asymmetric; there can be 

differences between leaflets as well as laterally within the same leaflet. The lateral organization 

is the results of thermodynamically stable configurations leading to preferential packing (lipid 

rafts) described in modern works 67, 76. 

 

 

 

 



19 

 

1.2 Model bio-membranes 

1.2.1 Introduction 

The inherent complexity of biological membranes and their interactions with intra- and 

extracellular networks make direct investigations difficult and motivated the development of 

model systems that can be tailored with great precision 62.  

Simplified model membranes, with known composition and global structure, in the form of 

planar lipid bilayers or vesicles (tethered or in suspension) are widely used to simulate the 

properties of natural membranes and to investigate on specific mechanisms such as 

membrane fusion, proteins interaction or phase behavior of specific components, interactions, 

etc. Such processes are often difficult to study in natural systems, since it is not trivial to obtain 

good natural preparations, and even when that is achieved, it is hard to characterize the main 

actuators involved in a dedicated function.  

Besides, the properties of model membranes and lipid systems can be tuned for diverse 

purposes, such as design of biosensors for membrane proteins interactions and high-

throughput drug screening. New frontiers are open for building biosensors using 

biomembranes-based organic transistors 42. Also in this case, membranes configurations for 

building biosensors can be planar or in the form of vesicles called liposomes. 

1.2.2 Liposomes  

Liposomes are spherical enclosed structures of lipid bilayers that are formed spontaneously 

under certain conditions, due to the amphiphilic character of the lipids used (e.g. when water 

is added to dried layers of phospholipids).  

They can be formed by one or a series of concentric lipid bilayers, so-called lamellae, and 

span variable ranging sizes. According to their size and lamellarity, liposomes are usually 
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classified in: Giant Unilamellar vesicles (GUVs) (1-10 µm), Large Unilamellar vesicles (LUVs) 

(50-200 nm), Small Unilamellar Vesicles (SUVs) (18-20 nm) and Multilamellar Vesicles 

(MLVs). 

The structural characteristics of the vesicle obtained depend on the specific preparation 

method. Conventionally, liposomes are obtained by gently hydrating a phospholipid film with 

the desired buffer. By simply doing that, normally a mixture of SUVs, LUVs and MLVs is 

obtained. For the purpose of synthesizing instead more homogeneous populations of 

liposomes, some extra steps or different procedures are often required. For example, SUVs 

vesicles are obtained by extruding the liposome suspension through a porous filter (100 nm to 

ensure mono-lamellarirty). GUVs instead, can be obtained by electro-formation 77 or inverted 

emulsion method 78. 

Liposomes can be functionalized and loaded with both hydrophilic (in the internal aqueous 

solution) and hydrophobic molecules (inserted in the carbonyl band). They became extensive 

drug delivery platforms with more than 59 patents and 15 lipid based therapeutics approved 

for clinical use 79. They are important structures in the study of membrane permeability and 

allowed a fruitful comparison to the biological membranes. 

Besides being modulated for obtaining various drug delivery systems, the bilayer properties 

of GUVs can be carefully tuned to allow their use as microreactors with confined volume 80 and 

finally, GUVs of different composition can serve as cell model systems 81. 

Liposomes, as compared to extended membranes, have the advantage of being much less 

affected by the presence of the substrate (they anchor the substrate on one side but expose a 

free-standing bilayer on the other), thus, the proteins embedded in these systems are normally 

more stable and can retain their fully functional form. 

Another type of unsupported membranes are the so-called black lipid membranes 82, 83, 84, 

obtained by painting with a lipid solution over a hole in a hydrophobic support separating 

aqueous compartments. The so-formed bilayer is also free standing and thus very fragile 85. 
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1.2.3 Supported lipid bilayers 

Lipid-bilayer membranes supported on solid substrates are widely used as cell-surface 

models, and they are at the intersection between biological and artificial materials. Supported 

lipid bilayers (SLBs) are typically formed by Langmuir transfer to a suitable substrate surface 

or by vesicle fusion. The Langmuir-Blodgett technique 86 consists of depositing successive 

monolayers on a substate by dipping it in a lipid suspension. With this technique, the lateral 

pressure of the layers can be very well controlled and the composition of the different leaflets 

can be tuned to be different.  

SLBs are instead formed by vesicle fusion when LUVs or SUVs suspensions are deposited 

onto a substrate and incubated under certain conditions 87. The time of incubation, the required 

temperature and the concentration of lipids depend upon the vesicle lipid composition and 

surface properties of the solid support 87, 88, which can affect lateral mobility and when present, 

proteins’ functionality. Original methods have been proposed to reduce the coupling with the 

substrate surface. Yet, in the majority of the cases, a trade-off between stability of the 

membranes and the retention of their natural properties is still sought.  

Substrates of choice for bilayers formation normally meet the conditions of hydrophilicity 

and surface smoothness. The former is normally required for a good interaction with lipids 

polar heads, which can be eventually mediated by some water layers (for a better retention of 

membrane’s natural properties) and when requested, by cations or anions in solution, such as 

Ca2+ or Mg2+. Atomically or almost atomically flat surfaces are also fundamental, given the 

small thickness of the bilayers (~ 5 nm), which can present microdomains with height difference 

of less than 1 nm. Given these requirements, the most common substrates used to support 

lipid bilayers are mica (easy to cleave, atomically flat and hydrophilic), glass and SiO2 (with 

similar characteristics). 
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SLBs offer many advantages to an experimentalist, including ease of preparation, stability, 

patterning 89, and the availability of a wide variety of surface sensitive techniques for their 

characterization, among which Atomic Force Microscopy. 

For the simplest cases of study, the composition of model membranes can be simply lipidic 

(mono, bi- or multicomponent). When the composition of the membranes is purely lipidic, the 

most common practice is to extend the bilayers directly on a hydrophilic solid substrate. In this 

case, few water layers (5–20 Å) mediating the membranes-substrate interaction can be 

enough to allow a good mobility and formation of microdomains. 

However, membranes can also be synthesized to contain some proteins or fragments of 

natural membranes 90. This results in sophisticated interfaces that can be used to control, 

organize and study the properties and function of membranes and membrane-associated 

proteins 72. Current strategies for proteins inclusion are the direct incorporation into supported 

lipid bilayers destabilized with detergents 91, 90, or stabilization in surfactant micelles, followed 

by incorporation into lipid vesicles which are later spread on a substrate 92. However, many of 

the surfactants used for protein purification disrupt the membrane so that the incorporated 

proteins are randomly orientated 93. Furthermore, it is difficult to approach the natural 

proteins/lipids molar ratio of 1:5000. 

In the perspective of carrying out more biologically relevant studies, nowadays biomimetic 

interfaces strive to be capable of reproducing the biological function of cell-membrane in vitro. 

Indeed, advances in complexity of membrane models are being sought with respect to 

architecture, size, and composition, accompanied as well by advanced computer simulations 

of their properties and dynamics. Thus, isolation of native membrane fractions directly from a 

cell source, constitutes one of the preferred approaches to achieve complexity, as it provides 

the same lipidic environment found in the native cell, which prevents the possible protein 

denaturation during the insertion into an artificial membrane 94, 95. 



23 

 

When working with membrane proteins spanning the whole thickness of the membranes 

and which domains can extend to several tens of nanometers (i.e. cell adhesion receptors), it 

becomes necessary to space the proteins from direct contact with the substrate, in order for 

them to remain stably anchored to the bilayer and retain their functionality. This can be 

achieved by using ultrathin soft polymer supports 96, 97, e.g. cellulose 98, which mimics the 

intracellular matrix and remove proteins-substrate frictional coupling 99, 100, 101, 102, 103, tether 

molecules 104, 105 or directly lipopolymer tethers 103, linking covalently some of the lipid 

molecules in the proximal monolayer to the substrate and establishing an ion reservoir.  

1.2.4 Strategies for deposition of lipid bilayers on conductive substrates 

Sometimes, it is necessary to obtain lipid membranes on conductive substrates, e.g. for 

building biosensors or perform electrical measurements, for instance by Scanning Dielectric 

Microscopy (SDM), which is the technique of choice for this work of thesis. 

In this case, bilayers cannot be obtained by simple vesicle fusion method, because metal 

surfaces are often hydrophobic and not prone to interact with the lipid heads.  

On materials like gold, titanium oxide and aluminum oxide, zwitterionic lipid vesicles tend to 

adsorb and remain intact on the substrate surface. To overcome this limitation, optimization of 

experimental conditions like ionic strength, pH, osmotic shock or addition of specific peptides 

106 can be attempted to promote vesicle rupture. One can also try to play with vesicle properties 

(size, lipid composition and lamellarity 107). However, given the wide range of experimental 

parameters, it can be difficult to identify the right set of conditions to make a planar bilayer 108. 

Several other approaches have been developed to achieve SLBs extension on conductive 

substrates, including some of the methods previously mentioned, i.e. deposition on ultrathin 

soft polymer supports or tethers. 
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Recently, also solvent-assisted lipid bilayer (SALB) fabrication protocols 108, 109 and dip-pen 

nanolithography (DPN) methods 110, 111 have been proposed. However, these two procedures 

also require the optimization of several parameters 112, which is often difficult. 

Finally, Self-assembled monolayers (SAM) of organic molecules can be used to tune the 

wetting properties and the interface of several metallic materials to promote SLBs formation 

113, 114. Surface hydrophilicity or hydrophobicity can be wisely modified by introducing terminal 

net charges or polar moieties, that will interact with the lipid polar heads. Self-assembled 

monolayers (SAMs) have also emerged as promising tool to mimic the extracellular matrix as 

they can be precisely tailored for specific cell culture applications 115. Additionally, they can be 

incorporated in the fabrication of organic electronic devices, not only enhancing their stability 

and performance, but sometimes also conferring new types of behaviours 116. 

SAMs are molecular assemblies formed by molecule absorption on the substrate in a single 

monolayer, from either the vapor or liquid phase, and are generally organized into quite large 

and ordered domains 117, depending on the incubation time. They can also be patterned on the 

surface in well-defined domains 118, 119. 

In some cases, the molecules that form the monolayer do not interact strongly with the 

substrate  and form two-dimensional supramolecular networks 120. In others, they bind to the 

substrate thanks to a strong chemical affinity; this is, for instance, the case of thiol molecules 

on noble metals. Gold can be an optimal choice to carry out electrical studies, thanks to its 

biocompatibility and outstanding conductive properties. SLBs can be obtained on gold by 

exploiting the well-known chemistry between gold (Au) and sulfur (S), which results in a 

covalent interaction.  

SAMs are the technology selected in the framework of this thesis project to obtain SLBs 

and immobilize liposomes over gold chips for electrical characterization. 
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1.3 Electric properties of membranes 

1.3.1 Conduction and capacitance 

Membranes bioelectrical activity regulates the functions of cells and organisms and it is thus 

one of the most fascinating characteristics of the membranes. The cell membrane possesses 

both capacitive and conducting properties, which determine the transport of several types of 

molecules across this semi-permeable barrier. 

 

Figure 5: Transport phenomena. (a) Passive transport: schematic of membranes permeability to several 

kind of molecules. Small hydrophobic molecules and gases (O2, CO2) can cross the membranes rapidly. 

Small polar molecules (H2O, EtOH) can also pass through the membrane, but they do it more slowly. 

The diffusion of ions and large molecules, i.e. sugars and amino acids, is instead restricted. Transport 

of these molecules relies on specific membrane proteins called transporters (ion channels, carriers), 

which are the main players in bioelectrical activity (b). 

 

(a) 

(b) 



26 

 

Lipid membranes behave like insulators with respect to ions transport, maintaining charge 

separation between the two interfaces. Their very low ionic conductivity is determined by the 

dielectric properties of the lipids, far different from that of the aqueous environment (Figure 5 

(a)). However, when specific proteins are present (e.g. ion channels, transporters), 

biomembranes are also able to establish conduction phenomena. 

The ability of cell membranes to polarize or accumulate charges under the application of an 

externally applied field is reflected in its capacitive, passive properties, reported by the 

dielectric constant (εr) (see following section). 

Instead, the ability of cells membranes to conduct electricity is an active property, which 

exploits membrane proteins called ion channels 121, i.e. responsible for conduction of ions in 

excitable cells like neurons. They normally work under passive conditions, allowing ions to flow 

by simple gradient diffusion. 

To maintain the ionic balance, vital to cell health and maintenance, there are other 

specialized proteins called carriers, able to work against the concentration gradient and thus 

responsible of the active transport. For this reason, they require energy, which we consume in 

all our bioelectrical processes.  

Thanks to membrane barriers and transport proteins, the cell can accumulate nutrients in 

higher concentrations than existing in the environment and, conversely, dispose of waste 

products (Figure 5 (b)). 

The main physical magnitudes involved in these transport phenomena consist of ions 

concentrations inside, outside and at the cell membrane, ionic currents (J), electrical potentials 

(f), conductivities (σ) which give the measure of how much easily an ion move in response to 

an electric field, and dielectric constants (εr) (Figure 6). All these quantities are in general 

space, time, voltage and ligand dependent. 
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Bioelectricity is the study of electrical phenomena taking place in biological systems. Two 

type of phenomena are typically analysed in bioelectricity: the active electrical response of 

cells to chemical or electrical stimulation (active response) 122, and its passive response in an 

external electric field (passive response), (Figure 6). The passive response is measured when 

the cell is considered like a material; an external electric field is applied through a source and 

we can measure for instance the current passing through the system.  

On the other hand, to measure active response a source is not needed; since the system 

itself acts as one, only a meter for recording is required. An active response can be produced 

chemically or using electrical stimulation; for this second case, a source must be also present 

in the circuit (Figure 6). 

 

 

Figure 6: Schematic of an active (a) and passive (b) response measurement. The physical magnitudes 

involved in the bioelectrical phenomena are highlighted, in red the ones of the membrane.  

 

The electrophysiological signal recorded will strongly depend on the composition of the 

membrane and also on its physicochemical conditions that will affect its conducting and/or 

insulating behavior. Our work is mainly focused on the measure of membranes’ passive 

response, even though the possibility of monitoring active responses can be explored. 

(a) (b) 
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1.3.2 The dielectric constant (εr) of the membrane 

When an external electric field is applied to a cell or membrane, its electric dipoles reorient 

according to it and generate an additional electric field that opposes to the external one (Figure 

7). 

 
 
 
 
 
 
 
 
 
 
 
 

 

 
 

Figure 7: Polarization of a membrane by an externally applied electric field. 

 

The overall dipole moment of the membrane is represented by the polarization vector �⃗� . In 

linear systems the polarization is proportional to the internal electric field according to the 

relation: 

 �⃗� =ε0(εr − 1)E⃗⃗  (1) 

where, �⃗�  is the internal electric field, �⃗�  the polarization vector, ε0 the vacuum permittivity 

and εr the relative permittivity of the membrane, also referred to as the dielectric constant for 

low frequencies. 

As can be observed from Eq. (1), a material with high dielectric constant polarizes more in 

response to an electric field than a material with lower electrical permittivity; and hence, it 

screens more the external electric field. 
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The permittivity is treated often as a complex function of the frequency of the applied 

electromagnetic field, as complex numbers allow to include both electric polarization and 

losses (including conduction) in a single magnitude.  

The fundamental equation for the complex permittivity of a material (εr) is given by: 

 𝜀𝑟 = 𝜀𝑟
′(𝜔) − 𝑖𝜀𝑟

′′(𝜔) (2) 

where εr’ and εr’’ are the real and imaginary components, respectively. 

Specifically, the real and imaginary parameters defined within the equation of the complex 

permittivity describe how a material stores electromagnetic energy and dissipates it as heat.  

The processes influencing the material response to a time-varying electromagnetic field 

depend on the frequency and are generally classified as either ionic, dipolar, vibrational, or of 

electronic nature (Figure 8).  

 

Figure 8: Frequency dependence of the dielectric constant: ionic relaxation (kHz) and dipolar relaxation 

(MHz), also referred to as dielectric relaxation, vibrational relaxation (THz), electronic relaxation (PHz). 

 

Ionic polarization processes refer to the general case of a charged ion moving back and 

forth in response to a time-varying electric field; they dominate at low frequencies. Interface 
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polarization (kHz range) happens when charge carriers are trapped at interfaces of 

heterogeneous systems; the Electric Double Layer is a good example of it. Dipolar or 

orientational polarization (MHz - GHz range) originates from the alignment of the permanent 

or induced electric dipoles with respect to an electric field.  This orientation is perturbed by 

thermal noise, and the time required for the dipoles to relax back to the initial conditions is 

determined by the local viscosity. These two factors make dipolar relaxation highly dependent 

on temperature and chemical characteristics of the medium.  

At higher frequencies, we find vibrational processes (THz range), including molecular 

vibrations and associated vibrational-rotation states that are infrared (IR) active.  Finally, 

electronic processes (PHz range) take place in a neutral atom when an electric field displaces 

the electronic density around the nucleus. They include optical and ultra-violet (UV) absorption 

and scattering phenomenon seen across the UV-visible range. 

Although the relative permittivity is in fact a function of frequency, the dielectric constants 

are mostly expressed for low frequency electric fields, where the electric field is essentially 

static in nature. 
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Figure 9: Examples of the relevance of εr in biology. (a) Schematic of the interaction lipid bilayer-ion. It 

is regulated, at long distance, by the dielectric constant of the medium (εmedium), while at short distance, 

by the dielectric properties of the membrane (εmembrane). (b) Propagation velocity in neurons, given by 

the dielectric constant of the myelin sheets (εm) and their thickness.  

 

The dielectric constant (εr) is one of the main actors governing electrostatic interactions in 

biological systems. Electrostatic interactions are fundamental for protein folding and protein 

interactions 22, 123, 124, for clustering of lipid molecules held together in a double bilayer 

configuration and for the integration of all the membrane components with one another 43. The 

magnitude of the dielectric constant determines the strength of such interaction when the 

interacting objects are at very close distance and the medium is no longer present (Figure 9 

(a)). 

Furthermore, the dielectric constant is also an important parameter in electrophysiology, as 

it ultimately determines membranes’ permeability to ions and charged molecules distribution 

into the cell membrane 44, 45. It also affects the action potential generation (charging time) and 

propagation velocity in electroactive cells 46, 47, 48, 49. For instance, the difference in the 
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propagation speed between myelinated and non-myelinated axons in neurons is largely due 

to the dielectric constant of the myelin sheets (Figure 9 (b)).  

Besides, the permittivity also determines the cell’s and membrane’s response to externally 

applied electric fields (dielectrophoresis 125, impedance spectroscopy 126, or electroporation 

127), which can in turn be used to gain information about the system or used in technological 

applications. 

For these reasons, the measurement and quantification of such parameter in biological 

systems is of great interest. 

1.3.3 Bioelectrical measurements 

Technology has been an important driving force for bioelectrical measurements; new tools 

and methods constantly allow us to understand bioelectrical phenomena more deeply. As 

compared to the past, where only very simple apparatuses were available, electronically 

complex source-meters and modern microelectrodes have been developed, together with 

amplifiers and computers to acquire and post-process the information recorded. 

Finally, also microscopes came to play an important role in bioelectrical studies because 

they allow to visualize the structures of interest. The modern set-up for bioelectrical studies is 

composed by an optical microscope coupled to micro-electrodes that can be positioned with 

micrometric precision in/on the membrane of single cells (Figure 10 (a)). Alternatively, planar 

microelectrodes can be exploited, being the cell seated on top of them, and with the cells 

electrical activity being sometimes amplified with in-situ transistors 128, 129 (Figure 10 (b)).  
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(a) (b) 
 

 

 

 

 

 

 

 

 

 

 

Figure 10: (a) Microscopy set-up with micromanipulators (adapted from: Charles river, "Find a Cell Line 

- ChanTest Cell Lines", Accessed on February 2021, <https://www.criver.com/find-cell-line>); (b) 

Microelectrodes array of an EGOFET transistor for extracellular recording (courtesy of A. Kyndiah and 

H. Lozano). 

 

With these setups, intracellular 130 or extracellular 131 electrical recordings can be performed, 

depending on the electrode type and what is to be measured. 

However, to scale down the electrodes to less than ~1 μm is complex and costly, and makes 

parasitic effects to dominate their response; this constitutes a limitation to measure samples 

like membranes, whose heterogeneity is in the nanoscale range, or when addressing small 

scale biological objects like bacterial cells or viruses.  

Nowadays, single channel recording has become experimentally accessible with the 

development of the patch clamp technique, which realized the idea of electrically isolating a 

very small membrane patch, where only very few channels are present, and achieved single 

channel current resolution 132, 133, 134, 135. Yet, the technique still suffers from mechanically 

fragile connections which makes long term recordings extremely difficult, and is in essence a 

blind technique, in the sense that the presence of the ion channel is not visualized previously 

to the measurement. 
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Most efforts in bioelectric technologies have been made to measure the active cell 

response. In these measurements, the main physical quantities involved are electrical 

potentials (either extracellular or intracellular) or ionic electric currents across the cell 

membrane. The most widely known bioelectric recording is the action potential in neurons 136. 

Besides technologies to address the active properties of excitable cells, specific 

technologies to measure the passive properties (e.g. permittivity, εr) have been developed. 

One of such techniques, for the past century, has been impedance spectroscopy (IS), which 

has led to the dielectric characterization of tissues 137, cells 138, synthetic and natural 

membranes 139, 126, 139, 140, 141 and ion channels or upon addition of drugs to the bilayer 142 in a 

non-invasive way. 

Impedance spectroscopy measures the impedance of a system over a wide range of 

frequencies, in order to analyse its frequency dispersion. The measurements are carried out 

normally by placing the object of study (e.g. a membrane, a whole cell or an ensemble of cells) 

immersed in an electrolyte solution, between two electrodes. A small alternating ac potential 

is applied to the system and leads to an ac electrical current flowing through the object, of 

which the amplitude and phase difference are measured. From the ratio of the applied potential 

to the measured current, the impedance is derived. The impedance can be expressed as a 

complex number: 

 𝑍 = 𝑅 + 𝑗𝑋 (3) 

where j=√−1 . The real and imaginary parts of Z describe respectively the resistance (R) 

and reactance (X) and can be represented by equivalent electrical circuit elements. An 

equivalent permittivity including both dielectric properties of the sample and of the interfacial 

regions can be then obtained. Equivalent electric circuits, which are needed to extract the 

object’s electric properties, can be however very difficult to set for complex systems. 
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Impedance measurements 143 have given us the very first evidence that living cells were 

contained by a membrane with low permeability to ions 144. Furthermore, they also provided 

the first estimation of the thickness of a cell membrane 145, 146, which was very close to the one 

determined by electron microscopy three decades later 147. Impedance measurements can be 

carried out on solid supported lipid bilayers, or on suspended bilayers (e.g. black lipid bilayers). 

Since IS allows to resolve different processes of electrical polarization, natural membranes 

can be characterized directly on intact cells, so that each frequency range informs about the 

property of a specific part of the cell (Figure 11). 

 

Figure 11: Impedance spectroscopy measurements of intact cells. (a) Schematic of the setup. A cell is 

introduced between a pair of electrodes to which an alternating voltage is applied. The presence of the 

cell modifies the electric field in that region, this physically imply a modification of the impedance 

between the electrodes 148, 149, 150. (b) Electric polarization processes are resolved in each frequency 

range. Information about size (in the kHz range), permittivity of the membrane (εm), conductivity of the 

interior (σin) and permittivity of the interior (εin) can be extracted  151. 

 

The techniques reported mostly provide averaged values of the electrical properties of 

biological systems. To address systems like heterogeneous biomembranes, it is important to 

resort to characterization techniques with nanoscale spatial resolution. This opportunity is 

provided by Scanning Probe Microscopies (SPMs). 
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2. Nanoscale dielectric 

characterization of membranes 

2.1 Introduction to Scanning Probe Microscopies (SPMs) 

Scanning Probe Microscopies identify an ensemble of techniques which shares a number 

of common features.  They all make use of a sharp probe that scans over the sample surface 

in the x and y direction, thanks to a piezoelectric scanner that changes its geometry with sub-

nanometric precision, according to an applied voltage. The probe-sample distance in the z axis 

is controlled by a feedback-loop, which adapts it as a function of the interaction sensed by the 

probe, maintaining it constant. The movement of the z piezo is recorded and correlated with 

the X, Y position of the tip. By doing so, SPMs can access to the sample surface topography 

at the nanoscale and sometime even sub-nanometer length scales. Besides topography, 

SPMs can be customized to measure a number of physical and chemical properties of the 

sample. 

SPMs techniques differ from each other depending on the interaction they probe, which has 

to be recorded at a typical distance and can benefit from operating in different modes, i.e. 

applying a feedback on different quantities. Some SPMs techniques can also image different 

interactions simultaneously. 

The properties recorded are later displayed as images, where every pixel returns the 

measured quantity at that specific position on the sample surface. The spatial resolution 

approached varies from technique to technique and from sample to sample.  

In the case of membranes, for instance, mechanical properties such as force of rupture, 

adhesion, Young modulus; electrical properties such as electrical conductivity, surface charge, 

dielectric constant; or chemical properties such as material composition can be provided with 
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a resolution down to the nanometric level. Every of these properties is given by a physical 

interaction and reveal local characteristics of the sample.  

Since the implementation of the first SPM, named Scanning Tunnelling Microscope 152, SPM 

has proved to be an invaluable tool of investigation in all areas of science starting from solid 

state physics to molecular biology.  

The invention of the STM triggered the development of the Atomic Force Microscope a few 

years later 153 and a series of ground breaking results in various fields, all based on the strength 

of SPM techniques to work under natural ambient conditions with resolutions down to the sub-

nanometer scale.  embrane’s understanding grew exponentially. 

2.2  Atomic Force Microscopy (AFM) 

2.2.1  Introduction to AFM 

Atomic Force Microscopy is an SPM technique that senses the short-range dipolar forces, 

e.g. Van der Waals forces of attraction, or short range repulsion forces between the sample 

and a sharp probe (Figure 12). The AFM probes has a long, micrometric cantilever 

accessorized with a sharp tip located at the extremity, which interacts with the sample. The 

interaction force between the sample and the tip induces the bending of the cantilever that can 

be measured by an optical detection system called photodiode, although some kind of samples 

(turbid liquids) require a different approach 154, 155. The change in cantilever deflection as the 

probe approaches the surface is measured as a voltage difference by the photodiode (Δ ). 

The cantilever deflection in length units can be calculated by simply dividing for the sensitivity 

(m), extracted from a mechanical approach curve over a stiff surface. Hooke’s law allows to 

further transform deflection in force (N):  

 𝐹 = 𝑘 × 𝛥𝑉 (4) 
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where k (N/m) is the equivalent spring constant of the lever.  

AFM can work with both conductive and insulating samples and can be operated both in air 

and liquid conditions (and also in vacuum). The probes can be made of insulating or conductive 

materials and are easily available from probe manufacturers. Usually, AFM is used to image 

the topography of the sample, as well as to determine its mechanical properties through force 

spectroscopy measurements. The mechanical properties of supported lipid membranes have 

been largely investigated by AFM 156, 157, 158, 159. The development of high-speed AFM 160 

provided access to their dynamics and allowed to visualize processes never observed before 

161. 

 

Figure 12: (a) Schematic illustration of the AFM set-up. (b) Interaction landscape as a function of the tip-

sample distance. Van der Waals attractive force felt by the cantilever as the tip approaches the surface; 

the lever deflects downwards, then it comes in physical contact with the surface (Z0) and deflects 

upwards. In liquids the presence of charges can make electrostatic force to dominate over van der Waals 

forces and short-range repulsive force can also be observed. 

2.2.2  AFM topography scanning modes 

The topography of the sample can be obtained by operating the AFM in different modes. 

The optimal mode to select depends mostly on the probe we are using and the sample to be 

imaged. 
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We recall that the Van-der-Waals force is attractive, but repulsive forces of a different origin 

appear when the tip gets in close contact to the sample surface (Figure 12 (b)). According to 

which part of the force is sensed in the AFM experiment, different operation modes were 

developed. 

AFM images obtained operating in the close contact repulsive region are acquired in 

Contact mode, whereas, when working in both repulsive and attractive region (or intermittent 

contact region), one refers to Dynamic or Amplitude Modulation mode. 

In contact mode, the deflection of the cantilever is kept constant by a feedback loop, that 

adjusts the piezo movements in response to changes of a magnitude dictated by the user (set-

point). This value can be chosen to be higher or lower, depending on how much pressure do 

we want to exert on the sample. Ideally one would like to work at set-point close to 0, avoiding 

that way any damage of the sample. The topography is displayed as z piezo displacement, as 

the probe scans the surface. 

In Dynamic mode instead, the cantilever is mechanically excited to oscillate at its 

mechanical resonance frequency. The amplitude of the oscillation is precisely detected by 

measuring the oscillation of the photodiode signal with a lock-in amplifier, which selects the 

signal, in this case the amplitude, only at the resonance frequency. The measured oscillation 

amplitude is finally used to drive the feedback that keeps the distance between tip and sample 

constant. Therefore, one defines a set-point for the amplitude smaller than the oscillation 

amplitude out of contact (free oscillation amplitude), that is maintained during the scan by the 

feedback control-circuit. 

Apart from the amplitude that is used to measure the sample topography, the lock-in also 

acquires the phase shift of the cantilever oscillation with respect to the excitation signal for 

every image point. This phase image gives access to additional material properties like the 
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stiffness of the sample or the local adhesion. These properties allow the detection of changes 

in the material composition, which cannot be discriminated from the topography. 

Usually, suitable cantilevers for Dynamic mode have slightly higher spring constant (k~1 

N/m or more) than the ones used for Contact mode, and higher resonance frequency (fres>10 

kHz). This parameter is especially important when it comes to liquid measurements where the 

resonance frequency drops by about 50% due to hydrodynamic drag. 

However, Dynamic mode is particularly suitable for the measurement of soft biological 

samples like bio-membranes since the interaction can be tuned to be much softer. 

Furthermore, there is no lateral force present during scanning, which could lead to 

modifications of the sample as in the case of contact mode.  

To further lower the interaction with the sample, one option is to use the non-contact or 

Frequency Modulation mode, which is similar to Dynamic mode, but with the tip never 

contacting the sample and being maintained in the attractive regime of the van der Waals force. 

Another difference, stands in the fact that changes of the resonance frequency are measured, 

usually using a Phase lock loop amplifier (PLL). The resonance frequency changes slightly as 

the tip is very proximal to the sample surface (in attractive regime) and at that point the piezo 

elongates or retracts to maintain the cantilever at its resonant frequency. However, because 

the frequency of oscillation of the cantilever can both increase or decrease as we approach 

the sample (depending on if we are in attractive or repulsive regime), sometimes this mode is 

very difficult to operate when the objects are heterogeneously high (as in the case of cells), 

because the tip can crash easily. 

In all modes, the minimum detectable force is limited by the thermal motion of the cantilever. 

These modes are parametric, in the sense that observables like amplitude, phase or frequency 

shift, recorded at every position on the surface, are later related to mechanical properties by 

some analytical theory 159.  
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Finally, it is worth to mention the Force Spectroscopy imaging mode, in which one tip-

sample approach curve per pixel is acquired, giving access to the topographical information 

and mechanical properties of the sample simultaneously.  

Once the contact point (CP) in each curve is identified, topography is obtained. The 

mechanical properties are instead extracted from the approach or the retraction curves, 

depending on which is the physical magnitude of interest. The most common fitting model is 

the Hertz model 162, to extract local Young’s Modulus of the sample from approach curves, 

while adhesion maps are generated by displaying the adhesion force from the retraction curve 

163. 

Force spectroscopy is widely used for studying supported biomembranes 164, 165, 166, 167, 168. 

Force-distance based modes have been also extended to molecular recognition 169 and 

composition mapping 156, 157, 159. Force spectroscopy is nowadays improved in speed, i.e. 

images can be acquired in less than a minute, thanks to faster scanners and close loop 

systems. Consequently, drifting problems are reduced, and the mode can be even applied to 

materials that encounter some sort of degradation over time. Furthermore, as the images can 

be acquired faster, the number of pixels can be increased giving access to smaller 

heterogeneities of the sample. Recently, given also the massive improvements of computer 

processors and in data storage, the so-called Force Volume modes are rising. They are multi-

dimensional modes that allow to acquire a wide range of physicochemical properties at the 

same time while sweeping the z distance 159.   

Given these advantages and the fact that force-distance based modes are very suitable for 

imaging high, heterogeneously shaped objects, they are widely applied for imaging tissues 170 

and intact cells 171, 172, 173, 174, 175. Additionally, the force resolution achieved can be excellent 

(in the piconewton range). However, sometimes the lack of reliable methods to identify the 

contact point in the case of soft materials and the lack of accurate analytical expression to 
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describe the contact mechanics quantitatively, makes the technique difficult to apply to the 

study of such systems.  

2.2.3  High-speed AFM 

Biological processes happening on the membranes like protein-protein recognition and lipid 

domains formation and rearrangements are fast (on the millisecond scale). No AFM could 

follow them until the development of the high-speed AFMs, among which highlights the setup 

by Toshio Ando 176.  

But what does the technology developed to achieve such high imaging rates consists of? A 

first, easy thing to guess, refers to fast scanners. Consequently, very high resonant frequency 

tips (in the MHz order) were required since it is always necessary to record few cantilever 

oscillations cycles per pixel, to allow the lock-in to work properly. Commercially available 

cantilevers were far away from such resonance frequencies, and thus the idea of scaling them 

down until they could reach that range. Fast ultrashort cantilever with resonance frequencies 

in air of ~2 MHz and k=0.2 N/m are now available.  

Optical beam deflection (OBDs) systems were adapted consequently. Fast amplitude and 

phase detectors have been developed, capable of detecting the amplitude and phase signal 

every oscillation cycle of the cantilever, that for high-speed cantilevers can be less than a μs. 

Fast PID controller were also incorporated, together with active dumping techniques for the 

z scanner, to remove effects due to hydrodynamic pressure and unwanted vibrations.  

The final response time is actually controlled by the limited response speed of all the devices 

abovementioned, which are contained in the feedback loop, and by the time delay due to a 

parachuting effect. This effect is due to the fact that when a piezo-actuator is driven for a long 

time, its temperature increases and the free oscillation amplitude decreases. Thus, the 
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feedback system misinterprets the situation and withdraws the stage from the cantilever tip. 

The delay is due to the time taken to reapproach the sample. 

The high-speed set-up presents overall an increased feedback bandwidth due to the 

development of these fast response devices, which allows to acquire tens of images per 

second.  

2.3  Scanning Dielectric Probe Microscopies 

After the invention of SPM in the 80s, several SPM-based electrical techniques have been 

developed to achieve dielectrical characterization of biological samples at the nanoscale, 

simultaneously to their structural properties. This task was extremely challenging since the 

local signal to detect is very weak in comparison to non-local contributions (Figure 13) as well 

as topographical artifacts 177. 

However, new instrumentation among which wide-bandwidth low-noise current amplifier 

and lock-in detection, and new measurement approaches to resolve local capacitance finally 

allowed these methods to rise. In particular, the measurement of the local signal was achieved 

by considering not the capacitance itself, but its variation (ΔC) or the derivative (dC/dz). 

 

Figure 13: Capacitive contributions arising from different parts of the probe. The total capacitance is 

given by C = Capex+Ccone+Ccantilever+Cstray.  
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Scanning Dielectric Probe Microscopies complement the electrical measurements with 

theoretical methods and calibration procedures for their accurate quantification.   

2.3.1  Current and Force-sensing techniques 

Scanning Dielectric Probe Microscopies can be divided into two categories: current-sensing 

and force-sensing techniques. In currents-sensing dielectric techniques, the measured 

quantities are alternating currents, which flows from the substrate to the tip and carry 

information about the electrical properties of interest. The AFM probe, which has to be 

conductive, is used here as a nanoelectrode displaced with nanometric precision, either in 

contact with the surface or not (which is possible for ac currents), and which can be vertically 

controlled by using a force feedback. Among the current sensing techniques we find ac current 

sensing Atomic Force Microscopy (AC-AFM) 16, 20, 178, Scanning Capacitance Microscopy 

(SCM) 179, 180, Nanoscale Impedance Microscopy (NIM) 181 and Scanning Microwave 

Microscopy (SMM) 17, 23, 182, 183. 

In comparison to current-sensing, force-detection is easier to implement, since it does not 

require low-noise wide bandwidth current detectors or microwave network analyzers, and 

thanks to the high sensitivity of the cantilever to force variations, it can achieve much higher 

spatial resolution. 

In force-sensing techniques the physical magnitude measured by the probe is an electric 

force. This force correlates with different electric properties of the sample, depending on the 

mode of operation. Generally, force-sensing techniques are based on the application of a 

voltage of the form  (t)=  C  ACcos(ωelt) between a conductive A   probe and the sample’s 

conductive substrate. When such potential is applied, the probe feels an electrostatic force that 

can be expressed as: 
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where VCP is the contact potential (due to difference in the work function between tip and 

sample or/and trapped charges) and dC(z)/dz is the derivative of the capacitance or 

capacitance gradient. The expression above can be expanded obtaining the following three 

components: 
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The first term corresponds to a “static”  C bending, and two more harmonics are obtained 

at frequencies ωel and 2ωel respectively. The electrostatic force of the 2ωel component is often 

referred to as the capacitive force. 

Depending on the component recorded, different electric force modes have been 

developed, such as Kelvin Probe Force Microscopy (KPFM) 18, 184, Scanning Polarization Force 

Microscopy (SPFM) 185 and Scanning Dielectric Microscopy (SDM). Sometimes these modes 

are referred generically as Electrostatic Force Microscopy (EFM). 

In the following section, SDM will be described in detail since this technique was chosen 

to carry out the present work of thesis. 

2.3.2  Scanning Dielectric Microscopy (SDM) in air 

Scanning Dielectric Microscopy is based on the detection of the attractive electric force that 

arises between a conductive probe and the sample under the application of a voltage or the 

ac current flowing through it, as described before, with the purpose to characterize the 
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dielectric properties of materials. Scanning Dielectric Microscopy in force-sensing 12, 15, 19, 186, 

187, 188, 189 was largely preferred over its operation in current-sensing 13, 14, 20, because of 

increased electrical and lateral resolution of the technique. Force-detection SDM can be further 

divided into DC-SDM or AC-SDM, depending on whether the static or oscillatory contribution 

is measured. 

DC-SDM is performed by applying a dc voltage 19 and recording the static deflection of the 

cantilever, which provides a lower electrical resolution as compared to dynamic modes. 

Furthermore, in addition to dielectric properties, it is sensitive to surface potential changes (see 

Eq. (6)) that should be carefully taken into account, and to thermal drift and instabilities and it 

is therefore more difficult to implement. In the AC-SDM mode, an ac voltage is applied and ac 

forces down to the piconewton can be detected, corresponding to few zeptoFarads in 

capacitance.  Among the two harmonics generated by the application of the probe/sample ac 

voltage, the second harmonic is chosen, because it only contains contributions from the 

derivative of the capacitance, which contains information about the dielectric properties, and 

not the contact potential term. It is important to underline that the electrical oscillation frequency 

has to be selected far below the mechanical resonance frequency of the cantilever, to avoid 

convolution of the response with unwanted contributions coming from the mechanical 

response of the cantilever. 

 

 

 

 

 

 

 

Figure 14: (a) SDM setup for air environment. (b) Modalities of the electrical pass: constant height and 

lift mode. 
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 SDM is most often a two-pass mode technique which is generally operated line by line. A 

first topographic line is acquired most often in intermittent contact mode, without electric field 

applied to the tip. Afterwards, the same line is retraced with the tip lifted and scanned at a 

certain distance from the substrate, with no mechanical oscillation, but with the ac potential 

applied. This second pass can be performed in lift mode, re-tracing the topography of the 

sample, or constant height (off-feedback mode) (Figure 14). In the first case, the tip keeps 

varying its distance with respect to the conductive substrate, generating different and non-local 

contributions from the probe. This introduces topographic cross-talk effects 190 that must be 

carefully taken into account. For this reason, constant height mode is normally preferred. The 

z-scanning height of the second pass is measured from the sample surface at the beginning 

of each line. This justifies why topographical and electrical scans are alternated line by line, to 

reduce the error introduced by thermal drift.  

Figure 15: (a) Examples of topography and electric image of a test sample consisting of a SiO2 and an 

Al2O3 pillar on silicon doped substrate (courtesy of Shubham Tanwar, PhD in the Nanoscale Bioelectrical 

Characterization group at IBEC, Barcelona). (b) Profiles of the images along the dashed lines; both 

pillars display a positive dielectric contrast with respect to the metallic substrate. This feature is typical 

of SDM images in air. Example of a mechanical approach curve (top) and electrical approach curves 

(bottom) on the substrate and each of the pillars are shown in (c). 
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During the second pass, the oscillation amplitude of the cantilever at two times the 

frequency of the applied voltage is recorded by the lock-in and displayed as an image (for raw 

data in Volts, commonly referred as R) (Figure 15 (a), bottom image). The electrostatic force 

detected, and thus the capacitance, depends on X, Y, Z-distance and correlates with the 

dielectric properties of the sample (εr). 

In an SDM experiment, the acquisition of the electric images is complemented by approach 

curves on the conductive substrate, recorded before and after imaging. As the tip approaches 

the surface, with the ac voltage applied, the distance-normal deflection of the cantilever is 

recorded in parallel to the 2ω electrostatic force component.  hese electrical curves are 

needed for calibrating the probe geometry and to exclude possible potential losses or 

modifications of the tip geometry along the measurements. Besides, the curves are used to 

accurately determine the z-scan height, which can slightly differ from the nominal value. 

Electrical approach curves can also be directly acquired on the specimen of interest, or, in the 

case of highly heterogeneous samples, they can be reconstructed by using a set of dielectric 

images recorded at different z-scanning distances (Figure 15 (c), bottom graph) 191. 

SDM images and curves only give qualitative information about the dielectric properties of 

the material. Quantification and mapping of the dielectric constant at the nanoscale is only 

achieved when calibration procedures and theoretical methods complement the SDM 

measurements 177. In this case the technique exploits its full potential, and it is properly termed 

Scanning Dielectric Microscopy (SDM). 

From the measurements, as the raw data (2ω tip oscillation) comes out of the experimental 

setup in Volts, the derivative of the capacitance in Farad/meter can be directly obtained through 

the formula: 

 𝜕𝐶(𝜔)

𝜕𝑧
 = 

2√2

𝜈𝑎𝑐
2 ×k×

(𝐴2𝜔 − 𝐴2𝜔,𝑜𝑓𝑓𝑠𝑒𝑡)

𝑚 × 𝐺
 

(9) 
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where k is the cantilever equivalent spring constant, m is the sensitivity (V/nm), G is the 

lock-in gain and vac the RMS amplitude value of the voltage applied to the tip. 

To proceed with the determination of the nanoscale dielectric properties of the sample, an 

accurate theoretical model of the probe-sample capacitance is needed. However, the simple 

parallel plate model normally used for macroscopic measurements is not accurate for a tip-

sample geometry and no analytical expressions are available, other than the ones to describe 

a probe interacting with a plane metallic surface 192, or with ultrathin to thin (<10-50 nm) wide 

dielectric layers 187. For this second model, the exact values of applicability always depend on 

the probe size and geometry, but as a rule of thumb, for the formula to be applicable, the film 

thickness should not be larger than the tip radius, and the width two/three times more than 

that. Only in this case the film can be approximated to be laterally infinite and the capacitive 

contributions (apex, cone, cantilever), are reminiscent of the expressions valid for metallic 

substrates introduced by Hudlet et al. 192.  

Outside these simple cases, numerical modelling, although it is time consuming, is required 

to precisely describe the probe sample electrostatic interaction 12 (Figure 16). To obtain a 

capacitance model of the probe-sample system, the corresponding electrostatic problem must 

be solved. The total electrostatic force acting on the probe can be obtained by integrating the 

Maxwell stress tensor on the probe surface. The capacitance first derivative is then given by 

the relationship (with a factor 2 if DC simulations are done, 4 for AC and 8 for modulated AC): 

 𝑑𝐶

𝑑𝑧
=

2𝐹𝑝𝑟𝑜𝑏𝑒,𝑧

𝑉2
 

(10) 
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Figure 16: (a) Schematic of the tip/sample model and relevant parameters: Macroscopical parameters 

of the cantilever (L, W, H), tip radius (R), half cone angle (θ), geometrical parameters of the sample (h, 

Rav) and scanning distance with respect to the sample surface (Z). (b) Potential distribution calculated 

with the model in (a). Parameters of the simulation: R=20 nm, θ=15º, h=60 nm, Rav =2000 nm, εr,sample=4, 

Z=60 nm. The geometrical parameters and permittivity simulated coincide with the values for a SiO2 

pillar like the one reported in Figure 15. 

 

Each part of the probe has a different impact on the total electrostatic force depending on 

the tip-surface distance, Z; close to the surface, the tip radius will dominate, while at far 

distances (~100 nm), the cone and the cantilever geometry will give the greater contribution.  

It is important to note that the impact of the cantilever on the derivative of the capacitance is 

usually a constant offset (C’offset) 15. This explains the preference of working with dC/dz 177.  

To start the quantification, at first, the actual tip geometry needs to be calibrated (in situ 

before and after the measurements), since the probe-sample electrostatic interaction strongly 

depends on it. Calibration is achieved by fitting tip-sample approach curves on the clean, 

conductive substrate to a set of curves generated with the theoretical model for different 

combinations of R and θ, in order to identify the one optimizing the fitting 13, 193 (Figure 17 (a)). 

The macroscopic parameters of the cantilever are fixed to their nominal values ( = 2.5 μm, 

 =  μm, and L=  μm). 
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Besides, the electrostatic interaction also depends on the sample topography, which can 

be rather complex 188. A realistic geometrical model of the sample has to be built up in the 

finite-element simulator. Relatively simple models can be used for planar samples like oxide 

thin films 187 (as the ones reported in Figure 15), polymer blends 194, 195 and lipid bilayers 20, or 

non-planar samples with simple geometries, such as, macromolecular protein complexes 27
, 

22, liquid droplets 185, nanoparticles 12, whole bacterial cells 24, viruses 196. However, for more 

complex shapes, the actual measured topography can be directly imported to the theoretical 

model 26. 

    By using the appropriate model, a table of theoretical curves can be generated for the tip 

geometrical parameters previously obtained and different values of the dielectric constant 

(Figure 17 (b)). The experimental curves acquired on the sample are thus compared to such 

set of curves, now with εr as the only fitting parameter. 

Figure 17: Fitting procedure of experimental data to theoretical curves for the example reported in Figure 

15 (SiO2 pillar). (a) The experimental electrical approach curve on the substrate (empty symbols) is 

compared to a table of calculated curves (continuous lines); for clarity, only curves simulated for θ=15º 

and R=10-50 nm is displayed. (b) A set of curves calculated with R and θ obtained by the fitting in (a) 

for different εr of the sample (continuous blue lines). The experimental curve acquired on the sample 

(empty symbols) is compared to the simulated table; εr~4 is obtained for silicon oxide, in agreement with 

literature. 
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By extension of this mode of operation, SDM force-distance curves can be recorded in an 

area of the sample (matrix of pixels), providing a spectroscopic imaging mode called Force-

Volume SDM. 

When the sample under analysis is high and topographically complex and its electric 

properties are nanometrically heterogeneous, as it is the case of intact cells, electrostatic force-

volume modes can constitute a formidable advantage as compared to the ordinary way of 

performing experiments, based on few curves and constant height images. Scanning dielectric 

force microscopy in force-volume mode (SDFVM) was recently implemented 26, and the first 

ever permittivity maps of a sample containing silicon oxide pillars, bacterial flagella and 

bacterial cells were obtained. The bacterial cell interestingly displayed three characteristic 

equivalent dielectric constant values, (εr,bac1 = 2.  ± 0.2, εr,bac2 =  .  ± 0.  and εr,bac3 = 4.9 ± 0.5), 

representative of the cell wall and its heterogeneities, as well as of the cytoplasmatic region.  

Although some aspects of the technique are still to be improved, like its spatial and temporal 

resolution, this mode of operation has the further advantage of allowing statistical studies, 

which lead to a more precise determination of the geometrical parameters of the probe. 

Besides, SDM in force-volume mode can probe dielectric properties up to certain depths, 

although nano-tomographic reconstruction methods, currently not available for general 

systems, would be required to obtain depth information. 

In conclusions, SDM in air is a very effective technique, able to provide nanoscale 

information on the local dielectric properties of materials and among them biomembranes. The 

dielectric constant of DOPC lipid patches, purple membrane patches and cholesterol crystals, 

which are some of the main membrane components, were precisely quantified at the 

nanoscale in air, providing the values 1.9±0.2, 3.3±0.3 and 2.3±0.1 respectively 19, 20, 21. 
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The technique has the advantage of being label-free and non-invasive (because the images 

can be recorded far from the surface); furthermore, information on the composition can be 

obtained through the dielectric constant, used as physicochemical reporter. 

However, the study of bio-membranes, and in general of biological samples, becomes 

meaningful when such systems are immersed in liquid environment, which allows them to 

retain their fully functional form and biological activity. Note that biological processes occur not 

just in water, several other molecules are needed for biological entities to perform their 

activities (salts, buffers, ligands, etc…).  

A lot of effort has been made in the last years to push forward electrical characterization 

techniques, and among them Scanning Dielectric Microscopy, to liquid operation in 

physiological conditions.  

Most of the difficulties encountered are due to the presence of ions in the solution, that 

under the application of a voltage, lead to the formation of the electric double layer (EDL) which 

completely screens the electrical signal, provokes surface stress effects on the cantilever and 

can promote electrochemical reactions producing large parasitic electrical currents 197. 

The approaches currently available to perform electrical SPM measurements in solution are 

Scanning Electrochemical Microscopy (SECM) 198, Scanning Ion Conductance microscopy 

(SICM) 199 and in-liquid Scanning Dielectric Microscopy (SDM) 28, 50, which was successfully 

implemented to work in liquid environment. Each of these techniques addresses different 

properties. 
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3. In-liquid Scanning Dielectric 

Microscopy (SDM) 

3.1 Introduction 

Assessing the nanoscale dielectric properties of biomembranes in electrolyte solutions is 

fundamental to understand a broad variety of electric phenomena associated with them, as we 

have seen in the previous section.  

Among the techniques used to characterize the dielectric properties of membranes at the 

nanoscale and in liquid environment, we find  spin paramagnetic resonance (SPR) 5, 6 and 

functional fluorescence microscopy 7, 8, 9. The latter is probably the most used for membranes 

studies. Several environmentally sensitive probes have been synthesized to obtain, at least 

qualitatively, information on lipids permittivity in liquid 10, 11. Yet, effective quantification of the 

dielectric constant is not possible or reliable, because the polarization is affected in a complex 

way by many parameters and comprehensive theoretical treatments are lacking. Fluorescence 

microscopy and SPR are not label-free, as they make use of endogenous labels that could 

affect the structure and the properties of the membranes. 

In parallel to these experimental measurements, estimation of the dielectric properties of 

biological systems has also been attempted using computer simulations, where the effective 

electrical permittivity is calculated from molecular dynamics simulations 200, 201. Nevertheless, 

these studies must be complemented by experimental evidence. 

Scanning probe microscopy approaches based on double layer interaction forces have 

been used to characterize membrane surface charges and membrane dipole potentials at the 

nanoscale and in liquid 202, 203, 204. The information is contained in a very small distance range, 

where other forces can come into play, e.g. Van der Waals 205. The static nature of these 

measurements makes a precise quantification of the membrane dielectric constant difficult 
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because both, charges and membrane dielectric polarization, influence the electrostatic forces 

measured. 

Dielectric properties of membranes were also probed by nanoscale dielectrophoretic force 

microscopy and spectroscopy (DEPFM) 206; however, it was not possible to estimate the 

dielectric constant with sufficient accuracy because dielectric contributions were convoluted 

with topographic effects.  

SECM 198 and SICM 199 were applied to map local electrochemical potential and surface 

charges respectively, but none of the two is informative about the dielectric constant of the 

specimen under analysis. 

In conclusion, no technique has succeeded in quantifying the dielectric constant of 

biomembranes with nanoscale spatial resolution and electrolyte solutions, without ambiguities 

in data interpretation, other than in-liquid Scanning Dielectric Microscopy 29.  

The resolution of the technique allowed the in liquid characterization of features down to 

~50 nm in diameter 30. Studies on DPPC lipid patches 29,  in agreement with macroscale 

measurements 10, 11, 140, 141, evidenced how the dielectric constant obtained for the DPPC 

bilayer (εr,DPPC ~ 3.2) was larger than the value usually quoted for the hydrophobic part of lipid 

bilayers (εr ~2) 29. The results suggested that the interfacial polar headgroups contributed 

significantly to the measured dielectric response 207, and importantly, that membranes 

permittivity also determines their interface with water 208. 

Interfacial water has been demonstrated to exhibit smaller polarizability as compared to bulk 

one (ε ≈  0)  because the rotational freedom of water dipoles decreases near surfaces 33. This 

structuring of water layers near surfaces is of extreme importance in biology 209, 210, 211, 212, 213, 

214 and it determines the strength of water-mediated intermolecular forces, which in turn affects 

phenomena such as surface hydration, ion solvation, molecular transport through nanopores, 
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chemical reactions, lipid bilayer fusion 141 or in the correct insertion and folding of membrane 

proteins 215 and macromolecular assembly 216, 217, 218.  

The properties of lipids that can affect the hydration of the membranes are not only their 

chemical identity or the presence of net charges on their group heads, but also their phase 

behavior, which reflects in different packing properties and it is temperature dependent. 

The possibility of using the dielectric constant as a reporter of such properties paves way 

to use in-liquid SDM to achieve label-free mapping of bio-membranes, as it will be shown in 

Chapter 4. 

3.2  In-liquid SDM  

Some fundamental changes are required to operate SDM in liquid environment, as 

compared to its operation in air. First of all, from the point of view of the measurements, the 

frequency of the applied voltage needs to be above the dielectric relaxation frequency of the 

electrolyte solution, typically in MHz range, in order to “freeze” the dynamics of the EDL which 

preclude the locality of the measurement 28. The exact critical frequency at which locality is 

achieved strongly depends on the ionic concentration of the medium 28, 29.  

When the electric double layer is fully established, the signal results completely screened, 

with no electrostatic force acting on the tip apex. Most of the applied voltage drops over the 

interfacial capacitance of the probe, whose impedance at these frequencies is much higher 

than the one of the solution. The high frequencies also help in eliminating the surface stress 

phenomena 219, 220, 221. 

We note that, in the MHz frequency range, the dielectric constant is sensitive to electronic 

polarization of the material and to dipolar polarization of small molecules free to follow the ac 

electric field applied (e.g., water molecules). Therefore, static or quasistatic effects associated 

to surface charges (space charge layer), pH, ionic strength of the solution (bulk electrolyte 
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conductivity effects197) or dc applied potential are not likely to affect the measurements 222. This 

holds true as long as the measuring distance is far from the Debye screening length, to avoid 

double layer interactions 28.  

At such MHz frequencies of operation, commercially available cantilevers are not able to 

oscillate, but they do bend statically, due to the quadratic dependence of the force on the 

potential applied. However, recording this static bending normally presents a poor signal to 

noise ratio. 

The strategy adopted to increase it, relies on the modulation of the high frequency (MHz), 

at low frequencies (in the kHz range), so that its detection can be done much more precisely 

28. This mode of detection is called heterodyne detection. 

With this trick, as the frequency is progressively elevated to the MHz range, electric contrast 

is recoverd in the dielectric imge. The frequency maximizing the signal depends on the tip but 

mostly on the ionic concentration in solution. Higher ionic concentrations requires higher 

frequencies of operation.  

Overall, the amplitude modulated voltage takes the following form: 

 𝑣(𝑡) =
𝑣0

2
(1 + cos(𝜔𝑚𝑜𝑑𝑡))cos (𝜔𝑡) (11) 

Where ν0 is the amplitude of the applied voltage. The modulation frequency, fmod=(ωmod/2π), 

is chosen much smaller than the resonance frequency of the cantilever, fres, to ensure an 

almost frequency-independent mechanical amplitude response of the cantilever. 

Eq. (11) is equivalent to: 

 𝑣(𝑡) =
𝑣0

2
cos(𝜔𝑡) +

𝑣0

4
cos[(𝜔 − 𝜔𝑚𝑜𝑑)𝑡] +

𝑣0

4
cos [(𝜔 + 𝜔𝑚𝑜𝑑)𝑡] (12) 

which contains three harmonics at ω, ω-ωmod and ω+ωmod.  
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For frequencies in the MHz range and modulation frequencies in the kHz range, the three 

harmonics are in the high frequency range. Therefore, only high frequency electric properties 

are probed. 

The corresponding force generated on the probe by applying such time dependent voltage 

between a cantilever and the substrate is given by (at high frequencies):  

 
𝐹(𝑡) =

1

4

𝑑𝐶

𝑑𝑧
[𝑣(𝑡)]2 

(13) 

where F is the force, dC/dz is the derivative of the capacitance and ν the voltage. 

By substituting Eq. (11) in Eq. (13), it becomes evident that the electric force has several 

harmonics: 

 
𝐹(𝑡) =

1

8

𝑑𝐶

𝑑𝑧
𝑣0

2 {
3

4
+ cos(𝜔𝑚𝑜𝑑𝑡) +

1

4
cos(2𝜔𝑚𝑜𝑑𝑡) +

3

4
cos(𝜔𝑡)

+ cos[(𝜔 + 𝜔𝑚𝑜𝑑)𝑡] + 𝑐𝑜𝑠[(𝜔 − 𝜔𝑚𝑜𝑑)𝑡]

+
1

4
𝑐𝑜𝑠[(𝜔 + 2𝜔𝑚𝑜𝑑)𝑡] +

1

4
𝑐𝑜𝑠[(𝜔 − 2𝜔𝑚𝑜𝑑)𝑡]} 

(14) 

In the expression, all the force harmonics, including the low frequency ones at dc, ωmod and 

2ωmod, are generated by the high frequency voltage (note that all of them are proportional to 

the amplitude of the high frequency potential, v0). Five of them are located at high frequencies, 

well above the resonance frequency of the cantilever, and cannot be detected because 

strongly suppressed by the mechanical response of the cantilever. The remaining three terms 

are dc, ωmod and 2ωmod; they are at lower frequencies and can be detected. 

 he first harmonic, ωmod, is selected since it provides higher signal to noise ratio and can 

be shown to be independent from the dc voltage 222, and only dependent from the capacitive 

gradient. 

Experimentally, the magnitude measured is the oscillation amplitude of the cantilever at the 

modulation frequency,  𝐴𝜔,𝑚𝑜𝑑/𝑚𝐺  , where 𝐴𝜔,𝑚𝑜𝑑 is the amplitude measured by the lock-in 
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detector (in Volts), m is the photodiode sensitivity (in Volts/nm) and G the lock-in gain (in V/V). 

The ac force (in N) is obtained as: 

 
𝐹𝜔,𝑚𝑜𝑑 =

𝑘

𝑚𝐺
(𝐴𝜔,𝑚𝑜𝑑 − 𝐴𝜔,𝑚𝑜𝑑 𝑜𝑓𝑓) 

(15) 

where k is the equivalent spring constant of the cantilever and Aω,mod off represents any small 

offset, almost negligible, present in the lock-in detector.  

Combining Eq. (15) and the term 𝐹𝜔,𝑚𝑜𝑑 =
1

8

𝑑𝐶

𝑑𝑧
𝑣0

2 , coming from the harmonic expansion in 

Eq. (14), one obtains: 

 𝑑𝐶

𝑑𝑧
= 𝛼8𝑘(𝐴𝜔,𝑚𝑜𝑑 − 𝐴𝜔,𝑚𝑜𝑑 𝑜𝑓𝑓)/ 𝑣0

2𝑚𝐺 
(16) 

In order to account for uncertainties in the actual potential drop between the tip and sample, 

and on the remaining parameters appearing in Eq. (16), a multiplicative factor, α, determined 

during the system calibration has been introduced 30. 

Eq. (16) is the expression used to determine the experimental capacitance gradient values. 

Overall, the relation between raw data and the capacitance gradient is a multiplicative factor, 

i.e. it is just a change in the scale of the vertical axis. 

3.3 Set-up and imaging characteristics 

To cope with the changes required for the implementation of SDM in liquid, the set-up needs 

to be modified with respect to the one used for air measurements, as shown in 28, 30.  

The lock-in amplifier in this case sends its output signal (~2 kHz) as the modulation input 

signal to a function generator, used to send the high frequency voltage to the tip (Figure 18). 

The modulation of the vertical deflection of the cantilever is recorded and set as the input for 

the lock-in amplifier to be able to detect the first harmonic of the tip oscillation. 
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Figure 18: (a) SDM in liquid set-up. The ac voltage excitation at MHz is amplitude modulated at angular 

frequency in the kHz range. The high frequency is required to achieve locality, and the low frequency 

one to achieve a high signal to noise detection. (b) Examples of a dielectric image of DOPC lipids in 

liquid, showing reversed contrast as compared to the case of air, and electrical approach curves on the 

substrate (black) and in the centre of the lipid patch (red). 

 

When imaging in liquid, few characteristic features differ from imaging in dry conditions. In 

contrast to air measurements, where the electrostaic force increases steeply and only at quite 

close distances from the surface (<100 nm), electrical approach curves in liquid display a more 

gradual increase and the force is still felt at several hundreds of nanometers or even 

micrometers from the substrate.  

At short distances, the force depends on the sample dielectric properties at the high 

frequency of the voltage. The shape of the electrical curves at close separations reflects the 

dielectric behaviour of the material they are acquired on. Small differences in the sample 

properties, either thickness or dielectric constant which affect the ratio ℎ 𝜀𝑟,𝑠𝑎𝑚𝑝𝑙𝑒⁄ , are 

magnified by the high relative dielectric constant of the solution (𝜀𝑟,𝑠𝑜𝑙~78). For this reason, 

imaging in liquid provides relatively large capacitance gradients, which are in the range of ∼ 1 

aF/nm, while in air they are in the order of ∼0.01 aF/nm. This feature of in liquid imaging allows 

to operate with small voltages, as required to avoid electrochemical surface reactions. 
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Furthermore, the measuring frequency is chosen according to the ionic concentrations of 

the media 50. Indeed, increasing the ionic concentration implies increasing the measuring 

frequency accordingly, in order to keep it beyond the relaxation frequency of the electrolyte 28. 

In-liquid SDM measurements can be performed at frequencies below 100 MHz for 

concentrations up to 10-20 mM. For higher ionic concentrations, GHz frequencies become 

necessary 17. 

SDM in liquid media also displays an inverted contrast between sample and substrate with 

respect to the case of air. This is basically due to the nature of water, having a relative 

permittivity of ~78, much higher than the one of air (εr~1) and normally also higher than that of 

the sample under analysis. Simulations predict that the contrast in liquid can be reversed when 

conductive systems are considered (i. e. liposomes filled with buffer). 

3.4  Modelling 

The quantification procedure of the dielectric permittivity goes more or less following the 

steps developed for the case of air measurements, where the theoretical values of the 

capacitance gradient have to be compared to the experimental data.  

Theoretical modelling is required since the capacitance and resistance of the solution are 

distance dependent, and thus the exact geometry of the AFM probe (i.e. cantilever, cone, apex) 

has to be considered. Much of the complexity of the problem comes from the high dielectric 

constant of the solutions (εr ~ 80), for which the physics of the models used for the numerical 

simulation has to be modified with respect to the one used for dry environment 29. Furthermore, 

the presence of water and ions in solution causes their absorption on the surfaces exposed to 

the electrolyte (Stern layer) and their uptake in the EDL. 

These effects are considered by introducing in the modelling two capacitances, one around 

the tip (ctip) and one on the substrate (csubstrate) 28, 29, 30, 31. Each of these capacitances account 

for the presence of the compact or Stern layer capacitance, cStern, 223, 224, 225. The cStern 
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determines the charge that is accumulated at the metal/electrolyte interface per unit of voltage 

applied. While the diffusive layer should depend only on the potential and on the electrolyte 

type and its concentration, as different materials can have different contact potential, the 

properties of the capacitive layer at the interface can be slightly affected. At the same time, the 

interfacial (Stern/Helmholtz) capacitance does not only depend on the material properties, but 

also on its roughness. 

For convenience in the force evaluation, the interfacial capacitance on the tip is modelled 

by a thin insulating layer of thickness dins and relative dielectric constant εins, equivalent to an 

interfacial capacitance ctip= ε0εins/dins 
30. The interfacial capacitance on the substrate is 

modelled, instead, by a distributed capacitance boundary condition 28, 30. The specific 

capacitances forming at the probe-liquid and substrate-liquid interfaces have a strong impact 

on the shape of the dC/dz vs Z-distance curves, as reported in 30. 

Specifically, when the tip and sample capacitances are smaller, the system capacitance 

gradient (force) at short tip-sample distance gets reduced and the curves tend to bend 

downwards. The opposite happens if we consider, for both ctip and csample, large capacitances 

(> 00 μ cm−2) that make their contribution negligible. This feature easily allows to get an idea 

about the magnitude of the interfacial capacitances in the measurements. At long tip–sample 

distances the capacitance gradient is not sensitive to these capacitances anymore, 

demonstrating the locality of the measurements.  

The sensitivity to ctip is smaller than that to csample due to the tip-plane geometry, however 

its effect cannot be neglected when csample becomes comparable or higher than ctip 
30. 

The formation of these two capacitances on the probe and sample surface cannot be 

avoided by applying a high frequency field and their presence highly increase the complexity 

of the quantification. Evaluating the Stern layer capacitances in reality is a tricky issue, due to 

their complicated dependence on the surface chemistry, solution properties and frequency.  



63 

 

The use of numerical simulations of realistic tip/sample models is necessary to precisely 

model the frequency, tip-sample distance and ionic concentration dependence of the electric 

force and determine the appropriate operation range to access local information of the sample. 

The theoretical data are numerically calculated by integration of the electrostatic part of the 

Maxwell stress tensor in the frequency domain on the surface of the insulating layer coating 

the tip, for both dielectric and conductive material 30. Cantilever parts are not included in the 

calculations, but their contributions are considered as a phenomenological capacitance 

gradient offset, C′offset.  

In the simulations a pure ac sinusoidal voltage of frequency ω and amplitude 𝑣0,𝑠𝑖𝑚 is used, 

and the force at the ω harmonic, 𝐹𝜔,𝑠𝑖𝑚 is calculated. The relation between this force amplitude 

and the capacitance gradient can be shown to be: 

 𝑑𝐶

𝑑𝑧
=

4

𝑣0,𝑠𝑖𝑚
2 𝐹𝜔,𝑠𝑖𝑚 

(17) 

Eq. (17) is the expression used to calculate the theoretical capacitance gradient values. 

The model can be schematized as follows in (Figure 19 (a)), where the two capacitances at 

tip-liquid and sample-liquid interfaces are introduced. 
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Figure 19: Modelling in liquid. (a) Schematic of the tip/sample model. The number of parameters has 

increased as compared to the case of air. Besides R and θ, also ctip and csubstrate must be determined. 

The sample here is assumed to be a lipid patch with height (h), lateral extension (2Rav) and permittivity 

(εlipid). (b) Voltage potential distribution generated in liquid conditions for a layer of h=5 nm Rav=2500 nm 

and εr=3. Other parameters of the simulation: R=20 nm, θ=20º, Z=20 nm, ctip =1.8 μF/cm2 and csubstrate 

= 4.5 μF/cm2. 

 

The voltage potential distribution highlights that, although the overall signal in water is much 

higher as compared to air, and thus measurements in liquid are greatly favoured, this comes 

at the cost of a reduced lateral resolution of the measurements (Figure 19 (b)). In liquid, the 

electrical field lines extend quite far from the tip, which probes areas that are several times 

wider than its radius. In air, instead, they are much more focused around the tip region and 

guarantee a higher spatial resolution. This finite size effect, which is prominent in liquid, is a 

pure electrostatic effect due to the high permittivity of water 30, 31. This effect does compromise 

somehow the achievable spatial resolution, which still can be below ∼100 nm. The reason why 

such high spatial resolution can be obtained is related to the use of the force detection mode, 

which is sensitive to the probe–sample capacitance gradient, rather than to the capacitance. 

3.5  Quantification procedure 

The quantification procedure was adapted from the case of air 13, 19, 20 as reported in recent 

works 29, 30, 31 . The capacitance gradient curve over the substrate is used to fit theoretical 

curves in order to obtain the parameters R, θ, C′offset and this time also ctip, csubstrate. At first sight, 
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the fitting might look highly multiparametric, however, some assumptions can be made to 

restrict the possible combinations. The half cone angle in fact can be actually fixed to the 

nominal value, because there is normally not much error as compared to the value reported 

by the manufacturer. The curve gets multiplied for the normalization factor α, that serves to 

achieve a good fitting given the angle nominal value. 

The value of ctip can be determined by fitting approach curves made with gold coated tips 

on a clean gold substrate imposing ctip = cgold 30. The range of values obtained for the gold 

coated tips normally used within this thesis work is around 2-  μ cm−2. The same holds true 

then for csubstrate, when the sample is directly supported on metal.  With these assumptions, the 

tip radius and the offset C′offset, are the only parameters really left to determine. However, when 

the sample is not directly extended on a conductive substrate, csubstrate must be also determined 

in addition. This is the case for lipid bilayers supported on SAMs, for which electrical 

characterization has been carried out 30; the window of values provided depends on the length 

of the molecule and its polarization properties (cSAM = ε0εSAM/dSAM) 30.   

Once the tip geometry is calibrated and the capacitance of the interfaces are extracted, the 

dielectric constant of the sample can be obtained by fitting to the experimental curve (or curve 

reconstructed by planes) the simulated ones, with its dielectric constant as the only fitting 

parameter. The results provided through this quantification procedure are robust, as shown by 

31, 32. 
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4.  In-liquid SDM of sub-100 nm 

Heterogeneous Lipid Bilayers Patch 

samples 
 

After having introduced the properties of biomembranes, the need to address their 

nanoscale dielectric properties, the techniques available and some examples of application to 

monocomponent samples, we have extended the application of in-liquid SDM to the case of 

lipid bilayer mixtures with a heterogeneous composition. To this end, we have considered a 

system made of DOPC and DOPC 1:1 and addressed the dielectric properties of each 

component, demonstrating that cholesterol reduces the specific capacitance of the 

biomembrane. 

This chapter reproduces almost literally the article: Cholesterol Effect on the Specific 

Capacitance of Submicrometric DOPC Bilayer Patches Measured by in-Liquid Scanning 

Dielectric Microscopy. Langmuir 36, 12963–12972 (2020), by Di Muzio, M., Millan-Solsona, 

R., Borrell, J. H., Fumagalli, L. and Gomila, G. 31. 

My contribution to this work consisted in performing the experimental measurements (from 

sample preparation to image acquisition) and data analysis using a custom-written Matlab 

code written by R. Millan-Solsona and earlier members of the group. The manuscript was 

written in collaboration with my supervisor G. Gomila and the other authors. 
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4.1  Introduction 

 

 

 

 

 

 

 

 

 

 

Figure 20: Schematic representation of the in-liquid SDM setup in force detection mode 28, 29 applied to 

supported lipid bilayer patches of different composition (DOPC and DOPC:cholesterol), adsorbed on a 

functionalized metallic substrate. 

 

The specific capacitance of biological membranes determines the charge per unit of area 

that accumulates on their sides in response to a membrane voltage difference 226. As we have 

mentioned earlier, it constitutes a key physical parameter in bioelectricity, since it determines 

the ions and charged molecules partitioning into the cell membrane and the very low 

membrane ionic conductivity 44, the charging time and propagation velocity of action potentials 

226, the voltage thresholds for cell membrane electroporation 127 or the level of screening in the 

electrostatic interaction of biomolecules with cell membranes 227. It also determines the cell 

response to external electric fields relevant in bioimpedance measurements 228 and in 

electrokinetic techniques such as dielectrophoresis 229 or electrorotation 230.  
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We recall that the specific capacitance of membranes depends on their thickness, dm, and 

electric polarization properties (i.e. its relative dielectric constant, εm), through the relationship 

cm=ε0εm/dm, where ε0 is the vacuum permittivity. Any factor affecting any one of these two 

parameters (thickness and/or dielectric constant) influences the value of the membrane 

specific capacitance. Examples include the membrane composition 231, 232, 233, phase state 234, 

235, 236 , temperature 236 or solution pH 237, among others. The specific capacitance is then, as 

stated previously, a powerful physicochemical membrane reporter, with the main advantage 

with respect to environmental sensitive fluorescence probes 10, 238 or spin paramagnetic 

resonance probes 6, 239, 240, of being determined by intrinsic properties, and, hence, not 

requiring exogenous probes.  

Cholesterol is known to modulate the physicochemical properties of biomembranes, but its 

effect on the specific capacitance of biomembranes has not been fully established yet. 

Cholesterol (chol) is the main sterol biosynthesized by animal cells and its presence is 

essential for many membrane’s associated processes since it can modulate membrane 

properties such as lipid diffusivity, stiffness or dipole moment 241 . Cholesterol has been 

reported to increase 231, 242, 243, 244 or decrease 245, 246, 247 the specific capacitance of 

biomembranes, and in some cases an increase or decrease depending on the cholesterol 

concentration 248. These discrepancies have been attributed, most often, to sample preparation 

methods (e.g. presence of solvent on the bilayers), but, also, to a limited accuracy and 

reproducibility of existing measuring techniques 249.  

We have mentioned that a variety of electrical techniques and methods have been 

developed over the years to measure the specific capacitance of biomembranes. Expanding 

on what said earlier, for natural cell membranes, one finds electrorotation measurements on 

single suspended cells 250 and current/voltage time varying measurements with micropipette 

electrodes attached to cells 251, 252 or to cell detached membrane patches 253. For synthetic 

membranes (such as model lipid bilayers), measurements have been mostly performed by 

current/voltage time varying techniques on membranes suspended on small apertures (e.g. 
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black lipid bilayers) 254 or supported on planar solid electrodes 140, 255 (see Ref. 249 for a review). 

Efforts have been devoted to reduce uncertainties related to poor estimations of surface area 

in cells with complex geometries 253 or with membrane corrugations 252, to better control the 

area of suspended model membranes 256 and to reduce the presence of defects in supported 

membranes 247. We have also highlighted in the introduction that some efforts have also been 

devoted to increase the spatial resolution of the measuring techniques by resorting to scanning 

probe microscopic techniques 257, and that among them, Scanning Dielectric Microscopy 

(SDM) played a main role. We recall that SDM is a scanning probe technique that combines 

either current-sensing Atomic Force Microscopy 20 or Electrostatic Force Microscopy 12 with 

analytical or numerical theoretical models 12, 14, 187 to extract the capacitance at the nanoscale. 

This technique, in force detection mode, has also been demonstrated in the liquid environment 

(in-liquid SDM) 28, and has been previously applied it to the study of thin dielectric films 28 and 

monocomponent supported lipid bilayers patches 29 in electrolyte solutions.  

Here, we exploit the full potential of in-liquid SDM to study the effect of cholesterol on the 

specific capacitance of supported lipid bilayers patches. With its high spatial resolution, in-

liquid SDM has the unique capability to be able to compare in-situ the dielectric properties of 

heterogeneous samples containing bilayer patches with different cholesterol content. To 

demonstrate it we considered 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) bilayer 

patches with and without cholesterol. DOPC is a double unsaturated homoacid phospholipid 

and is one of the main components of eukaryotic cell membranes. This lipid is in a liquid 

disordered phase (Ld) at room temperature (TDOPC=−20ºC) and is responsible for the fluid 

nature of cell membranes, a ubiquitous property in signal transduction, transport and cell 

adaptation. 
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4.2  Materials and methods  

4.2.1  Sample preparation 

Metallic substrates. We used flat gold substrates produced by the mica replica method 

(MicroFab Space, IBEC), functionalized with self-assembled monolayers (SAMs) made of 2-

Mercaptoethanol 99.0% (Sigma-Aldrich). The SAMs were prepared by incubation of the gold 

substrates in a 1 mM solution of the thiols overnight at 2-8 ºC, protecting the vial from light, 

and from oxidation by a nitrogen flow. Gold was selected for its excellent conductive properties, 

while the alcoholic moiety terminating the thiol molecules was selected to make the surface 

more hydrophilic, promoting the interaction with the lipid polar heads and the formation of intact 

bilayers from liposomes. 

 

Lipid bilayer patches samples. DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) and 

DOPC:cholesterol (50% concentration) bilayer patches were formed on the gold functionalized 

substrates by the liposome fusion method. For the preparation of the liposomes chloroform 

and methanol, HPLC grade, were purchased from Sigma Aldrich; high purity water (18.2 MU 

cm) was obtained with a Milli-Q water purification system (Millipore); DOPC specified as R99% 

pure, was obtained in powder form (Avanti Polar Lipids, Merk) and used without further 

purification. The DOPC liposomes were prepared as follows: DOPC was first dissolved in 

chloroform/methanol (3:1) (v/v) solution to a final lipid concentration of 10 mM. Then the solvent 

was evaporated under a nitrogen stream with constant rotation of the vial. The vial was kept in 

vacuum for 6-8 hours to ensure the absence of organic solvent traces. The dry lipid was then 

resuspended in distilled water at ~60ºC to its final concentration of 0.1 mM. The liposomes 

were spontaneously formed under these conditions and stored at 2ºC-8ºC, always protected 

from light, and used within 1–2 days. The DOPC:cholesterol liposomes were prepared in a 

similar way. Cholesterol was dissolved in chloroform at a concentration of 10 mM. 5 μL of 

DOPC stock solution and 5 μL of chol stock solution, both 10 mM, were then mixed in a vial 
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and sonicated in ice for 5-10 minutes to ensure disintegration of possible cholesterol 

aggregates, homogenization of the components and inclusion of cholesterol in the lipid bilayer 

(chol is expected to completely dissolve in fluid-like liquid disordered (Ld) lipid bilayers like 

DOPC ones).  he solvent was evaporated as previously detailed and the ‘lipid film-cake’ was 

rehydrated with 1 mL of Milli-Q at about 60 ºC, to a final lipid concentration of 0.1 mM. The 

liposomes formed were stored at 2-8 ºC, protected from light and used within 1-2 days. For the 

monocomponent   PC sample, a drop of  0 μL of the   PC liposome suspension was added 

to the gold substrate at room temperature (25 ºC) and incubated for 30 min at 60 ºC. The 

concentration, temperature and deposition time were selected to ensure the formation of lipid 

bilayers only partially covering the surface (bilayer patches). Afterwards, the substrate was 

rinsed several times with water to remove the excess of vesicles in suspension. For the mixture 

sample containing DOPC and DOPC:cholesterol bilayer patches, first  0 μL of pure   PC 

liposome solution and then  0 μL of   PC:cholesterol 1:1 liposome solution were 

subsequently added to the substrate with an intermediate rinsing step to remove any non-

adhered DOPC liposome. This sample preparation procedure was used to prevent 

mixing/fusion of liposomes of different types. The reduced lipid mobility on the functionalized 

gold substrate and the selected deposition conditions lead to the formation of isolated lipid 

bilayer patches of the two components (otherwise a homogeneous DOPC:cholesterol bilayer 

would be formed). Four different samples have been analysed in the present study containing 

respectively DOPC patches, DOPC:cholesterol patches (data not shown), DOPC and 

DOPC:cholesterol patches (1/1) and DOPC and DOPC:cholesterol patches (3/1). 

4.2.2 In-liquid SDM measurements 

In-liquid SDM measurements were done by following the methodology described in Ref. 28, 

and described in the previous chapter. Specifically, we used an amplitude modulated ac 

voltage ( )( ) ( )0 mod( ) 2 1 cos cosv t v t t = +  applied between a conductive AFM cantilever probe and 

the gold substrate in liquid in a Cervantes commercial AFM system (Nanotec Electronica S.L.). 
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The applied voltage had amplitude 0.75 V, electrical frequency 5 MHz and modulation 

frequency 6 kHz, and was applied with an external waveform generator (model No. 33250A, 

Agilent Technologies) combined with an external lock-in (LockIn 204/2, Anfatec Instruments). 

The low frequency value (~6 kHz) was chosen to be well below the resonance frequency of 

the probes in liquid (~35 kHz). The high frequency value (~5 MHz) was chosen to be larger 

than the dielectric relaxation frequency of the electrolyte in the drop used to perform the 

experiments (estimated to be in the hundreds kHz's) and to provide the best signal to noise 

ratio (in the MHz range the frequency response of the external electrical circuit can affect the 

signal reaching the tip-sample gap).  he oscillation amplitude at the ωmod frequency, Aωmod, 

was measured with the lock-in amplifier. The measured oscillation amplitude was converted to 

capacitance gradient values trough the relationship 30 ( )
mod mod

2

, 08 offdC dz k A A v m = −  

where 
mod ,offA is the lock-in offset, k the spring constant, m the photodiode sensitivity and α is 

a renormalization factor close to 1, which accounts for the potential losses in the electric 

circuitry due to the use of frequencies in the MHz range and to inaccuracies in the 

determination of the photodiode sensitivity and spring constant 30. Raw data corresponding to 

the dC/dz curves reported in this chapter are shown in the Supplementary Information (Figure 

31). We used HQ:NSC19/Cr-Au gold coated AFM probes (MikroMash) with a spring constant 

in the range 0.05 - 2.3 N/m, calibrated using  ader’s method.  opographic and dC/dz images 

were acquired in the two-pass mode line by line, with the topography being recorded in 

conventional intermittent contact mode (with no potential applied) and the dC/dz image in 

constant height mode in off-feedback with the potential applied and with no mechanical 

oscillation applied. The tip-substrate distance in the electrical images was set larger than ~100 

nm to ensure non-contact with the sample and to be safely larger than both the Debye 

screening length and the range of the van der Waals interaction, which were estimated to be 

at most ~20 nm from the approach curves. The image acquisition settings (set point, scan 

speed and gains) were chosen to optimize the electrical images rather than the topographic 

images, which in some cases produced topographic images with underestimated thicknesses. 
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As in previous works 12, 15, 20, 28, 29 approach curves (N=10) were measured on selected 

positions of the sample (typically on the bare substrate and on the centre of large membranes 

patches)  to calibrate the tip geometry, determine the SDM imaging distances, the lipid bilayer 

specific capacitances and the substrate and tip interfacial capacitances. The approach speed 

of the approach curves was typically ~300 nm/sec. For each sample a large area image was 

first acquired, followed by one or two successive zoom-ins until the desired areas were 

identified. In these areas, electrical images at three different tip-substrate distances were 

acquired. Further imaging was prevented by tip contamination, probably enhanced by the 

applied electric potential. 

4.2.3  Finite element numerical calculations  

Finite element numerical calculations. We quantitatively analysed the dC/dz curves 

following the methodology applied in Refs. 12, 29, and earlier works, by solving the currents 

model implemented in the AC/DC Electrostatic module of COMSOL Multiphysics (Comsol 

Inc.). For frequencies beyond the dielectric relaxation frequency of the electrolyte, this model 

is equivalent to a quasi-static dielectric model (Poisson's model), and it correctly describes in-

liquid SDM measurements 30, 197. The probe was modelled as in previous works 12, 15, with the 

difference that an interfacial capacitance that takes into account ion adsorption, the reduced 

dielectric constant of water near a surface 33 and other interfacial effects was added to it  as 

schematically shown in the inset of Figure 22 (d) 30. Briefly, the tip consists of a conical tip of 

height H and half cone angle θ ended with a tangent sphere of radius R. The indirect cantilever 

contribution was included by adding a disc of thickness W and radius H tan(θ)+L, sitting on top 

of the cone as discussed in Ref. 189. The interfacial capacitance around the tip was modelled 

by a physical dielectric layer of thickness dtip and dielectric constant εtip (ctip=ε0εtip/dtip). The use 

of a physical dielectric layer for the tip, rather than a distributed capacitance 28, 29, facilitates 

the integration of the Maxwell stress tensor to calculated the force, as discussed elsewhere 30. 

In most calculations we kept fixed dtip=2 nm and only varied εtip. The lipid bilayer patches were 
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modelled as a dielectric disc of radius Rm, thickness dm and dielectric constant εm 

(corresponding to a specific capacitance cm=ε0εm/dm). To represent the functionalized electrode 

interface, a distributed capacitance, csub, was assumed on the substrate 29. For the thicknesses 

of the lipid bilayers, the electric force acting on the tip only depends on their specific 

capacitance (as we see from the simulations reported in Figure 21).  

 

Figure 21: Dependence of the capacitance gradient as a function of the radius of the membrane patch 

for different values of the membrane thickness dm and dielectric constant εm that correspond to the same 

value of the membrane specific capacitance cm. For the range of thickness considered, the capacitance 

gradient is only dependent on the value of the membrane specific capacitance. The parameters of the 

simulations are the ones later extracted from the quantification of our experiments and reported in Table 

1. Tip-sample distance, Z=101 nm. 

 

The electric force acting on the probe was determined by integration of the Maxwell stress 

tensor over the conical part of the tip (integration on the cantilever was avoided to reduce the 

numerical noise). Direct cantilever effects were modelled phenomenologically through a 

constant offset, C'offset  
30. Capacitance gradient approach curves were calculated by varying 

the tip-bilayer patch distance in the geometrical model, while capacitance gradient lateral 

membrane size dependent curves were obtained by keeping the distance fixed and varying 

the radius of the lipid bilayer patch. 
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Extraction of the specific capacitance of the lipid bilayer patches. To extract the 

specific capacitance of the lipid bilayer patches we followed a similar approach to the one 

detailed in Ref. 29, with  the modifications discussed elsewhere 30 and introduced in the previous 

chapter. We calibrated the tip geometry using dC/dz curves on the metallic substrate, as in 

previous works 12, 15, 189. Here, the fittings were done by keeping the half cone angle, cone 

height and cantilever thickness fixed to manufacturer values (H=12.5 μm, W=3 μm, θ=21º) and 

fixing the tip interfacial capacitance within the range ctip~2-4 μF/cm2. 30 The voltage reduction 

factor, α, was fixed from the long-range part of the dC/dz curve to give the set half cone angle 

30. Their values were very close to one (α=1-1.02). The cantilever length was kept to L=3 μm, 

which is a reasonable value to include indirect effects with a disc cantilever model 189. The 

result of the fitting process provided the tip radius, R, the substrate interfacial capacitance, csub 

and the capacitance gradient offset, C'offset. With the obtained parameters, we calculated 

capacitance gradient approach curves on the lipid bilayer patch with radius, Rm, and thickness, 

dm, and fitted them to the experimental approach curve measured on the centre of the lipid 

bilayer patches, with the dielectric constant of the membrane, εm, as the single fitting 

parameter. As mentioned above, for the lipid bilayer thicknesses (< 10 nm) the fittings were 

sensitive to only the lipid bilayer specific capacitance, cm, which is the value we reported. The 

analysis was done with a custom-made software written in Matlab (Mathworks inc.) linked to 

the COMSOL Multiphysics software. 

4.3  Results: specific capacitance of sub-100 nm lipid bilayer patches 

Figure 22 (a) shows an Atomic Force Microscopy (AFM) topographic image of DOPC bilayer 

patches supported on a flat gold substrate functionalized with 2-Mercaptoethanol in Milli-Q 

water.  
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Figure 22: (a) AFM topographic and (b) in-liquid SDM dielectric images, respectively, of DOPC bilayer 

patches on a functionalized planar gold substrate in Milli-Q water. In-liquid SDM experimental 

parameters: equivalent spring constant 0.45 N/m, applied voltage amplitude 0.75 V, frequency 5 MHz, 

(a) (b) 

(d) 

(c) 

(e) 
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modulation frequency 6 kHz, tip-sample distance Z=101 nm. (c) Height (black line) and capacitance 

gradient (red line) profiles along the dashed lines in (a) and (b), respectively. (d) Capacitance gradient 

approach curves measured on the bare substrate (grey circles) and on the centre of the largest DOPC 

patch (olive circles). Continuous lines represent a least square fitting of theoretical curves calculated 

with the model shown in the inset to the experimental data. The extracted parameters are listed in Table 

1. The black and olive square symbols correspond to the capacitance gradient values on the substrate 

and centre of the largest DOPC bilayer patch in (b), respectively, from where the tip sample distance is 

obtained. (e) (black symbols) Capacitance gradient values measured on the centre of the DOPC bilayer 

patches in (a) as a function of the effective patch radius (defined from the circles in (a)). The grey 

symbols represent representative values on the substrate. (continuous lines) Theoretical dependence 

of the capacitance gradient as a function of the radius of the DOPC bilayer patch obtained with the 

model in the inset in (d). The parameters used in the calculations are those obtained from (d) and listed 

in Table 1 for DOPC. 

 

The DOPC bilayer patches have been formed from the deposition of the respective DOPC 

liposomes (see Materials and Methods). A height profile measured along the dashed line in 

Figure 22 (a) is shown in Figure 22 (c) (black line). The membrane patches along the profile 

are ~4.2 nm thick (see also histogram analysis in Figure 23).  

 

Figure 23: Histogram analysis corresponding to the topographic image in Figure 22 (a). Note that the 

imaging acquisition settings have been selected to optimize the electrical imaging, not the topography.  

 

This value is in agreement with thickness values reported for solid supported DOPC patches 

by AFM 258 (~4.2 nm) and quantitative Differential Interference Contrast Microscopy (qDIC) 259 

(~4.1 nm), and slightly smaller than the steric thickness measured on unilamellar vesicles by 
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Small Angle Neutron Scattering (SANS) or Small Angle X-Ray Scattering (SAXS) 260, 261 (~5 

nm). The lateral sizes of the patches range from few micrometres down to ~200 nm. 

Figure 22 (b) shows an in-liquid SDM image of this sample obtained at 5 MHz in constant 

height mode at a height Z=101 nm (see Materials and Methods for details and the Additional 

Information section for images at different tip-substrate distances). It shows variations of the 

electric force, represented here through the capacitance gradient, dC/dz (see above, Refs. 12, 

28 and Materials and Methods). The in-liquid SDM image reveals the presence of the DOPC 

bilayer patches down to lateral sizes ~200 nm. The contrast in the SDM image shows an 

excellent signal-to-noise ratio (up to ~2.7 aF/nm signal for a noise floor of ~0.05 aF/nm, see 

capacitance gradient cross section profile in Figure 22 (c), red line). This excellent contrast 

has been achieved by enlarging on purpose the tip radius by scratching the tip on a bare clean 

substrate prior to its use. The contrast in the SDM image is negative indicating that the 

dielectric constant of the bilayer patches is smaller than that of the electrolyte solution 

surrounding them, similarly to what observed earlier for DPPC bilayer patches on highly doped 

silicon substrates  29. 

The quantitative extraction of the specific capacitance of the bilayer patches has been done 

by measuring capacitance gradient, dC/dz, versus distance curves on the bare substrate and 

on the centre of the largest membrane patch (grey and olive circles in Figure 22 (d), 

respectively), and by fitting to them theoretical capacitance gradient approach curves 

numerically calculated with the model in the inset of Figure 22 (d), following procedures 

developed in previous works (see Materials and Methods). Here, in the model we included an 

interfacial capacitance to the tip, ctip, necessary when dealing with metallic substrates to 

account for the adsorption of ions, the reduced dielectric constant of interfacial water 33 and 

other interfacial effects (see Materials and Methods for further details). The fitted curves are 

shown by continuous lines in Figure 22 (d), and the parameters extracted are summarized in 

Table 1 for two characteristic values of the tip interfacial capacitance, namely, ctip=2 μ /cm2 

and   μ /cm2 . 30 The fittings have been made down to distances ~20 nm. Below this distance 



79 

 

other interactions due to van der Waals forces or the presence of diffusive space charge layers 

may enter into play, which are not included in the theoretical model. The agreement between 

the theoretical and the experimental curves is excellent. The specific capacitance of the DOPC 

bilayer patch obtained is cDOPC~0.7-0.8 μF/cm2, which is in reasonable agreement with values 

reported for similar lipid bilayers measured free from solvent contributions by means of 

macroscopic techniques 249. We remark that while the interfacial capacitance of the substrate 

depends strongly on the chosen tip interfacial capacitance 30, the specific capacitance of the 

lipid bilayer is almost insensitive to it. 

 

Table 1: Specific capacitance of the lipid bilayer patches obtained from the analysis of the experimental 

data in Figure 22 (d) and Figure 25 (d). The parameters of the tip geometry and substrate obtained from 

the same analysis are also shown. The parameters without errors are fixed. 

ctip 

μF/cm2 

cDOPC 

μF/cm2 

cDOPC:chol 

μF/cm2 

csubstrate 

μF/cm2 

R 

nm 

C'offset 

aF/nm 

θ 

deg 

DOPC 

2 0.8+0.1 - 3.1+0.1 370±25 0.78±0.05 21 

4 0.7+0.1 - 1.9+0.1 351±25 0.71±0.05 21 

DOPC and DOPC:cholesterol 

2 1.0+0.1 0.7+0.1 2.1+0.1 310±25 1.10±0.05 21 

4 0.9+0.1 0.6+0.1 1.5+0.1 287±25 1.06±0.05 21 

 

We note a feature that was also observed in Ref. 30, namely, that the capacitance gradient 

(force) contrast in Figure 22 (b) shows a remarkable dependence on the lateral size of the 

membrane patches (see also cross-section profile in Figure 22 (c), red line). This dependence 

is illustrated in Figure 22 (e), where we plot the capacitance gradient values on the centre of 

each DOPC bilayer patch as a function of the patch equivalent radius, Rm (symbols). The 
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equivalent radius has been estimated from circles centred on the patches as shown in Figure 

22 (a). The uncertainty in the radii is displayed in the figure below (Figure 24).  

 

4.0µm

 

Figure 24: Radii estimation (continuous circles) and uncertainty (dashed circles) for the patches 

analysed in Figure 22 (e). 

 

For reference, we also display in Figure 22 (e) characteristic values of the capacitance 

gradient on the substrate (grey symbols). There are two factors that can induce a dependence 

of the capacitance gradient on the lateral size of the patches, namely a finite-size electrostatic 

effect related to the relative size of the patch with respect to the scanning probe tip and a 

variation of the specific capacitance of the patches with their width. To answer this question, 

we have calculated the theoretical expected variation of the capacitance gradient as a function 

of the radius of the DOPC bilayer patch by using the model shown in the inset of Figure 22 (d). 

In the simulations, we used the parameters derived from the quantitative analysis performed 

on the largest patch (Table 1), with no further free parameter. The results are shown in Figure 

22 (e) (continuous lines) for two tip-substrate distances compatible with the measurements, 

Z=95 nm and Z=101 nm (the different distances account for the slight tilting of the image and 

the fact that the static bending of the cantilever when the tip is on top of the largest patch is 

smaller than when on the smaller patches or the substrate). The numerical calculations nicely 

follow the experimental trend, within the uncertainty of the experiments. We therefore conclude 
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that down to the smallest patches detected (~200 nm), the specific capacitance of DOPC 

bilayer patches does not depend on its lateral size, although the measured capacitance 

gradient strongly depends on it. For DOPC bilayer patches larger than a few micrometres the 

force becomes independent from the lateral size of the patches (see Figure 22 (e)), and it can 

be directly correlated to the membrane specific capacitance (a larger force directly indicates a 

smaller specific capacitance). Otherwise, lateral finite size effects, which originates in the tip-

sample electrostatic interaction, should be considered. Remarkably, lateral finite-size effects 

in in-liquid SDM 30 are much larger (micrometres) than those found in air 187 due to the stronger 

contribution of the cone part of the tip.   

 We analyse now the effect of cholesterol on the specific capacitance of the supported 

DOPC bilayer patches. We prepared a sample containing both DOPC and DOPC:chol bilayer 

patches by successive depositions of the corresponding liposomes (see Materials and 

Methods).  
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Figure 25: (a) AFM topographic and (b) SDM images of a sample containing DOPC and 

DOPC:cholesterol bilayer patches in a 1 to 1 proportion supported on a functionalized planar gold 

substrate in Milli-Q water. SDM experimental parameters: equivalent spring constant 0.45 N/m, applied 
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voltage 0.75 V, frequency 5 MHz, modulation frequency 6 kHz, tip-sample distance Z=93 nm. (c) 

Thickness (black line) and capacitance gradient (red line) profiles along the dashed lines in (a) and (b), 

respectively. (d) Capacitance gradient approach curves measured on the bare substrate (grey symbols) 

and on the two largest patches in (b) (olive and blue symbols, respectively). Continuous lines represent 

least square fitting of theoretical data generated with the model in the inset in Figure (d). Extracted 

parameters are shown in Table 1. The grey, olive and blue square symbols correspond to the values of 

the capacitance gradient on the substrate and the two largest membrane patches of the SDM image in 

(b), from where the tip sample distance is obtained. (e) (symbols) Capacitance gradient values on the 

centre of the DOPC bilayer patches highlighted in the large area in-liquid SDM image in the inset as a 

function of the effective radius of the patches. Symbols of the same colour correspond to patches with 

similar thickness. (continuous lines) Theoretical dependence of the capacitance gradient as a function 

of the radius of the DOPC bilayer patch obtained from the model in the inset in Figure (d). The 

parameters used in the calculations are those obtained in (d) and listed in Table 1 (DOPC and 

DOPC:cholesterol). The black and red lines correspond to tip sample distances Z=91 nm, while the grey 

and pink lines to Z=95 nm, compatible with the measurements. 

 

Figure 25 (a) shows a topographic AFM image of the sample. A height profile measured 

along the dashed line in Figure 25 (a) is shown in Figure 25 (c) (black line). In it, two groups of 

membrane patches with slightly different thicknesses, ~3.2 nm and ~3.7 nm, are observed (as 

we also see in the histogram analysis below (Figure 26). 

 

 

Figure26: Histogram analysis corresponding to the topographic image in Figure 25 (a). Once again, the 

imaging acquisition settings have been selected to optimize the respective electrical images, not the 

topographic images. Therefore, the actual thickness values can be affected by them. 
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The presence of patches with two different thicknesses agrees with the sample being 

prepared from liposomes with and without cholesterol, and with the fact that cholesterol is 

known to thicken DOPC bilayers 260, 261, 262, 263, 264 . Here, we observe a thickening of around 

~16% (Figure 25 (c), black line), which is in reasonable agreement with the thickening 

predicted for DOPC bilayers at 40%-50% cholesterol content (~13%-19%) 260, 261, 264 . The 

thicker membrane patches are, then, expected to be composed of DOPC:cholesterol (see 

further confirmation below). We note that the absolute value of the thickness of the DOPC 

patches in Figure 25 is somewhat smaller (~1 nm) than the one reported in Figure 22. We 

attribute it to the fact that the imaging acquisition settings for mixed samples were different 

from those of pure samples and that they have been selected to optimize the electrical images. 

Therefore, the height values in these images could be somewhat underestimated, although 

the relative height difference between DOPC and DOPC:cholesterol patches seems to be 

correct. The widths of both types of patches span again a range from ~200 nm up to few 

micrometres. An additional and even larger area image of the sample was also acquired, and 

it is displayed here below (Figure 27), together with the estimation of the uncertainties in the 

determination of the respective equivalent radii.  

 

Figure 27: (a) Radii estimation (continuous circles) and uncertainty (dashed circles) for the patches 

analysed in [Figure 25 (e)], and in an additional and even larger area image (b). 

 

4.0µm3.0µm

(a) (b) 
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Figure 25 (b) shows a constant height in-liquid SDM image of the sample in Figure 25 (a) 

acquired at 5 MHz and Z=93 nm (see Additional Information section for images at different tip-

substrate distances). The dielectric contrast is again negative for all patches, and patches 

down to ~200 nm can be electrically detected. The more relevant feature displayed in Figure 

25 (b) is the large difference (~79 %) in the dielectric contrast observed between the two largest 

patches in the image (see capacitance gradient profile in Figure 25 (c), red line). This large 

contrast variation should be compared with the small relative variation in thickness (~16%, 

Figure 25 (c), black line). Therefore, it cannot be fully attributed to the thickening effect. It 

cannot be attributed neither to a difference in the lateral size of the patches, since both patches 

are few-micrometre large and, hence, their capacitive signals are independent from the lateral 

size of the patches, as discussed above. Therefore, the large difference in the dielectric 

contrast must reflect a variation in the dielectric properties of the DOPC lipid bilayer due to the 

presence of cholesterol. 

To investigate this effect, we have quantified the specific capacitances of the two largest 

lipid bilayer patches in Figure 25 (a) by acquiring capacitance gradient approach curves on 

their centres and on the bare substrate by proceeding as described above (Figure 25 (d)). The 

parameters obtained from this analysis are shown in Table 1. The relative difference between 

the specific capacitance of the DOPC bilayer patches without and with cholesterol (cDOPC~0.9 

μF/cm2 and cDOPC:chol~0.6 μF/cm2, respectively) is ~35%, much larger than the observed 

thickness variation (~16%), thus confirming that cholesterol reduces the dielectric response of 

the DOPC bilayer patches (see discussion section). 

The conclusions reached for the two largest patches in Figure 25 (a) are confirmed for the 

sub-micrometric lipid bilayer patches present in the sample.  

Figure 25 (e) shows the capacitance gradient measured at the centre of patches in the 

figure in the inset of Figure 25 (e), which is a zoom out of Figure 25 (b).  

Patches ranging from ~200 nm up to several micrometres are considered. The thinner 

patches (DOPC) are represented by the black symbols and surrounded with a white circle in 
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the inset of Figure 25 (e), while the thicker ones (DOPC:cholesterol) are represented by the 

red symbols and surrounded by a black circle. Two distinct dependencies are clearly observed 

for the two groups of patches. Finite element numerical calculations (continuous lines in Figure 

25 (e)) show that each group of patches can be described by a single specific capacitance, 

corresponding to the values reported in Table 1. These results confirm that down to ~200 nm 

the lateral size does not affect the value of the specific capacitance of the DOPC:cholesterol 

bilayer patches, like we showed above and here again for DOPC bilayer patches, and that the 

thicker patches (DOCP/cholesterol) show a much lower specific capacitance than thinner ones 

(DOPC). A similar analysis for the SDM image of the larger area in Figure 27 (b), combined 

with the one of the previous (Figure 25 (e), inset) is provided in Figure 28.  
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Figure28: (a) Composed AFM topographic image of three regions of the DOPC and DOPC:cholesterol 

mixture sample. The region bound by a continuous line is the one shown in Figure 25 (a) and the region 

bound by a dashed line is the one analysed in Figure 25 (e). The rest of the composed image is analysed 

in (d). (b) Composed in-liquid SDM images corresponding to the composed image in (a). Each image 

has been acquired at the same nominal distance (Z~100 nm). The actual distance of each image has 

been more precisely determined from the capacitance gradient approach curves acquired on the bare 

substrate of each image (Figure 25 (d) grey symbols and curve in (c), giving slight differences with the 

nominal distance (~±5 nm). Continuous and dashed frames have the same meaning as in (a). (c) (grey 

circles) Capacitance gradient approach curve taken on a bare part of the substrate of the non-framed 

image in (a). (continuous line) Theoretical fit of the experimental curve. The extracted parameters are: 

R=277±20 nm, θ=21º, ctip= 4 μF/cm2, csubstrate=1.6 μF/cm2, C'offset=1.00 ±0.05 aF/nm, α=1.067. (d) ( eft 

axis, solid symbols) Capacitance gradient at the centre of the patches surrounded by circles in Figure 

27(b) as a function of the equivalent radius of the membrane patches. Black and red symbols represent 

the thin (DOPC) and thick (DOPC:cholesterol) patches, respectively. (Left axis, continuous lines). 

Theoretical dependence of the capacitance gradient as a function of the membrane patch radius. The 

calculations have been done with the parameters obtained from (c) and the specific capacitance values 
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of the bilayers reported in Table 1. Two tip sample distances have been considered Z=104 nm (black 

and red lines) and Z=108 nm (grey and pink lines). (Right axis, empty symbols). Height of the patches 

analysed. As before black and red symbols represent the thin (DOPC) and thick (DOPC:cholesterol) 

patches, respectively. 

 

To further confirm that thicker bilayer patches correspond to those containing cholesterol, 

we have considered an additional sample prepared by reducing by a factor of three the 

concentration of DOPC:cholesterol liposomes in the solution (so that we expect 

DOPC:cholesterol bilayer patches to be much less abundant than DOPC ones). Figure 29 (a) 

and (b) show, respectively, large area AFM topographic and in-liquid SDM images obtained 

on this sample.  

 

Figure 29: (a) AFM topographic and (b) in-liquid SDM dielectric images of a sample containing DOPC 

and DOPC:cholesterol membrane patches in a 3:1 proportion on a functionalized planar gold substrate 

in Milli-Q water. SDM experimental parameters: equivalent spring constant 0.76 N/m, applied voltage 
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0.75 V, frequency 5 MHz, modulation frequency 6 kHz and tip-sample distance Z=11 nm. In (a) and (b) 

black and white circles identify thicker and thinner patches with supra-micrometric sizes (>1 μm), 

respectively. The colour scale is different from that of Figure 22 and Figure 25 and it has been chosen 

to highlight the difference in contrast between the two type of patches for this sample. 

 

As before, in the topographic image (Figure 29 (a)) two groups of patches with different 

thicknesses can be identified from a careful analysis (see also histogram analysis in the figure 

below (Figure 30)).  

 

 

Figure 30: (a) Topography, same as Figure 29 (a), with some selected patches giving different dielectric 

contrast: white circled patches give low contrast and black ones, high contrast. (b) Histogram analysis 

of the heights of the selected patches. The peaks at around 0 nm correspond to the substrate regions. 

The black circled patches systematically give larger thicknesses. The absolute values of the thicknesses 

are not accurate since for this large area scan the imaging settings required to obtain a good electrical 

image imposed a too high set point for the topographic image. 

 

We marked with white and black circles the thin and thick patches, respectively (only supra-

micrometric patches have been analyzed). Thicker patches are clearly much less abundant, 

what by taking into account the sample composition, confirms that they correspond to 

DOCP:cholesterol composition. 

The in-liquid SDM image (Figure 29 (b)) shows also two distinct contrasts for the patches 

analyzed. The thicker patches (black circles corresponding to DOCP:cholesterol) show larger 

contrasts, indicating that they have a smaller specific capacitance (remember that for large 
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7.0µm

White patches 

Black patches 
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patches the SDM contrast can be correlated directly to the specific capacitance of the patch). 

These results then unambiguously confirm that DOPC:cholesterol bilayer patches show a 

strong reduction of the specific capacitance as compared to pure DOPC bilayer patches. 

4.4  Discussion 

We have found that cholesterol at a 50% concentration largely reduces (by an amount 

~35%) the specific capacitance of DOPC bilayer patches. This reduction cannot be attributed 

to the slight increase in the bilayer thickness (~16%). According to the simple expression for 

the specific capacitance, cm=ε0εm/dm, the relative variation in specific capacitance due to both 

thickness and dielectric constant variations is given by Δcm/cm=Δεr/εr−Δh/h. Since the 

thickness variation amounts to only Δh/h ~16%, the remaining variation should correspond to 

a decrease of the dielectric constant of the lipid bilayer caused by the presence of cholesterol, 

Δεr/εr ~ -20%. A possible explanation of the reduction in the dielectric constant observed can 

be attributed to a reduction of the hydration level of the DOPC bilayers containing cholesterol. 

To support this statement we calculate the dielectric constants of the DOPC and 

DOPC:cholesterol patches and compare them with the corresponding values obtained earlier 

in air environment by using the same technique 21. By taking the measured bilayer thickness 

from Figure 25 (dDOPC ~3.2 nm) and the measured specific capacitance (cDOPC~0.9 μ /cm2), 

the dielectric constant of pure DOPC bilayers in Milli-Q water is εDOCP,liq~3.2 (a similar value is 

also obtained from the measurement in Figure 22, in which the thickness was ~4.5 nm and the 

specific capacitance ~0.  μ /cm2). This value matches the one we obtained earlier with the 

same technique on  PPC bilayer patches in liquid, εDPPC,liq~3.2 29, and is larger than the value 

εDOCP,dry~2 measured in dry air conditions 21. The larger dielectric constant observed in liquid 

environment was attributed to the hydration of the polar head groups of the lipid bilayers 29. 

For the DOPC:cholesterol patches, instead, by using a thickness dDOPC:chol ~3.7 nm and a 

specific capacitance cDOPC:chol~0.6 μF/cm2, the dielectric constant obtained in liquid is εDPPC:chol,liq 

~2.5. This value is similar to the values obtained for DOPC bilayer patches and cholesterol 
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crystals in dry conditions (εDOCP,dry~2 and εchol,dry~2.3) 21. This result suggests that at 50% chol 

content DOPC:cholesterol patches are hardly hydrated, contrary to what happens with pure 

DOPC patches.  The reorganization of the head groups in the presence of cholesterol 

necessary to achieve a non-hydrated configuration is the same than the one assumed in the 

so-called umbrella model, used to explain the solubility of cholesterol in lipid bilayers 265 and 

other properties 241. 

On the other hand, we note that the specific capacitances of DOPC bilayer patches reported 

here, and their variation with cholesterol, are in striking agreement with recent results reported 

for supported DMPC+DMTAP bilayers with and without cholesterol and obtained from 

macroscopic electrochemical impedance spectroscopy 247 with strict control of bilayer quality 

(e.g. absence of bilayer defects and of solvent). 

The use of in-liquid SDM in force detection mode has shown relevant advantages in the 

present study as compared to current/voltage time varying macroscopic techniques 243. First, 

in-liquid SDM displays a high spatial resolution 30, what enables studying isolated lipid bilayer 

patches, with no need to consider extended defect-free lipid bilayers, required for macroscopic 

measurements. Second, it enables comparing directly the specific capacitances of different 

bilayer patches with different composition in situ and under the same experimental conditions, 

reducing uncertainties related to successive independent measurements. In-liquid SDM also 

provides direct access to the bilayer thickness, thus enabling identifying whether a specific 

capacitance variation is associated with either a thickness or a dielectric constant variation. 

Finally, in-liquid SDM measurements are performed at high frequencies in the MHz range 

(beyond the dielectric relaxation frequency of the electrolyte solution). In this frequency range, 

the capacitance contribution associated to ionic diffusive space charges can be neglected 30, 

what simplifies the quantitative analysis. For measurements performed at lower frequencies 

(e.g. below kHz, as in the case of most existing macroscopic techniques 249), the diffusive 

space charge capacitance needs to be accounted for and subtracted from the measurements, 



92 

 

which is not always simple and can introduce some inaccuracy and variability in the values 

thus obtained, depending on the assumptions made.  

Concerning the accuracy of the specific capacitance values obtained for supported lipid 

bilayers by in-liquid SDM some considerations are in order. The electric force measured by the 

in-liquid SDM probe depends on the whole system capacitance gradient, which includes 

contributions from the tip-electrolyte interface, the electrolyte, the electrolyte-membrane-

substrate interface, and the electrolyte-substrate interface. The bulk electrolyte contribution is 

accounted for by solving the Poisson's equation for the tip-sample system with realistic and 

calibrated tip and sample geometries. The tip-electrolyte interfacial contribution at the 

frequencies of the measurements (MHz) is expected to include only effects from the so-called 

compact or Stern layer, ctip=cint,tip 
30. The substrate-electrolyte interface, instead, includes 

contributions from both the functionalization self-assembled monolayer, cSAM, and its interface 

with the electrolyte, cint,SAM, i.e. csubstrate=(cSAM
-1+cint,SAM

-1)-1. Finally, the electrolyte-membrane-

substrate interface includes contributions from the self-assembled monolayer on the substrate, 

cSAM, the lipid bilayer itself, c*
m, and the interfacial lipid bilayer-electrolyte compact layer, cint,m, 

i.e. cm=(cSAM
-1+cint,m

-1+c*
m

-1)-1. Since the functionalization SAM used here is very short (two 

carbons) and the compact layer is usually also very short (a few water layers) we expect that 

their respective specific capacitances will be much larger than the specific capacitance of the 

lipid bilayer, so that the measured values, cm, are expected to be good estimations of the lipid 

bilayer specific capacitance, cm
* (cm ~ cm

*). Finally, we note that the uncertainty in the value of 

the tip interfacial capacitance, ctip, (ctip=2-  μ /cm2) 30, introduces a minor uncertainty on the 

specific capacitance values of the lipid bilayer patches, cm, as it can be seen in Table 1. The 

uncertainty is larger for the value of csubstrate since it is of the same order of magnitude than ctip, 

as discussed elsewhere 30. Other substrate effects such roughness (rms~0.2-0.3 nm in the 

present study) or a reduction of the lipid lateral mobility (which involve diffusion times much 

longer than the period of the ac voltage) are not expected to affect the extracted values of the 

bilayer specific capacitances. 
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In the present work we have compared the specific capacitance of mixed samples 

containing pure DOPC and DOPC:cholesterol bilayer patches at a fairly large cholesterol 

concentration (50%), close to the cholesterol solubility limit. The relative variation measured 

(~35%) is expected to be close to the maximal relative variation that can be found with 

solubilized cholesterol. For smaller cholesterol concentrations a smaller relative variation of 

the specific capacitance is expected according to the monotonous trend with cholesterol 

concentration shown by other physical properties (e.g. thickness, bending rigidity or area per 

lipid) in DOPC bilayers 261, 264. Preparing mixed samples containing patches with several 

intermediate cholesterol concentration by the successive liposome deposition method used 

here has been found challenging, and further research to find alternative sample preparation 

methods becomes necessary to explore simultaneously several intermediate cholesterol 

concentrations by SDM. 

The results presented in this work open interesting applications in the analysis of natural 

membranes, which are highly heterogeneous composition and structure 55, 266, as well as, to 

address the electrical properties of small scale biomembrane structures such as exosomes 267, 

outer membrane vesicles 268 or  membrane nano-extensions, some of which show especial 

electric properties 269. 

4.5  Conclusions 

We have shown by means of in-liquid Scanning Dielectric Microscopy in force detection 

mode that cholesterol at 50% concentration strongly reduces the specific capacitance of 

supported DOPC bilayer patches. The reduction observed (~35%) is partially due to a small 

increase in the membrane thickness (~16%), but, overall, to a significant reduction in the 

dielectric constant of the lipid bilayer itself (~20%). The reduction of the dielectric constant of 

the DOPC:cholesterol bilayer patches could be associated to the dehydration of the polar head 

groups caused by the presence of cholesterol molecules. This conclusion has been observed 

to hold for lipid bilayer patches down to, at least, ~200 nm in lateral size. The results presented 
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here have confirmed the potential of in-liquid SDM to measure the specific capacitance of 

artificial and natural biomembranes at high spatial resolution with important implications in 

biology, biochemistry or biosensor characterization. 

4.6  Supplementary Information 

Raw data for the capacitance gradient approach curves in Figure 22 and Figure 25. 

 

Figure 31: Ra  data for the normal deflection and oscillation amplitude at the ωmod harmonic approach 

corresponding to the capacitance gradient approach curves shown in Figure 22 (d) [(a) and (b)] and 

Figure 25 (d) [(c) and (d)]. 

 

 

 

 

 

(a) (b) 

(c) (d) 
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Additional SDM images for Figure 22 and Figure 25 at different tip sample distances. 

 

 

Figure 32: (a) and (b) SDM images of the sample in Figure 22 containing DOPC patches supported on 

a functionalized planar gold substrate in Milli-Q water at tip-substrate distances Z=148 nm and Z=202 

nm, respectively. Experimental parameters: same as in Figure 22 (c). Values of the capacitance gradient 

on the bare substrate (black solid symbols) and on the centre of the largest patch bilayer (red solid 

symbols) plotted on top of the capacitance gradient approach curves measured at that positions (same 

data as in Figure 22 (d)). The empty symbols represent the values obtained from the SDM image in 

Figure 22 (b) acquired at Z=101 nm. (d)-(f) Idem but for the sample in Figure 25, containing DOPC and 

DOPC:cholesterol patches supported on a functionalized planar gold substrate in Milli-Q water at tip-

substrate distances Z=125 nm and Z=147 nm. 

 

4.7  Appendix: Probing viscosity with the fluorogenic dye BODIPY 

4.7.1  Introduction 

Variations in the viscosity of the DOPC and DOPC:cholesterol compositions could be 

related to the hydration of the layers, which we suspect linked to the different specific 

capacitances previously extracted. For this reason, we decided to probe the viscosity of the 

(a) (b) (c) 

(d) (e) (f) 
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sample as a complementary study to support the results obtained. To this end we used 

functional fluorescence microscopy. 

Fluorescence microscopy can be used to address properties of lipid membranes like 

polarity, viscosity of different phases, hydration, as well as molecular order, environment 

relaxation, and electrostatic potentials. A whole set of environment-sensitive probes has been 

synthesized with this purpose 10, 238, 270. Environment-sensitive probes respond to a change in 

their microenvironment by changing their fluorescence intensity (fluorogenic dyes 271) or colour 

(e.g., solvatochromic dyes 272, 273, 274, 275). 

Fluorogenic probes usually exploit intramolecular rotation as a design concept, with 

molecular rotors being the main representatives. These probes are particularly efficient for 

imaging viscosity and lipid order in biomembranes, of which hydration is often a consequence. 

BODIPY (4,4-difluoro-4-bora-3a,4a-diaza-s-indacene) is one of the major representatives of 

this category. It is an intrinsically lipophilic molecule, that can be conjugated to phospholipids 

themselves or also to cholesterol. BODIPY fluorescence quantum yield it is pretty high, 

together with its photostability and absorptivity.  

The immediate consequence of the viscosity-dependent intramolecular rotation is the sharp 

increase in both the fluorescence quantum yield (φf) and the fluorescence lifetime (τf) as a 

function of the increasing viscosity (η) 276.  

The main problem in using the quantum yield of molecular rotors is the inability to distinguish 

between viscosity and other factors which might affect the fluorescence intensity, such as the 

local dye concentration. However, ratiometric approaches can be used to remove the 

uncertainties in the probe concentration. Alternatively, as we did, it is possible to exploit the 

dependence of fluorescence lifetime of molecular rotors on viscosity: 

 𝜏 = 𝑧 𝑘𝑟
−1𝜂𝛼 (18) 

where kr is a radiative decay constant and z and α are constants. 
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Fluorescence lifetime imaging (FLIM) is an imaging technique which uses the detection of 

fluorescence lifetime instead of fluorescence intensities to obtain informations on the micro-

environment of the fluorophore. One of the applications of FLIM is the study of the interaction 

distance of molecules labelled with a donor-acceptor pair via FRET (Förster resonance energy 

transfer). 

When a fluorophore is excited by a photon, it can return back to the ground state through a 

number of different decay pathways, radiative and non-radiative; each of them with a different 

probability based on the decay rates. To observe fluorescence, one of those pathways must 

be followed by spontaneous emission of a photon. The fluorescence will decay with time 

according to: 

 𝐼(𝑡) = 𝐼0𝑒
−𝑡/𝜏 (19) 

 where 1/ 𝜏 = ∑ 𝑘𝑖𝑖 , where ki are the rates for each decay pathway. 

The main advantage of fluorescence lifetime is that this technique is independent from the 

fluorophore concentration, in the absence of self-quenching and/or aggregation. Thus, FLIM 

experiments can be used to obtain information about viscosity in heterogeneous environments. 

Fluorogenic probes were claimed to enable quantitative analysis of the viscosity when 

combined with advanced microscopy, such as FLIM 277, 278, 279. However, it has to be 

emphasized that viscosity in highly anisotropic systems, such as membranes and especially if 

supported on a substrate, it is not trivial to interpret, because for example different viscosities 

in the membrane plane (η) and in contact with the outer liquid (η’) are experienced 280. Thus, 

the viscosity of the system is model dependent and probe sensitive. Furthermore, the position 

of the fluorophore in the layer is important and not always well controlled. For these reasons, 

our approach to the analysis of the viscosity in SLBs has been only qualitative. 

We decided to make use of a fluorogenic probe, the derivative BODIPY PC, to investigate 

the same lipid mixture selected for the previous study, i.e. DOPC and DOPC:cholesterol 1:1 

on glass.  
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Some works done on GUVs have already reported an increase in the lifetime of different 

BODIPY derivatives upon addition of cholesterol to DOPC 271, 281. It was concluded that the 

viscosity is higher when cholesterol is present. We tried to verify these results by performing 

FLIM measurements on our specific lipid mixture. 

These experiments have been carried out at CBS Monpellier, during a scheduled 

secondment in the framework of the SPM2.0 Marie Slodowska-Curie Initial Training Network, 

under the guidance and supervision of Dr. Milhiet and Dr. Costa. 

4.7.2  Materials and methods  

Sample preparation 

The fluorescent probe selected for the FLIM experiments is the 2-(4,4-difluoro-5,7-dimethyl-

4-bora-3a,4a-diaza-s-indacene-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine, 

shortened as β-B   PY™  L C 2-HPC (D3792, Thermo Fisher Scientific), a phospholipid 

molecule to which the fluorophore BODIPY is connected. This BODIPY probe is excited at 488 

nm (blue) and emits in the green (500-565 nm).    μL of   PC  0 m  (dissolved in 

CHCl3/MeOH 2:1), together with 2 μL, 1 mM of the fluorophore, have been introduced in a 

glass tube, preventively cleaned with CHCl3/MeOH. 

The lipids and the fluorophore were purchased from Thermofisher; chloroform and methanol 

from Sigma-Aldrich. The final concentration of BODIPY in the mixture was about 0.1%; at 

higher ratios the dye can aggregate, and this would have brought to a lengthening in the 

observation times.  

The tube was vortexed for 2 minutes to ensure homogenization of the dye in the mixture. 

Afterwards, the sample was dried under argon flux for about 2 h at 30 °C. The film was finally 

rehydrated with 1 mM buffer at 60 °C (Tris 20 mM, NaCl 150 mM) and the tube was vortexed 

again to promote the formation of the liposomes in suspension. 
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 or the cholesterol containing sample, the same procedure was used, but 9 μL of   PC 

 0 m  and 9 μL cholesterol  0 mM have been initially introduced in the glass tube, together 

with the 2 μL of BODIPY solution. This time the mixture has been sonicated in ice for 10 

minutes to ensure cholesterol insertion; later, the film was dried and rehydrated as before. 

The glass coverslips for liposomes incubation were cleaned by sonication in KOH 1M for 

15 minutes, 20 times washing with Milli-Q, further sonication in Milli-Q for 15 minutes and 

plasma treatment. 

 0 μL of the DOPC and DOPC:cholesterol liposomes suspension prepared with the 

BODIPY derivative were separately incubated on different glass coverslips for 30 minutes. The 

buffer was then exchanged several times to remove material in excess and the sample was 

mounted on the AFM JPK sample holder equipped with the fluorescence setup (Figure 33)).  

Fluorescence lifetime imaging microscopy by time domain FLIM 

We performed measurements in the time domain (TD FLIM), which are single point 

measurements combined with a scanning method provided by a confocal laser scanning 

microscope. TD FLIM yields high sensitivity and good time resolution 282.  

Fluorescence lifetime images were acquired using a custom-made confocal microscope 

(based on a Zeiss inverted optical microscope) coupled to an AFM Nanowizard 4 (JPK 

Instruments, Bruker), equipped with a Tip Assisted Optics (TAO) module and a Vortis-SPM 

control unit. The setup is shown in Figure 33. A supercontinuum laser (Leukos) is used as light 

source operating at 20 MHz (50 ns pulses of width <100 ps). An excitation filter later selects 

the frequency of excitation, in agreement with the one of the fluorophore. Before being sent to 

the sample, the laser light passes through a pinhole, which allows to restrict the illuminated 

area near to the diffraction limit 283. The light pulses are delivered to the sample though a path 

of lenses and mirrors, while the JPK TAO sample scanner moves the sample. Lifetime 

measurements can be carried out simultaneously and correlated with AFM characterization. 

The fluorescence emitted by the sample was collected for every pixel; each of them carries the 
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contribution of several fluorescent molecules. A dichroic mirror was used to select the 

fluorescence and filters out the laser light. The fluorescence is finally directed through another 

pinhole which cuts out the photons that does not belong to the focal point. 

When simultaneous AFM/FLIM images were acquired (see for example Figure 33), the AFM 

tip and confocal spot positions were fixed by co-aligning them. Any mismatch during imaging 

was adjusted by correcting the tip position. Keeping the confocal spot and AFM tip aligned 

during data acquisition has the advantage to maintain constant all spurious effects resulting 

from synchronous operation 284.  

The acquisition of the fluorescent lifetime was performed using an excitation filter at 488/10 

nm and an emission filter at 535/40 nm, with a laser excitation power of 1 µW. The 

measurements were performed at room temperature and under liquid conditions in Tris 20 

mM, NaCl 150 mM buffer.  

After a short excitation, the time-dependent intensity profile is detected. Following the 

excitation, the precise time of detection of the emitted photon is recorded, being the reference 

for the timing the excitation pulse.  

Since it is physically impossible to detect the required amount of photons from one single 

excitation-emission cycle, periodic excitation is used and a many single photons are recorded 

by a time-correlated single photon counter (TCSPC) 285, 286. 

The single-photons arrival times are collected and grouped in “bins”, and the histogram of 

their distribution is built up. By adjusting laser power and repetition rate the probability of 

recording more than one photon is kept low to avoid the pile up effect. The result is a TCSPC 

histogram with an exponential drop of counts at increasing times; we fitted a single decay 

function for every pixel, extracting the fluorescence lifetime and amplitude for every pixel.  

The analysis was carried out through the software SPCImage (Becker & Hickl) using a 

single exponential decay and spatial binning of 2.  
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The fit parameter, 𝜏𝑚, is given by the weighted average of the different lifetime components 

in each pixel (tm).  

 

𝜏𝑚 = ∑𝑎𝑖𝜏𝑖

𝑁

𝑖=1

/∑𝑎𝑖

𝑁

𝑖=1

 

(20) 

The software minimizes the chi-square value between the data and the model function 

during the fit process. The result is a set of parameters (e.g. lifetimes) for each individual pixel 

of the image. An image is generated by the intensity information from the number of photons 

in each pixel while the lifetime image derives from the information of the fit parameter extracted 

from every pixel. 

4.7.3  Results and Discussion 

After absorption of light, a fluorophore remains in its excited state for a certain amount of 

time (usually nanoseconds) before returning to the ground state either emitting a photon or by 

non-radiative energy transfer. The transition from excited to ground state is a statistical process 

and therefore the emission of fluorescence follows an exponential decay law. The average 

time between the excitation and emission for several cycles is called fluorescence lifetime of a 

given fluorescent molecule. Lifetime is not an intrinsic property because it is based on the 

stability of the molecule’s excited state, which depends on the local environment. For this 

reason, the lifetime can be used to characterize a fluorophore in a well-defined medium, 

detecting changes in the immediate surrounding or conformational movements or interactions 

with other molecules such as FRET.  

Figure 33 shows a first test measurement of a DOPC:cholesterol, BODIPY PC 0.1% 

sample. In the measurement, as expected, we always observed simple mono-exponential 

decays of the form: 

 𝐼(𝑡) = 𝐼0𝑒
−𝑡/𝜏 (21) 
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This justifies and confirms the fact that the system under analysis is composed by only one 

(Ld) phase, in agreement to literature 164 and previous studies. 

 

 

 

 

 

 

 

 

 

 
 

Figure 33: (a) Correlative AFM and confocal microscopy setup adapted from Ref. 284. The topography 

in QI mode is acquired simultaneously to fluorescence lifetime decays at every pixel, for a sample made 

of DOPC:cholesterol 1:1 (0.1% BODIPY PC) and supported on a glass coverslip, in buffer Tris 20 mM, 

NaCl 150 mM. Cantilever used for AFM: MLCT-BIO-DC / C, Bruker (k=0.014 N/m). The correlation 

between the two images is highlighted by the lines drawn on the contours of the topography and reported 

on the lifetime image.  

 

By looking at the images displayed in Figure 33, we immediately notice that, even pixels 

corresponding to the bare substrate, display a red colour in the lifetime image, which is 

informative for high lifetimes. This feature is however not physically significant, because the 

photons collected in bare areas are very few; thus, although the software keeps fitting any 

function, practically the data in those points are meaningless. 
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If we have a look especially at the borders, highlighted by dashed lines, we observe that the 

correlation of the lifetime with the AFM topography is not perfect. This is due to the resolution 

of the technique, the optical diffraction limit 283.  Indeed, we need to consider that the illuminated 

area is about 500 nm and thus, when the pixel measured contains only in part information from 

the membrane, the lifetime obtained is not reliable. This, in the image displayed, does not 

happen only at the border, but also in correspondence of small holes in the bilayer. Any defect 

of the layer smaller than the size of the illuminated area will contribute to a pixel and be 

responsible for an increase in the fluorescence lifetime displayed. The AFM topography image 

in Figure 33 shows that there are several holes in the bilayer, some of them very little, which 

surely generate quite some variability in the observed lifetime. The presence of small un-

extended vesicles can also affect the obtained lifetime. 

It is thus evident that, for a proper comparison of the fluorescence lifetimes between 

experiments, it is important to dispose of intact and extended bilayers, as the ones in Figure 

34. 

Besides, we highlight that other factors could in principle affect the observed lifetimes and 

lead to contradictive results, like for instance a different interaction of the bilayers with the 

substrate 287. This normally depends on the material used as a substrate, but it is not to exclude 

that it can also be experiment dependent. For example, interaction of the lipids to glass 

coverslips might vary depending on different conditions of the plasma treatment.  

Another factor to carefully consider is the fluorophore concentration. Although FLIM 

experiments should be independent from it, excessive concentrations can cause dye 

aggregation and alteration of the lifetime response. When this is the case, a bi-exponential 

decay can arise 288. 

A further parameter that can affect the observed lifetime is the depth and tilt 287, 289 of the 

probe in the membrane, which is often difficult to control. In this regard, we underline that the 

molecule BODIPY, for its chemical structure, might like to stack to the cholesterol molecules, 
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which are present in very high concentrations in our model systems. Such interaction could 

infer a tilt of the fluorophore in the layer, which would in turn affect the lifetime.  

Figure 34 shows the intensity and fluorescence lifetime of BODIPY PC in extended layers 

of DOPC and DOPC:cholesterol 1:1 respectively. 

Figure 34: (a) Intensity (photons) and FLIM image of DOPC and DOPC:cholesterol lipid layers supported 

on glass coverslips (128×128 pixels). (c) Histograms of the lifetimes for the two compositions, 

highlighting that, when cholesterol is present, the fluorescence lifetime of BODIPY PC in the layer 

increases of ~0.25 ns. 

 

The two samples display a good coverage of the substrate and not many defects are visible, 

at least at this scale, from the intensity image. From these measurements, as expected, we 

obtain that the lifetime of the DOPC:cholesterol composition is higher than the one of the pure 

DOPC component. This would indicate that the environment of the probe, when cholesterol is 

present, is more viscous. Nevertheless, additional measurements are necessary to arrive to a 

final conclusion. 
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4.7.4  Conclusions 

Fluorescence approaches for evaluating layer properties like packing and hydration, 

although reported in several works, are sometimes difficult to use, even just qualitatively, given 

the high number of variables that could affect the measurements. In this case, the non-

homogeneous extension of the layers was often providing misleading results. Nevertheless, 

our results seem to support the fact that, in presence of cholesterol, the viscosity of the DOPC 

system increases. These findings go in the same direction of what was extrapolated from our 

dielectric characterization, i.e. that cholesterol might, by increasing the lipid packing, allow less 

hydration of the layer. 
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5.  In-Liquid SDM of Single Liposomes 
 

After addressing the properties of planar supported lipid bilayers, our attention was drawn 

to more complex and physiological 3D biomembranes configurations, such as DOPC 

liposomes. We characterized not only the dielectric properties of their membranes, which is in 

good agreement with the results of the previous chapter, but also their internal structure, i.e. 

number of lamellae. 

This chapter is based on the article in preparation: ‘Electrical Properties and  amellarity of 

Single Liposomes Measured by In-Liquid Scanning Dielectric Microscopy’. My contribution to 

this work consists of the experimental measurements (from sample preparation to image 

acquisition) and data analysis using a custom-written Matlab code written by R. Millan-Solsona 

and earlier members of the group. The manuscript was written in collaboration with my 

supervisor G. Gomila and the rest of the authors. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 35: Schematic representation of the in-liquid SDM setup in force detection mode 28, 29 applied to 

liposomes adsorbed on a functionalized metallic substrate. 
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5.1  Introduction 

As we have mentioned in the Introduction, liposomes consist of single or multiple concentric 

lipid bilayers encapsulating an aqueous compartment. Their sizes range from tens of 

nanometres to tens of micrometres 290. Liposomes are widely used as drug delivery 

nanocarriers 291, 292, 293 , as well as cell model systems to study cell membrane properties 290, 

294 , transmembrane processes 81 and intracellular biochemistry 81.   

A bunch of techniques already exist to probe the structural, physical and chemical 

properties of liposomes 295, 296, 297. Among the structural properties, lamellarity, i.e. the number 

of concentric lipid bilayers present in a liposome, is among the most relevant ones. Lamellarity, 

determines the stability of liposome preparations 298, the amount of lipophilic drugs that can be 

encapsulated, the kinetics of its release 293 and the fate of liposomes when interacting with 

cells 295. Moreover, it also determines the overall mechanical 299 and dielectric 300 properties of 

the liposomes, which are relevant in their interaction with cells 301, 302 or in their electrokinetic 

manipulation 303. Finally, in the use of liposomes as cell model systems, strict control of the 

lamellarity is required 81.   

Lamellarity can be determined at the population level by using techniques such as Nuclear 

Magnetic Resonance, X-Ray Small Angle Scattering and Fluorescence Spectroscopy 304, 305. 

These techniques provide the average lamellarity of the liposome population. Lamellarity can 

also be determined at the single liposome level by considering imaging techniques such as 

cryo-Electron Microscopy, Freeze-fracture Electron Microscopy and Light Microscopy 306, 307. 

Lamellarity on single liposomes can also be determined by means of mechanical techniques 

such as micropipette aspiration and deformation 308, 309, and more recently, by means of force 

spectroscopy measurements with the Atomic Force Microscope (AFM) 299. Despite their 

success, single liposome lamellarity techniques still present some drawbacks. The most 

relevant one is that none of them is at the same time non-invasive and label-free, i.e. the 

methods are either destructive and invasive or require of exogenous labels or staining agents. 

Developing a non-invasive and label-free single liposome lamellarity technique would be 
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desirable, for instance, for applications involving the monitoring of processes occurring in a 

single liposome along time.  

The response of single liposomes to external ac electric fields offers a possible route to 

develop such techniques. The response depends on the size and electrical properties of the 

liposomes (e.g. conductivity, lipid bilayer capacitance), but also, on their internal structure. An 

example of it can be found in the use of electrorotation to determine the lamellarity of single 

liposomes 300, 310. In electrorotation, the revolution velocity of a vesicle suspended in a rotating 

electric field cage is determined as a function of the frequency of the external ac potential, from 

where the lamellarity can be inferred thanks to the long-range nature of the electric interaction, 

which probes the liposomes' interior 300, 310. However, downscaling this type of techniques 

based on fixed microelectrode set-ups to probe sub-micrometric liposomes is very challenging 

and has not been achieved yet. An alternative approach consists in the use of nanoelectrodes 

in electric Scanning Probe Microscopy (SPM) set-ups. Measuring the ac electric forces acting 

on a conductive SPM probe in response to an applied ac voltage has been shown, theoretically 

34, 36, 311 and experimentally 33, 35, 37, 38, 39, 312, 313, 314, 315, 316, to provide access to the subsurface 

properties of nanocomposite materials with nanoscale spatial resolution. Examples include the 

detection of carbon nanotubes (and other nanoscale objects) buried within polymer 

nanocomposites 35, 37, 38, 39, 312, 313, 314, the imaging of sub-surface chemical transformation in 

molecular materials 315, 316 and the measurement of the dielectric properties of water confined 

in buried nanochannels 33. 

In the present work we extend the subsurface capabilities of Electric Force SPM techniques 

to the liquid environment to probe the interior of sub-micrometric single liposomes and to 

determine their lamellarity in a non-invasive and label-free way. To this end we use in-liquid 

Scanning Dielectric Microscopy (in-liquid SDM) in the force detection mode 28, which recently 

has shown a high potential for nanoscale electrical characterization in electrolyte solutions 

(e.g. measurement of the local specific capacitance of thin dielectric films and solid supported 

lipid bilayer patches 29, 31, nanopatterned self-assembled monolayers 30 and of the local 
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conductivity and interfacial capacitance of electrolyte gated field effect transistors 41). Here, we 

demonstrate that with this technique one can access the sub-surface properties of sub-

micrometric liposomes and probe the liposomes' interior structure. The proposed approach, in 

addition, provides a method to accurately determine the specific capacitance of the lipid 

bilayers forming the liposomes, which constitutes a key parameter in Bioelectricity 317. 

5.2  Materials and methods 

5.2.1 Liposomes preparation and absorption on functionalized metallic 

substrates 

DOPC multi-lamellar (1,2-dioleoyl-sn-glycero-3-phosphocholine) liposomes were obtained 

by hydration method, without a further step of extrusion, in a salt-reach buffer composed of 

Tris 20 mM, KCl 100 mM. For the preparation of the liposomes, chloroform and methanol, 

HPLC grade, were purchased from Sigma Aldrich; high purity water (18.2 MU cm) was 

obtained with a Milli-Q water purification system (Millipore, Billerica, MA); DOPC specified as 

R99% pure, was obtained in powder form (Avanti Polar Lipids (Merk)) and used without further 

purification. The liposomes were prepared as follows: DOPC was first dissolved in 

chloroform/methanol (3:1) (v/v) solution to a final lipid concentration of 10 mM. Then the solvent 

was evaporated under a nitrogen stream with constant rotation of the vial. The vial was kept in 

vacuum for 6-8 hours to ensure the absence of organic solvent traces. The dry lipid film was 

then resuspended in Tris 20 mM, KCl 100 mM to a final concentration of 0.1 mM. The 

liposomes were spontaneously formed under these conditions and stored at 2ºC -8ºC, always 

protected from light, and used within 1–2 days. A drop of  0 μL of   PC liposomes suspension 

was added to a flat functionalized gold substrate at room temperature (25ºC) and incubated 

for 10 min. The salt-reach buffer and the short incubation time at 20 ºC withhold the rupture of 

most liposomes onto the surface. The multi-lamellar nature also contributes to that. Afterwards, 

the substrate was rinsed several times with Milli-Q water to remove the excess of vesicles in 

suspension and change the imaging media (low salt concentration is necessary for SDM 
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imaging). The flat gold substrates were produced by mica replica (MicroFab Space, IBEC, 

Spain), functionalized with self-assembled monolayers (SAMs) made of 2-Mercaptoethanol 

99.0% (Sigma-Aldrich). The SAMs were prepared by incubating the gold substrates in a 2 mM 

solution of the thiols overnight at 2-8 ºC, protecting the vial from light and from oxidation by 

filling it with nitrogen before storage. Gold was selected for its excellent conductive properties, 

while the alcoholic moiety terminating the thiol molecules was chosen to make the surface 

more hydrophilic, promoting the interaction with the lipid polar heads and the anchoring of the 

liposomes. 

5.2.2  In-liquid SDM measurements 

In-liquid SDM measurements were carried out as explained in Chapter 4, by following the 

methodology described in Ref. 31. The parameters of operation have been set to the same 

values, i.e. we applied an electrical frequency at fel=5 MHz, a modulation frequency fmod=6 kHz, 

and a voltage amplitude v0=0.7 V. The same HQ:NSC19/Cr-Au gold coated AFM probes have 

been used for imaging. Topographic and electrical images have been acquired as before, but 

this time, rather than performing approach curves on the sample, we acquired several constant 

height images at different Z-distances from the substrate. These electrical images have been 

later used to reconstruct electrical curves per points on every liposome. The measured 

oscillation amplitude, 
mod

A ,  was converted to capacitive gradient, dC/dz, through the relation 

reported in Chapter 4. Once again, as described before and in previous works 12, 15, 20, 28, 29, 

approach curves on the substrate were acquired to later calibrate the tip geometry, determine 

the SDM imaging distances, and the substrate and tip interfacial capacitances. 
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5.2.3  Finite element numerical calculations and extraction of the equivalent 

homogeneous dielectric constant of the liposomes 

We quantitatively analysed the SDM images following the methodology applied in Ref. 12 

adapted to the liquid environment 29, 30, and reported in Chapter 4. We calculated the dC/dz 

values by solving the currents model implemented in the AC/DC Electrostatic module of 

COMSOL Multiphysics (Comsol Inc.). The Maxwell stress tensor was integrated over the 

conical part of the tip, with the cantilever effects modelled through a constant offset, C'offset  
30

. 

We did not include ionic diffusive effects, since they can be neglected at the frequencies of the 

SDM measurements 30, 197. The modelling of the tip geometry, the interfacial capacitance 

around the tip (ctip) and on substrate (csubstrate) has been already described in Chapter 4. The 

probe was modelled as in 12, 15, including the presence of  ctip according to 30, and csubstrate, 

as introduced in 29, 31.  

The liposomes have been modelled as caps of height h and width D and geometry 

described by the revolution of the function Z(X)=h-a |X-X0|b, where X0 is the centre of the 

liposome (position of the maximum), a=h/(D/2)b and b=ln(2)/ln(D/FWHM), with FWHM being 

the full width at half maximum. By substituting a and b into the function Z(X), we obtain that 

the geometry is described by: 

 

𝑍(𝑥) = ℎ (1 − (
2 |𝑋 − 𝑋0|

𝐷
)

log(2)

log(
𝐷

𝐹𝑊𝐻𝑀
)
) 

(22) 

This geometry is determined from three parameters of the topographic image, the height, 

h, the diameter, D, and the full width at half maximum FWHM. A spherical cap geometry also 

provides a good description of the measured topography, although, since it is determined from 

only two parameters from the topography (the height, h, and the diameter, D) it is slightly less 

accurate. Explicitly, the spherical cap geometry is given by: 

 𝑍𝑠𝑝ℎ(𝑥) = ℎ − 𝑅𝑐 + √𝑅𝑐
2 − (𝑋 − 𝑋0)

2 (23) 
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where h is the height and Rc the radius of curvature, which for a spherical cap is given by: 

 

𝑅𝑐 =
(
𝐷
2
)2 + ℎ2

2ℎ
 

(24) 

In Figure 36, we compare the predictions of the two geometrical models with the measured 

topography of four adsorbed liposomes spanning the full range of sizes considered. In general, 

both models describe correctly the measured topography, but the phenomenological model 

adjusts better the profiles for larger liposomes. 

Figure 36: Comparison between the measured topography of four adsorbed liposomes (continuous 

black lines) and the modelled geometries according to the phenomenological function in Eq (22) (red 

dashed lines) and the spherical cap function in Eq (23) (blue dashed lines). 
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linear relationships between the parameters h, FWHM and D: 

0 1 2 3

0

50

100

150

200

250

300

Z
 (

n
m

)

X (m)

 Exp.

 Phen.

 Spher.
FWHM=1.14 m

h=197 nm

D=1.67 m

1 2 3
0

50

100

150

200

250

300
 Exp.

 Phen.

 Spher.

D

FWHM=0.7 m

FWHM

Z
 (

n
m

)

X (m)

h=150 nm

D=1.41 m

h

0.0 0.5 1.0 1.5

0

50

100

150

200

250

300

Z
 (

n
m

)

X(m)

 Exp.

 Phen.

 Spher.
FWHM=0.63 m

h=99 nm

D=0.86 m

0.0 0.5 1.0 1.5 2.0

0

50

100

150

200

250

300

Z
 (

n
m

)

X (m)

 Exp.

 Phen.

 Spher.
FWHM=0.42 m

h=56 nm

D=0.66 m



113 

 

 ℎ(𝑛𝑚) = −39.9 + 0.14𝐷(𝑛𝑚) (25) 

 𝐹𝑊𝐻𝑀(𝑛𝑚) = −99.8 + 0.75𝐷(𝑛𝑚) (26) 

These relationships together with Eq (22) allows generating liposome geometries of any 

size compatible with the shape of the adsorbed liposomes. We used this fact, for instance, to 

generate generic theoretical predictions, as those reported later in the text (Figure 38 (a) or 

Figure 42). 

To determine the equivalent homogeneous dielectric constant, εeq, we considered the 

geometrical model shown in Figure 37 (a), in which the whole liposome is assumed to have a 

uniform dielectric constant, εeq, and the shape and size being given from the topographic 

image. To describe the properties of uni-lamellar liposomes we considered the model in Figure 

37 (b). In the model, a membrane of thickness, dm, and dielectric constant, εm, surrounds a 

core with dielectric constant εlip and conductivity σlip. For small membrane thicknesses, the 

dielectric response only depends on the membrane specific capacitance cm=ε0εm/dm. 

 

 

 Figure 37: Schematic of two models for liposomes analysis. (a) Homogeneous model of a supported 

liposome of height (h) and diameter (D) considered to extract the equivalent permittivity (εeq) of the 

vesicles, and (b) model considered to describe uni-lamellar liposomes. 

 

To describe bi-lamellar liposomes, we considered instead the model in the inset of Figure 

38 (a), which adds a concentric internal lamella to the uni-lamellar model at a distance, d, from 

the external membrane. 
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Extraction of the equivalent homogeneous dielectric constant of the liposomes. To 

extract the equivalent homogeneous dielectric constant of the liposomes we have considered 

the model in Figure 37 (a) and followed a similar approach to the one detailed in Ref. 12, with  

the adaptations to the liquid environment discussed elsewhere 29, 30. As mentioned before, we 

calibrated the tip geometry and substrate interfacial capacitance by using dC/dz curves on the 

metallic substrate, as in previous works 12, 15, 189.  he parameters L,  ,  , θ were kept fixed to 

the same values reported in Chapter 4. The tip interfacial capacitance was in this case fixed to c tip=2.7 

μ /cm2. The voltage reduction factor in the present work was α= .2 . With the parameters 

obtained as a result of the fitting process (R, csubstrate, C'offset (Figure 41)), we calculated 

capacitance gradient values, dC/dz, for the tip located on top of the liposomes at its centre at 

a distance Z from the substrate and fitted them to the experimental values with the equivalent 

dielectric constant of the liposome, εeq, as the single fitting parameter. The analysis was done 

with a custom-made software written in Matlab (Mathworks inc.) linked to the COMSOL 

Multiphysics software. 

5.3  Results: dielectric constant and lamellarity of single liposomes 

To measure the response of a single liposome to an external ac electric field we followed 

an approach similar to the one used to analyse the dielectric properties of single dielectric 

nanoparticles and virus particles in air environment 12, 22 , property adapted to work in an 

electrolyte solution 28. A schematic representation of the in-liquid SDM set-up used in the 

present work and applied to a liposome sample is shown in Figure 35.  

The tip-liposome capacitance gradient, dC/dz, is a function of the structural and electrical 

properties of the liposome. Explicitly, the capacitance gradient, dC/dz, depends on the tip-

substrate distance, Z, the frequency of the applied voltage, fel, the tip geometry (tip radius, R, 

and half cone angle ), the liposome geometry and size (height, h, and diameter, D), the 

specific capacitance of the lipid bilayer (cm= ε0 εm/tm, where tm and εm are the thickness and 

dielectric constant of the lipid bilayer and ε0 the vacuum permittivity), the electrical properties 
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of the internal and external solutions (conductivities, σlip and σsol, and dielectric constants, εlip 

and εsol, respectively), and, more importantly, the liposome internal structure (number of 

lamellae, n, and separation between them, d) (see Figure 38 (a)). 

Figure 38: (a) Schematic representation of the theoretical model used to compute the tip-liposome 

capacitance gradient, dC/dz, for the case of a bi-lamellar adsorbed liposome. (b) Numerically calculated 

dependence of the tip-liposome capacitance gradient, dC/dz, for a bi-lamellar liposome as a function of 

the separation between the lamellae, d, for three different conductivities of the internal solution, σlip=0.01 

S/m, 0.1 S/m, 1 S/m (continuous lines). The dashed and dot-dashed lines correspond to the capacitance 

gradient values, dC/dz, for a uni-lamellar model with membrane capacitance cm=0.76 mF/cm2 and cm/2= 

0.38 mF/cm2, respectively. Parameters of the calculations: tip radius, R=30 nm, half cone angle, θ=20º, 

cone height, H=12.5 mm, cantilever disc radius, L=3 μm, cantilever disc thickness, W=3 mm, tip-

substrate distance, Z=150 nm, spherical liposome shape, liposome height, h=100 nm, liposome 

diameter, D=500 nm, internal and external solution dielectric constants, εsol=εlip=78, external solution 

conductivity, σsol=0.2 mS/m, tip interfacial capacitance, ctip=2.7 mF/cm2, substrate interfacial 

capacitance, csubstrate=0.65 mF/cm2 , frequency of the applied voltage, fel=5 MHz. 
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Due to the non-trivial tip-liposome geometry we cannot use analytical expressions to 

determine the system capacitance gradient, dC/dz, and we must resort to numerical 

calculations to evaluate it. Figure 38 (b) shows the numerically calculated tip-liposome 

capacitance gradient, dC/dz, as a function of the inter-lamellar separation for a bi-lamellar 

liposome of diameter D=500 nm and height h=100 nm, with lipid bilayer specific capacitance 

cm~0.76 mF/cm2 (in the range of the usual values for lipid bilayers, cm~0.5-1 mF/cm2). The 

external aqueous solution has been assumed to be of low conductivity (σsol=0.2 mS/m, εsol=78), 

adequate for in-liquid SDM measurements 50, while the internal one has been assumed to 

cover the physiological relevant range σlip=0.01 S/m - 1 S/m (εlip=78). The tip radius, half cone 

angle and tip-substrate distance are R=30 nm, θ=20º and Z=150 nm, respectively, while the 

excitation frequency is fel=5 MHz, above the dielectric relaxation frequency of the external 

electrolyte solution, as required for in-liquid SDM measurements 50. For comparison we plotted 

also the dC/dz values corresponding to uni-lamellar liposomes of the same size with 

membrane specific capacitances cm=0.76 mF/cm2 (dashed lines) and cm/2=0.38 mF/cm2 

(dotted-dashed lines). The tip-liposome capacitance gradient, dC/dz, (continuous lines in 

Figure 38 (b)) clearly depends on the interlamellar separation, d, evolving from the value that 

would correspond to a uni-lamellar liposome with half the membrane specific capacitance, cm/2 

(for small interlamellar separations), to that of a uni-lamellar liposome with the given membrane 

specific capacitance, cm (for large interlamellar separations).  The latter limit is reached only 

for the largest internal conductivities. This behaviour is consistent with the fact that for small 

inter-lamellar separations the liposome is like a uni-lamellar liposome with double membrane 

thickness and, hence, half specific capacitance. On the other hand, for large inter-lamellar 

separations, the liposome behaves as uni-lamellar (with the given membrane specific 

capacitance), since the internal lamella contributes little to the signal due to its very small 

surface area.  
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 For liposomes with larger number of lamellae (n>2) a similar behaviour is expected: for 

small inter-lamellar separations, the capacitance gradient (dC/dz) will show values 

corresponding to a uni-lamellar liposome with membrane specific capacitances cm/3, cm/4, etc. 

for tri-, tetra-, etc; while for large separations, instead, the signal recorded will tend to that of a 

uni-lamellar liposome with specific capacitance cm. These results demonstrate that by 

measuring the tip-liposome capacitance gradient, dC/dz, the lamellarity of single liposomes 

can be determined, as well as the separation between lamellae and the specific capacitance 

of the lipid bilayer membrane. 

Figure 39: (a) AFM topographic image of DOPC liposomes adsorbed on a functionalized planar gold 

substrate. (b) Cross-section topographic (black line) profile along the dashed line in (a). The grey dashed 

line represents the adjustment of profile to the function Z=h-a (X-X0)b. (c) Height versus width (D) of the 

liposomes in (a) (symbols). The continuous line is a linear fit to the data. (d) Distribution of equivalent 

spherical radii of the liposomes in (a) assuming a constant surface or volume area during the adsorption 

(red and blue bars respectively).  
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Figure 39 (a) shows a topographic AFM image of non-extruded DOPC liposomes prepared 

by the hydration method and adsorbed on a flat gold substrate functionalized with a 

Mercaptoethanol self-assembled monolayer, as described above. The liposomes have been 

prepared in a solution with moderate conductivity (σlip=0.8 S/m) and imaged in a low 

conductivity solution (σsol=0.2 mS/m) to facilitate in-liquid SDM operation. The liposomes show 

an approximately spherical cap geometry (see topographic and spherical cap cross-section 

profiles, continuous black and dashed grey lines in Figure 39 (b)). The heights of the adsorbed 

liposomes range from ~25 nm to ~250 nm, and the diameters from ~250 nm to ~2 m (see 

Figure 39 (c)). A linear relationship is found between the height and the diameter of the 

liposomes with a slope (aspect ratio) ~0.14. The relatively low aspect ratio implies a strong 

flattening of the adsorbed liposomes, which is consistent with their very soft nature, since 

DOPC is in the liquid phase at the temperature of the experiments 318. From the measured 

heights and diameters, we have determined the distribution of equivalent spherical radii, Req. 

The comparison of the distribution of equivalent radii obtained by assuming constant the 

surface area or the volume, for the liposomes in (a), is shown in Figure 39 (d) (in red and blue 

respectively). By assuming the surface area to be constant, the equivalent radii distribution 

spans the range ~100 nm-800 nm. If one assumes the volume to remain constant, instead, the 

range of equivalent spherical radii is ~50 nm-500 nm.   

The equivalent radii calculated by considering the surface area and volume of a spherical 

cap, are given respectively by: 

 
𝑆𝑐𝑎𝑝 = 𝜋 [(

𝐷

2
)
2

+ ℎ2] + 𝜋 (
𝐷

2
)
2

 
(27) 

 
𝑉𝑐𝑎𝑝 =

1

6
𝜋ℎ [3 (

𝐷

2
)
2

+ ℎ2] 
(28) 

From which the radii will follow: 
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(30) 

Figure (a) shows a set of four constant height in-liquid SDM images acquired at fel=5 MHz. 

The first image measured high enough to avoid touching any of the liposomes is the one at a 

tip-substrate distance of 270 nm. The images show a negative contrast for all the liposomes in 

the sample (see in Figure 40 (b) the capacitance gradient cross-section profiles along the 

dashed lines in (a), corresponding to the liposome topography in Figure 39 (b)). This fact 

implies that the equivalent homogeneous dielectric constant of the liposomes should be 

smaller than that of the surrounding solution (sol=78) (see below). The smallest liposome 

electrically detected in the SDM image has dimensions h=23 nm and D=402 nm, 

corresponding to an equivalent radius of ~143 nm (indicated with a white arrow in Figure 39 

(a)).  
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Figure 40: (a) Constant height in-liquid SDM images of the liposomes sample in Figure 39 (a) acquired 

at four increasing distances from the substrate; Z=175 nm, 215 nm, 270 nm and 325 nm. (b) dC/dz 

profiles of the liposome indicated by the dashed lines in (a) for the four planes recorded.  (c) Capacitance 

gradient at the centre of each detected liposome in the SDM images measured at four tip-substrate 

distances. For the largest liposomes (h>200 nm,) data for Z=175 nm are not available. Experimental 

parameters: σsol=0.2 mF/m, σlip=0.8 S/m, fmod=6 kHz, vac=0.7 V, k~0.43 N/m, f0=70 kHz (in air). 

 

The value of the capacitance gradient (dC/dz) is determined at the centre of each electrically 

detected liposome (N=81) from the four SDM images. These values are plotted against the 

respective distance of acquisition from the substrate (see Figure 40 (c), where the 

reconstructed electrical approach curves (dotted, coloured data) are compared with the curve 

acquired on the substrate (black continuous line).  

For the largest liposomes no values at the closest distance are obtained. In all cases, the 

signal on the liposomes is smaller than on the substrate at the same height, from where the 
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decreases by increasing the imaging distance. For a given imaging distance the values of 

dC/dz span a range that includes variations ~0.5-0.9 aF/nm much larger than the measuring 

noise (~0.03 aF/nm). This fact implies that different liposomes show different polarization 

properties due to their different sizes, but also, due to their different internal structures, as will 

be shown below. 

To show that indeed the SDM measurements are sensitive to the internal structure of the 

liposomes, we have determined the equivalent homogeneous dielectric constant, εeq, for each 

liposome. εeq is the dielectric constant a homogeneous liposome of a given size would have to 

give the same capacitance gradient values, dC/dz, as the measured one. If liposomes were 

homogeneous, εeq would be independent from its size and shape. Instead, if some internal 

structure is present εeq will depend on the size and shape of the liposome.  

To determine εeq we followed the methods of SDM 12, i.e. we calculated theoretical dC/dz 

vs distance curves for a homogeneous dielectric liposome model (Figure 37 (a) and bottom 

inset in Figure 42 (a)) and fitted them to the experimental dC/dz vs distance values reported in 

Figure 40 (c). Before that, the tip geometry and interfacial capacitances were calibrated from 

an approach curve acquired on a bare part of the metallic substrate  12, 28, 30 (the experimental 

curve and relative fitting is reported in Figure 41). 
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Figure 41: (Symbols) Capacitance gradient approach curve acquired on a bare part of the functionalized 

metallic substrate. (continuous line) Fitted theoretical curve obtained from a tip/substrate model. The 
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parameters fitted are the tip radius, R=43 nm, the substrate interfacial capacitance, csubstrate=0.65 μF/cm2 

and the capacitance gradient offset C'offset=1.49 aF/nm. The tip parameters that have been kept fixed 

are: half cone angle, θ=20º, tip interfacial capacitance, ctip=2.7 μF/cm2, cone height, H=12.5 mm, 

cantilever thickness, W=3 μm and cantilever length,  =3 μm. A global renormalization factor α=1.24 has 

been applied to account for potential losses and uncertainties in the photodiode sensitivity. The 

renormalization factor does not affect the specific capacitance values. 

 

The shape and size of each liposome are obtained from the topographic image, and once 

the tip geometry and interfacial capacitances are calibrated, εeq can be extracted, being the 

single fitting parameter. For the conductivity and dielectric constant of the external solution we 

took σsol=0.2 mS/m and εsol=78, respectively, although the actual conductivity value does not 

play any role since the frequency is above the relaxation frequency of the electrolyte.  

Figure 42 (a) (symbols) show the obtained values for the equivalent homogeneous dielectric 

constants for the N=81 liposomes electrically detected as a function of the height of each 

liposome. The values of εeq show a clear dependence on the size of the liposomes, what is an 

unambiguous indication that the liposomes present some internal dielectric heterogeneity. As 

it is well known, the internal electrical heterogeneity of the liposomes comes from the existence 

of one (or several) lipid bilayers with electric properties much different from those of the 

enclosed solution. We also note that the equivalent homogeneous dielectric constant values, 

εeq, span a range from ~4 to ~48. In all cases, these values are smaller than the dielectric 

constant of the external solution (εsol=78), from where the negative contrast observed in the in-

liquid SDM images (Figure 40 (a)), as anticipated before. 
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Figure 42: (a) (symbols) Equivalent homogeneous dielectric constant, εeq, of the liposomes as a function 

of its height for the liposomes electrically detected in Figure 40 (a). The vertical error bars correspond 

to the fitting error, while the horizontal one to the uncertainty of the height determination. The model 

used in the calculations is shown in the bottom inset. The height and width (and shape) have been 

determined from the topographic image in Figure 39 (a). The tip geometry has been determined from a 

calibration dC/dz approach curve acquired on a bare part of the substrate (Figure 41), giving R=43 nm, 

θ=20º, C'offset=1.5 aF/nm and csubstrate=0.6 μF/cm2. The remaining parameters of the tip and solution are 

the same as in Figure 38 (b). Blue continuous lines: theoretical values for εeq predicted from the uni-

lamellar liposome model shown in the top inset, with membrane specific capacitances cm=0.78 μF/cm2, 

cm/2 and cm/3. For the internal solution  e took σlip=0.8 S/m, εsol=78, corresponding to the solution used 

to prepare the liposomes. Red dashed lines: theoretical values for εeq predicted for a bi-lamellar model 

with cm=0.78 μF/cm2 and interlamellar separations d=5 nm, 10 nm and 15 nm. (b) Distribution of 

lamellarity corresponding to the liposomes electrically detected in Figure 40 (a).  



124 

 

To obtain more information on the internal structure of the liposomes, we have considered 

a uni-lamellar liposome model (Figure 37 (b) and top inset in Figure 42 (a)) with membrane 

specific capacitances cm, cm/2 and cm/3. This model predicts the behaviour expected for uni-, 

bi- and tri-lamellar liposomes for small interlamellar separations, as we have shown before. 

For the internal solution conductivity and dielectric constant, we took the values corresponding 

to the solution used to prepare the liposomes, σlip=0.8 S/m and εlip=78, respectively. For the 

specific capacitance of the lipid bilayer, we have taken the value that makes that no value of 

εeq lies on the left of the curve for the uni-lamellar liposome with specific capacitance, cm. With 

this condition we obtain cm=0.78 μF/cm2. Remarkably, this value is within the range of values 

obtained with the same technique for the membrane specific capacitance of solid supported 

DOPC planar lipid bilayers (cDOPC=0.7-0.8 μF/cm2) 31 studied in the precedent chapter. The 

dependence of the equivalent homogeneous dielectric constant, εeq, as a function of the height 

of the liposomes predicted by this model is shown by the continuous blue lines in Figure 42 

(a). The theoretical curves nicely predict the trend of the experimental equivalent 

homogeneous dielectric constant values with the height of the liposomes. Most experimental 

εeq values fall on the curves corresponding to cm and cm/2, while a few of them fall in between 

the curves for cm/2 and cm/3 and between the curves for cm and cm/2. According to the analysis 

presented above (Figure 38), the liposomes whose εeq values fall on the curves for cm and cm/2 

correspond to uni- and bi-lamellar liposomes, with the lamellae close packed in the latter case. 

Moreover, those liposomes whose εeq values fall between the curves for cm and cm/2 (res. cm/2 

and cm/3) correspond to bi-lamellar (res. tri-lamellar) liposomes with the lamellae being some 

distance apart. The separation between the lamellae can be estimated by considering 

multilamellar models. For instance, by considering the bi-lamellar liposome model in the insert 

of Figure 38 (a) we can determine the theoretical dependence of εeq as a function of the 

liposome height for different interlamellar separations, d. The result of these calculations is 

represented by the red dashed lines in Figure 42 (a). According to this analysis, we can 

conclude that the separation between lamellae for the bi-lamellar liposomes is below ~10 nm.  
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The above analysis shows that the lamellarity of each individual liposome can be 

determined from in-liquid SDM measurements, and that the inter-lamella separation can be 

estimated, especially in the case of low lamellarity liposomes (n=2). The distribution of 

lamellarity corresponding to the sample in Figure 40 (a) is shown in Figure 42 (b). Bi-lamellar 

liposomes are the more abundant ones (~53%), followed by uni-lamellar liposomes (~33%) 

and tri-lamellar liposomes (~14%). 

5.4  Discussion 

We have measured the dielectric properties of sub-micrometric liposomes adsorbed on 

planar electrodes by means of in-liquid scanning dielectric microscopy in force detection mode 

(in-liquid SDM). For each liposome we have measured the equivalent homogeneous dielectric 

constant, εeq, and demonstrated that from this parameter one can obtain information on the 

lamellarity of the liposomes (number of lamellae), the separation between the lamellae, d, and 

the specific capacitance of the lipid bilayer, cm. For the DOPC liposomes analysed here, we 

have detected liposomes containing up to 3 lamellae, with the bi-lamellar liposomes being the 

more abundant ones (Figure 42 (b)). Concerning the separation between lamellae, we have 

found it to be small in the case of bi-lamellar liposomes (d<10 nm), indicating that the internal 

lamella is closed packed with the external one. As lamellarity increases (n>2), the sensitivity 

to lamellarity, and even more, to interlamellar separation, decreases, so that information on 

the interlamellar separation cannot be unambiguously determined.  

With the present approach the lamellarity of the liposomes has been determined in a non-

invasive and label-free way, what constitutes an advantage with respect to other existing 

techniques to determine the lamellarity of single liposomes, such as electron or fluorescence 

microscopies or mechanical probing 306, 307. For instance, with respect to cryo-Transmission 

Electron Microscopy or Freeze-Fracture Electron Microscopy, it offers the advantage of being 

non-destructive, in the sense that it enables determining the lamellarity and performing further 

functional analyses to be carried on a given liposome (e.g. to determine other biophysical 
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properties or investigate biochemical reactions and time dependent processes). With respect 

to fluorescence microscopy, it offers the advantage of being label-free and to provide 

information on the lipid bilayer capacitance, complementary to the functional information 

obtained by using environmental sensitive probes 10, 270, 238. Finally, with respect to mechanical 

techniques such as micropipette aspiration and deformation 308, 309 and force spectroscopy 

AFM 299, the present approach offers the advantage of being a non-contact technique, and 

hence less invasive, and applicable to both gel and liquid phase liposomes. For liquid phase 

liposomes the detection of deformations or multiple rupture events can be problematic due to 

their very soft nature (stiffness ~mN/m) 318. Besides this, the present approach offers electrical 

information on the liposome (e.g. specific lipid bilayer capacitance) complementary to the 

mechanical information obtained from mechanical techniques. 

With the proposed approach one has access to both the lamellarity of the liposomes and its 

size and shape. Therefore, it constitutes a unique technique to investigate whether there is 

any relation between the lamellarity of the liposomes and their size and shape once adsorbed. 

Lamellarity has been shown to (slightly) affect the stiffness of liposomes adsorbed on solid 

supports 299, and the stiffness has been shown to correlate with the liposome shape (contact 

angle) once absorbed 318, so that it is reasonable to expect that some relation can exists 

between the shape of adsorbed liposomes and its lamellarity. To investigate it we have 

characterized the size of the liposomes by the equivalent spherical radius, Req, and the shape 

by the ratio h/Rc, where Rc is the radius of curvature of the liposomes, which if assumed 

spherical, is given by Rc=[(D/2)2+h2]/2h. The parameter h/Rc contains the same information 

than the contact angle, α, for flattened liposomes, since h/Rc=1-cos(α) for α<90. These 

parameters have been used earlier in the analysis of the stiffness 318 and lamellarity of 

adsorbed liposomes 299.  

Figure 43 shows the dependence of the ratio h/Rc with the equivalent spherical radius Req 

for the liposomes analysed in the present work. Symbols have been coloured according to the 
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number of lamellae of the corresponding liposome as determined from the electrical 

measurements (Figure 42). 

 

Figure 43: Geometrical shape ratio h/Rc as a function of the liposome equivalent spherical radius, Req, 

for the liposomes electrically analysed in Figure 42. Symbols have been coloured according to the 

number of lamellae of the corresponding liposome as identified from Figure 42. 

 

According to Figure 43, a correlation between lamellarity and size exists, in agreement with 

usual liposome classifications 295. In the present case, large liposomes (500 nm<Req<800 nm) 

are found to be mainly tri-lamellar; intermediate sized liposomes (250 nm<Req<500 nm) are 

found to be mostly bi-lamellar; finally, small liposomes (Req <250 nm) are found to be either 

uni- or bi-lamellar. Interestingly, large uni-lamellar liposomes (with Req >250 nm) are not found 

in this sample. On the other hand, the liposome shape, represented by the parameter h/Rc, 

does not seem to provide additional information on lamellarity, besides that given already by 

the size, at least for the case of DOCP liposomes. The lack of an eventual relationship between 

lamellarity and shape can be specific of liquid phase liposomes, like DOPC liposomes, for 

which a relation between shape and stiffness was also difficult to establish 318, and for which 

lamellarity analysis by mechanical methods, such as force spectroscopy AFM measurements, 

can find difficulties due their very soft nature 299. The fact that in-liquid SDM can provide the 

lamellarity in the case of both liquid and gel phase liposomes (because is a non-contact 

technique) constitutes a clear added value of the proposed methodology.  
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The in-liquid SDM measurements have shown to be sensitive to the inter-lamellar 

separation, especially for bi-lamellar liposomes, what constitutes a remarkable result of the 

present work. Figure 44 (a) shows the sensitivity of the capacitance gradient to the interlamellar 

separation, ( )d dC dz  , as a function of the interlamellar separation for a bi-lamellar liposome 

for three different conductivities of the internal solution (the curves are just the derivatives of 

the curves shown in Figure 38 (b)). As a reference instrumental value, we have drawn the 

sensitivity corresponding to a 5 nm variation of the interlamellar separation with a typical noise 

of the measuring instrument of ~0.05 aF/nm, ( ) 20.01 aF/nm
ref

d dC dz  =  (dashed line in 

Figure 44 (a)). It is seen that in-liquid SDM is sensitive to the interlamellar separation for 

relatively large conductivities (here for σlip >0.1 S/m). In addition, the range of interlamellar 

distances accessible is also dependent on the conductivity of the internal solution. For 

instance, for the data in Figure 44, it is predicted that the measurements would not be sensitive 

to the interlamellar separation for the smallest internal conductivities (σlip=0.01 S/m and 0.1 

S/m), while for σlip=1 S/m (close to the experimental value of σlip~0.8 S/m) they are sensitive 

to interlamellar separation smaller than ~20 nm only. These simulations confirm what we 

concluded from the analysis of Figure 42 (a). 

In order to improve the access to the interlamellar separation one could vary the frequency 

of the applied voltage, fel. Figure 44 (b) shows the dependence of the sensitivity of dC/dz to 

the interlamellar separation, ( )d dC dz  , as a function of the interlamellar separation for a 

bi-lamellar liposome with internal conductivity σlip=1 S/m, for four different frequencies of the 

applied potential fel=1 MHz, 5 MHz, 10 MHz and 100 MHz (5 MHz is the one used in the 

measurements reported in the present work). The rest of parameters are the same as those in 

Figure 38 (b). As a rule, by increasing the frequency of the applied potential the sensitivity to 

the interlamellar separation decreases and at the same time broadens. Therefore, a trade-off 

between sensitivity and available range of interlamellar distances should be met. The 

frequency of 5 MHz (green line in Figure 44 (b)) used in the present work satisfies precisely 
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this trade-off for liposomes with an internal conductivity in the range σlip~0.8 S/m like the ones 

analysed here. 

 

Figure 44: Sensitivity of dC/dz to the interlamellar separation, d, as a function of the interlamellar 

separation for a bi-lamellar liposome for (a) three internal conductivities, σlip=0.01 S/m, 0.1 S/m and 1 

S/m and (b) four different frequencies of the applied electric potential, fel=1 MHz, 5 MHz, 10 MHz and 

100 MHz. The dashed line represents the sensitivity required to detect an interlamellar distance variation 

of 5 nm for an instrumental noise of 0.05 aF/nm. The rest of the parameters are the same as those in 

Figure 38 (b). 

 

From the analysis of the lamellarity by means of in-liquid SDM we derived also the value of 

the lipid bilayer specific capacitance, cm. The value obtained in the present study, cm~0.75 

μF/cm2, is in remarkable agreement with the value found recently on solid supported DOPC 

planar lipid bilayer patches by using the same technique (cm~0.70-0.8 μF/cm2) 31. This result 

demonstrates that the lipid bilayer specific capacitance can be measured on adsorbed 

liposomes by means of in-liquid SDM. In the case that the specific capacitance was the 

magnitude of interest, it would be more convenient to prepare uni-lamellar liposome samples, 

by using any of the existing methods for that purpose (e.g extrusion or the inverted emulsion 

method). The tip-liposome capacitance gradient, dC/dz, for uni-lamellar liposomes depends 

roughly logarithmically with the membrane specific capacitance in the range of values of 

interest 0.1-1 μF/cm2 (as we see in Figure 45).  
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Figure 45: Numerically calculated dependence of the tip-liposome capacitance gradient with the specific 

capacitance of the lipid bilayer for a uni-lamellar liposome. The dependence is roughly logarithmic. The 

parameters used are the same as in Figure 38 (b). 

 

This dependence is strong enough in relation to the sensitivity of the measuring instrument 

to enable extracting this parameter with good accuracy. We show it explicitly in Figure 46, 

where we plot the sensitivity of dC/dz to the membrane specific capacitance ( )mc dC dz  , 

as a function of the specific capacitance for a uni-lamellar liposome with internal conductivities 

in the range σlip=0.001 S/m-1 S/m (the rest of parameters are the same as in Figure 38 (b)). 

For comparison we plot the sensitivity corresponding to a variation of the specific capacitance 

of 0.1 μF/cm2 for an instrument with noise 0.05 aF/nm, ( ) 20.510m ref
c dC dz nm  =  (dashed 

line in Figure 46). For the range of cm=0.1-1 μF/cm2 the instrument can access to variations of 

the cm. In this respect, it is worth to note that despite the relatively large height of the adsorbed 

liposomes as compared to that of a planar lipid bilayer, the sensitivity of the capacitance 

gradient dC/dz to the specific lipid bilayer capacitance, cm, is similar in both systems. This is 

demonstrated in Figure 46, where we compare the sensitivity of the capacitance gradient to 

the specific capacitance as a function of the specific capacitance, cm, for measurements 

performed on a solid supported bilayer patch 5 nm thick and 500 nm wide (dashed red line) 
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and on a uni-lamellar liposome 100 nm high and 500 nm wide with internal conductivities 

spanning the range 0.001 S/m-1 S/m. The sensitivities for both systems are comparable. This 

result is a consequence of the fact that the ac voltage drop across the lipid bilayer in a liposome 

is much larger than the voltage-drop in the core of the liposome, even for low internal 

conductivities, because the dielectric constant and conductivity of the lipid bilayer (εm~2-3, 

σm~0) is much lower than that of the solution inside the liposome (εlip~78, σlip~0.01-1 S/m). This 

fact makes the size of the liposomes to play a relatively small role. 

Figure 46: Sensitivity of the capacitance gradient to the specific capacitance of the lipid bilayer 

membrane as a function of the specific capacitance for measurements performed on a supported lipid 

bilayer patch (red dashed line) and on a uni-lamellar liposome with internal conductivity spanning the 

range slip=0.001 S/m-1 S/m (black continuous lines). Parameters of the calculations: wpatch=500 nm, 

hpatch=5 nm, wlip=500 nm, hlip=100 nm, σsol=0.2 S/m, εsol=εlip=78, R=30 nm, θ=20º, fel=5 MHz, Z=50 nm. 

Inset: schematic representation of the two systems. 

 

Finally, we comment that in the present work measurements have been done in a low 

conductivity external solution (nominally σsol~0.2 mS/m, although in practice probably higher 

due to salt contamination). In-liquid SDM measurements can be performed also in solutions of 

higher conductivity, as reported earlier 28. In this case higher measuring frequencies become 

necessary. Typically, for solutions up to 10 mM ion concentration measurements can be 

performed for frequencies lower than 100 MHz, following the methods described here. For 

D 

h 
hm 

Dm 

ꝺ
/ꝺ
C
m
 (
d
C
/d
z
) 
[ 
0
2
 n
m
] 



132 

 

higher concentrations, frequencies in the GHz rage would be required, which require of some 

specific adaptations of the measuring set-ups. 

5.5  Conclusions 

We have shown that the lamellarity of single liposomes can be measured in a non-invasive 

and label-free way by means of in-liquid Scanning Dielectric Microscopy. In addition, 

information on the interlamellar separation can also be obtained in low lamellarity liposomes, 

and on the specific capacitance of the lipid bilayer membrane. For non-extruded DOPC 

liposomes with equivalent spherical radius in the range ~100 nm - 800 nm we have found that 

for sizes larger than ~400 nm only tri-lamellar liposomes are identified, for sizes between ~250 

and 400 nm only bi-lamellar ones have been found, while for sizes below ~250 both uni- and 

bi-lamellar liposomes are equally found. No large uni-lamellar liposomes have been detected. 

In the case of bi-lamellar liposomes, we have found that the interlamellar separation was below 

~10 nm. Concerning the lipid bilayer specific capacitance value obtained, it agrees with that 

obtained on planar lipid bilayers. We have shown that the accuracy with which this parameter 

can be determined in the liposomes is similar to that on planar lipid bilayers. One relevant 

advantage of the proposed approach is that it can be equally applied to liquid and gel phase 

liposomes since it is essentially a non-contact technique. Present results open interesting 

routes for the analysis and characterization of single liposomes and of nanovesicles in general. 

 

5.6  Supplementary information 

In the present work, all the theoretical analyses have been done by means of finite element 

numerical calculations. While numerical calculations are necessary in order to obtain an 

accurate quantitative description of the tip-liposome interaction, it would be convenient to have 

at a disposal qualitative analytical models to analyse the complex phenomenology of the 

system.  
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Based on previous analysis of the tip-nanoparticle electrical interaction in air environment 

12, it has been found that the values of the tip-liposome capacitance gradient can be described 

qualitatively by the colloidal theory of multi-shell particles 32, according to the 

phenomenological relation: 

 𝑑𝐶

𝑑𝑧
≈ 𝛼 + 𝛽log (ห𝜀𝑒𝑞

∗ ห) 
(31) 

where εeq
* is the equivalent homogeneous complex permittivity of the liposomes in a uniform 

external electric field 319, 320, and a and b two phenomenological parameters that depend on 

the size of the liposome and of the tip, and on the tip-sample distance, among other factors. 

Figure 47 shows the comparison of the numerically calculated data in Figure 38 (b) with the 

prediction of Eq. (31) adjusting a=3.53 aF/nm and b=1.7 aF/nm and using the expression for 

εeq
* corresponding to a spheroidal bi-lamellar liposome in a uniform electric field (Ref. 32). 
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Figure 47: (continuous lines) Capacitance gradient as a function of the interlamellar separation obtained 

from Eq. (31) with εeq
* given by the expression corresponding to a spheroidal bi-lamellar liposome in an 

external uniform electric field (detailed in Ref. 32) of height h=100 nm, diameter D=500 nm, bilayer 

thickness tm=3.5 nm, and bilayer dielectric constant εm=3 (corresponding to a specific membrane 

capacitance cm=0.76 mF/cm2). The internal and external solutions are assumed to have the same 

dielectric constant, εlip= εsol=78. The external conductivity is σsol=0.2 μS/m (same parameters as in Figure 

38 (b)). The phenomenological parameters in eq. (31) have been set to a=3.53 aF/nm and b=1.7 aF/nm 

in order to reproduce qualitatively the capacitance gradient values numerically calculated for an 

adsorbed bi-lamellar liposome (symbols, same data as in Figure 38 (b)).  
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The agreement is quite reasonable given the crude approximations made. It shows that this 

simple model also captures pseudo-quantitatively the dependence of the capacitance gradient 

on other parameters such as the bilayer specific capacitance or the frequency of the external 

applied voltage, as shown below.  

Figure 48: (a) (continuous lines) Capacitance gradient as a function of the specific capacitance of the 

lipid bilayer for a uni-lamellar liposome of height h=100 nm, width w=500 nm, bilayer thickness tm=3.5 

nm, and an aqueous internal solution (εlip=78) with three different conductivities σlip=0.01 S/m, 0.1 S/m, 

1 S/m, predicted by Eq. (31) with the equivalent complex permittivity calculated with for a frequency of 

5 MHz. The phenomenological parameters appearing in Eq. (31) have been set to a=3.53 aF/nm and 

b=1.7 aF/nm. The symbols represent the results of the finite element numerical calculations made on 

an adsorbed liposome of the same width and height. Remember that the geometry of the adsorbed 

liposome corresponds approximately, although not exactly, to a spherical cap, while the geometry used 

to derive the equation for 𝜀𝑒𝑞
∗  corresponds to a full spheroid (detailed in 32). (b) (continuous lines) Idem 

for capacitance gradient of a bi-lamellar liposome as a function of the inter-lamellar separation and fixed 

lipid bilayer specific capacitance, cm=0.76 μF/cm2 and conductivity slip=1 S/m (continuous lines) for three 

different frequencies f=1 MHz, 10 MHz and 100 MHz. The symbols represent the finite element 

numerically calculated values for a bi-lamellar adsorbed liposome. 
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6. Towards natural samples: In-liquid 

SDM of Purple Membrane Patches 
 

In this chapter we take one step forward, reporting in-liquid SDM experiments performed on 

natural purified purple membrane (PM) patches. The challenges of moving towards the 

analysis of natural systems are presented. We observe that supported PMs can manifest a 

curvature of the membrane surface, which can possibly arise due to environmental conditions 

(e.g. light and pH) or lipid content. We highlight that for the quantification of the dielectric 

constant of PMs by in-liquid SDM, we rely on identifying unambiguously the topography of 

these structures, that can also be affected by electrostatic contributions given by the tip and 

sample EDLs interaction in low ionic concentrated media. Aware of this problematic, we 

performed a preliminary analysis of the SDM data, exploring ways to circumvent this issue and 

evaluating which conclusions could be drawn. However, further investigations are required to 

provide a reliable method of analysis and definitive answers about the dielectric properties of 

PM patches in water. 

6.1  Introduction 

The lipid bilayer forming the “skeleton” of bio-membranes presents a unique two-

dimensional hydrophobic environment for membrane proteins. The study of membrane 

proteins in their functional environment is preferred over, for instance, crystallized proteins 

(which are suitable for X-ray diffraction experiments), also due to the technical difficulties for 

their crystallization 321, 322. 

Several protocols have been developed to produce or purify and later introduce a wide 

variety of proteins in model lipid systems; this is mostly done to simplify their study in a less 

complex environment. However, it is far more appealing to characterize the proteins in their 

native environment; this can be attempted by directly isolating the membranes from cells 
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sources (bacteria, eukaryotic). These procedures are not always easy, and in general provide 

a unique array of technical challenges, but it also creates research opportunities. 

One of the membranes which isolation and purification is quite established, and thus 

constitutes a popular test sample, is the Purple Membrane (PM) 323, 324. PM patches are derived 

from the plasma membrane of Halobacterium Salinarum. They are composed of one single 

type of protein: bacteriorhodopsin (BR), a light-driven proton pump composed of seven 

transmembrane helices.  BR has extraordinary functionality and several high-tech applications 

based on it have been suggested, for instance high capacity data storage 325. 

Upon light exposure, the protein experiences a spectral change that depends on the 

illumination time and reflects the photobleaching process of PM 326. This leads to structural 

changes 327 among which a transient “wedge-like” geometrical change of the protein, due to a 

tilt in one of the seven R-helical domains of BR (helix F). This process is accompanied by 

release or uptake of protons 328 from the cytoplasm to the extracellular space.  

In the membrane, BR proteins form a two-dimensional array: Protein trimers are arranged 

in a hexagonal lattice, surrounded by lipids in a stoichiometric ratio of 10:1 between lipids and 

BR. The stiffness of the BR crystal is consistently higher as compared to the lipid bilayer 329. 

The proteins in the lattice are all oriented in the same way, therefore the patches exhibit two 

different sides, intracellular or cytoplasmic (CP) and extracellular (EC) with distinct 

characteristics (Figure 49). The EC side is very resistant to pH or salt concentration changes 

of the surrounding buffer and maintains the well-known stability of PM. The CP leaflet, instead, 

contains very mobile intertrimer phospholipids largely affected by salt and pH changes 330. 

Charged residues are present on both sides of the membrane 331; glutamates on the EC 

and aspartic acids on the CP. These residues are included in protein’s loops that protrude 

above the lipid surface 326. Among them in particular, a negatively charged C-terminus loop 

(4<pH<9) extends toward the CP side. This C terminus is very dynamic and, in addition to the 
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net charge, it also contains many other polar residues. The charge density of PM patches was 

determined in several works 332, 333, 334 and on different substrates (mica in 335, alumina in 336).  

Figure 49: (a) PM patch in 20 mM Tris, 300 mM KCl pH8 on mica. The patch displays several protrusions 

all around its borders. (b) Schematic of BR proteins in a layer. (c) High resolution images of the BR 

crystal lattice, cytoplasmic (CP) side and extracellular (EC) side, images adapted from 326. (d) Profile 

taken along the white line drawn on the patch in (a); the thickness measured is ~6 nm, quite in agreement 

with literature data. 

 

The thickness of such protein crystal measured by AFM in strong ionic conditions was 

reported to be ~6.4 nm (6.2 nm according to x-ray and electron crystallography studies 337) 

(see Figure 49). Purified patches can sometimes present a ‘corolla’ around the more structured 

protein lattice, mostly composed of lipids (about 2.8 nm). It is also reported that, when the 

membrane is only 1 nm thinner than the crystal, it is probably non-assembled, i.e. composed 

of lipids plus proteins but not in a crystal arrangement 330. This happens at high pH>10, at 

which the assembly can become more difficult. 
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Dielectric studies on PM in dry were extensively carried out by our research group in current 

20 and force-sensing 19 (at kHz frequencies).  

In dry environment (<5% humidity), a constant dielectric permittivity of ~3 was extracted at 

all frequencies, in agreement with previous studies of BR in dry 21; although other works 

reported a value of  ~2 19, 20. Ensemble measurements at the lowest possible hydration (21%) 

provided a value of εr ∼ 3.3 at 1 MHz 338.  

The dielectric constant at MHz frequencies (1 to 10 MHz at least), which is our range of 

operation, was also found to be ∼3 in humidity >30%; while another ensemble study (at 60% 

humidity) reports the double of this value 339. 

Even if BR remains functional despite being dried (in humid air 18), water  plays an essential 

role for dipole fluctuations in the protein as well as for the stacking of proteins into layers 17. 

Furthermore, several other proteins are only functional in liquid environment, stating the 

importance of in-liquid SDM. In the present chapter we take advantage of the implementation 

of in-liquid SDM to carry out dielectric measurements on PM patches in liquid environment, 

opening the way for the study of many more natural biomembranes and their transmembrane 

proteins.  

Yet, the complexity of the quantification of the results is increased, and further research will 

be needed to complete it. 

6.2  Indentation vs electrostatic interaction 

As mentioned, solid supported PM patches  can display a curved topography due to the 

strong coupling between the BR units in the crystalline lattice, depending on pH and 

illumination conditions 340, 341, 342. In nature, only low light levels occur and the total number of 

BRs in the “wedge-shaped” state is supposed to be negligible 343. However, in AFM 

experiments, performed in a drop of few tens of microliters and especially when it is not 

possible to work in buffer (as for in-liquid SDM measurements), the pH of the solution is a 



140 

 

difficult parameter to control. Furthermore, the curvature of PMs can be regulated by lipid 

content 343. All these factors may result in a “dome-like” shaped BR patch. In addition, 

depending on the substrate of choice and the type of interaction established, BR patches can 

even ‘re-close’ their own extremities forming vesicles, or stack on top of each other.  

In general, the topographical characterization of soft systems like natural membranes is not 

trivial to carry out by AFM. When approach curves are performed, depending on the “cohesion” 

of the membrane, the parameters of the lever (spring constant and geometry of the tip apex 

and its radius) and the approach speed, contact events are not even detected, or the object is 

indented before a deflection of the cantilever is visualized.  

Besides being dependent on real topographical features, the height of biomolecules 

measured with the AFM in solution also depends on electrostatic interactions 344. Indeed, when 

a charge of the same sign is present on both the sample surface and tip, in solutions with low 

ionic strenght, the length of the double layers established at the solid-liquid interfaces can be 

relatively high; their overlap occurs at further distances, and a repulsive force is felt by the tip 

as it approaches the sample, in agreement with the DLVO model. This interaction has been 

reported for PM in several works 335, 344, 336 and adds a contribution to the height measured of 

the PM surface, which it is not of structural origin. In this case, what might look like deflection 

of the cantilever due to contact with the surface, can instead just be the result of a long-range 

electrostatic interaction. This effect only vanishes in concentrated buffer solutions (e.g. Tris 20 

mM and KCl 300 mM is normally used to achieve high resolution of the BR crystal lattice) 345. 

In diluted solutions, depending on which side the patch is deposited on the substrate (CP 

or EC side), AFM-topographical images can display a “dome-like” profile. A curved topography 

was observed by Zhong et al. when the CP side of the membrane was facing up 335. This 

topographical feature was only apparent, due to the interaction of the tip with charges on the 

surface and the protein-loop extending towards the outside.  

We carried out similar experiments. The data presented in this chapter were acquired using 

a Nanowizard 4 AFM system (JPK), in collaboration with Oscar Saavedra, PhD student within 
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the SPM2.0 ITN network. The AFM images were acquired in QI force volume mode, while the 

force curves displayed were recorded using the “force map” option of the instrument. Only few 

curves are displayed for clarity.   

   Our measurements seem to support previous findings. In Milli-Q water, some PM patches 

display a high topography (patch A Figure 50 (a)), which vanishes upon buffer addition (Figure 

50 (b)). Other patches are instead displayed flat even in water (Patch B in Figure 50 (a), h~12-

14 nm).  

Figure 50: PM patches on mica. Topography in QI mode with set point 50 pN in Milli-Q (18×18 pixels) 

(a), and after exchange with Tris 20 mM, KCl 100 mM (128×128 pixels) (b). Profiles of patch A along 

the red lines in (a) and (b). Curves acquired on the substrate and in the centre of patch A and B in Milli-

Q water (d) and buffer (e). Tip: MLCT - bio – DC/ cantilever C (material: silicon nitride); k: 0.014 N/m. 

The “dome-like” structure (patch A), visualized in Milli-Q, spontaneously flattened upon addition of salt 

in the media, highlights the electrostatic nature of its topography. This is also visible in the force distance 

approach curves. 
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The force required to overcome the electrostatic repulsion depends on several parameters 

intrinsic to the AFM experiment such as the electrolyte type and its concentration, the pH of 

the buffer solution, the radius and surface charge of the AFM tip and the side (CP or EC) of 

the PM 344, 345, 346. 

Nevertheless, in some other cases, the measured topography is not only the result of an 

electrostatic contribution, since not all the patches flatten after buffer exchange; even if the 

layer thickness often decreases with increasing ionic strength of the medium (Figure 51). 

 

Figure 51: PM patches on mica. Topography of a “dome-like” PM patch acquired in QI mode (128×128 

pixels, set point 130 pN) in Milli-Q water (a) and after exchange with Tris 20 mM, KCl 100 mM buffer (b). 

(c) Profiles of the two topographies along the dashed lines in (a) and (b). (d) Force curves in Milli-Q on 

the substrate (black) and in the positions indicated by the blue pixels in (a). (e) Force curves on the 

substrate (black) and in the positions indicated by the red pixels in (b), after buffer addition.  
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even if the extremities of the patch re-approach the thickness of a single BR layer, the centre 

still displays a height of ~ 85 nm (by applying a force of 130 pN), which we identify this time 

with a real topographical feature.  

These observations would confirm that both effects of curvature and charge can be present 

when imaging PM in Milli-Q. Whether the topography observed is real (curved membranes) or 

an effect of charges on the surface (apparent “dome-like” topographies), the amplitude of 

oscillation and the set-point value greatly affect the profiles obtained. Important topographical 

variations of PM can be observed, as reported, depending on the buffer concentration 344 and 

the applied force 347 344, in line with our experiments (Figure 50, Figure 51).  

In AFM, it can be difficult to discriminate between pure electrostatic interaction and actual 

indentation. One way to attempt it, is to fit the force-distance curves with different models; 

Hertz for indentation (which can be also modified to consider the bottom effect 348, 172) and 

DLVO for the electrostatic regime. However, even if a variety of models has been developed 

for the interpretation of AFM data on biological samples, difficulties in discriminating artefacts 

in topographies are still present. 

The two effects of actual curvature and fictitious topography due to electrostatic interaction 

further complicate the determination of the contact point, which remains a challenge for soft 

samples like natural membranes and intact cells. Imaging a surface under different salt 

concentration provides a route to distinguish electrostatic from purely topographic interactions.  

The complexities associated to the imaging of PM patches are representative of the 

complexities expected when dealing with natural samples. For this reason, we considered PM 

to be a good test sample to investigate the capabilities of in-liquid SDM to address the dielectric 

properties of natural biomembranes. In what follows, we describe the results obtained from a 

preliminary study and the conclusions drawn from it, which, even if not fully satisfactory, could 

be of interest for further dielectric investigations on natural membranes. 
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6.3  Materials and methods 

6.3.1  Sample preparation for in-liquid SDM measurements 

PM patches suspended in 20 mM Tris, 100 mM KCl buffer have been provided by Dr. Milhiet 

at CBS, Montpellier (purified from Dr. Levy, Institut Curie, Paris, France).  0 μL, 2 μ  P  

suspension in 20 mM Tris, 100 mM KCl, pH 8 were incubated over freshly cleaved HOPG, for 

15 minutes and at room temperature. Afterwards, the buffer was gently exchanged with Milli-

Q water, with the scope of removing weakly attached membrane patches and providing the 

low ionic conditions to carry out SDM imaging. High purity water (18.2 MU cm) was obtained 

with a Milli-Q water purification system (Millipore).  We underline that the pH of a  0 μL drop, 

where we perform our SDM experiments, cannot be accurately controlled in absence of buffer 

349, and pH mis-regulation in the sample is a real possibility. 

6.3.2  In-liquid SDM measurements 

In-liquid SDM measurements were performed in liquid according to the reported 

methodology 28, in a commercial Cypher-S AFM system (Oxford Instruments), using 

HQ:NSC10/Cr Au gold coated probes. The applied voltage had an amplitude 0.75 V, electrical 

frequency 10 MHz and modulation frequency 2 kHz. The oscillation amplitude measured at the 

ωmod was converted to capacitance gradient values as in previous works 30 and as reported in 

Chapter 4.  

Topographic and dC/dz images in constant height have been acquired in parallel as 

described earlier in this work. In some cases, at close Z-distances, features start to appear in 

the phase of the electrical pass, possibly indicating mechanical contact with the surface. 

Indeed, we normally use this image to monitor the contact with the sample. However, we are 

not sure whether the phase of the electrical pass can display some other effect, due for 
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example to conductivity, that might have to be considered when imaging membrane proteins 

(channels or pumps). 

The image acquisition settings (set point, scan speed and gains) were always chosen to 

optimize the electrical images. In some cases, the thickness of the patches is consistent with 

literature data; in some others, “dome-like” features are revealed upon slight changes of set-

point. Even when the patches topography in the images is displayed as flat, the layers 

adhesion to the substrate is not guaranteed, since it is setpoint dependent. In our case, this 

happens especially because the spring constant of the tip used for the electric measurements 

is quite high (~0.5 N/m) as compared to the ones used for imaging biological samples, and the 

set-point is not always kept minimum. Force distance curves have been recorded on the 

substrate and normally in the centre of each patch. The mechanical approach curves can be 

used to further investigate the real topography of the sample. The fact that an electric field is 

applied while acquiring the mechanical approach curves might be another factor to consider, 

although possible effects on the material and its topography still have to be verified. 

The electric curves on the substrate, as always,  serve for calibration of the tip geometry, 

determination of the SDM imaging distances, and the substrate and tip interfacial capacitances 

as reported in previous works 20, 12, 28, 29, 15 and Chapter 4, 5. In several cases, most of the 

images in constant height are acquired at distances where the cantilever starts to display some 

deflection in the force-distance curve. Thus, we are not sure whether the system is being 

indented or the deflection is due to space charge layers. For this reason, the images are not 

used for quantification, but only help us doing some qualitative considerations. By the same 

token, the electric curves acquired on the patches are solely considered for fitting from far Z-

distances, where we can be sure of avoiding mechanical interactions, van der Waals forces or 

the presence of diffusive space charge layers. 
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6.3.3 Finite-element numerical calculations and extraction of the specific 

capacitance 

We quantitatively analysed the SDM images following the methodology applied in Ref. 12 

adapted to the liquid environment 29, 30, as described in Chapters 4.  

We calibrated the tip geometry and substrate interfacial capacitance by using dC/dz curves 

on the metallic substrate, as in previous works 12, 15, 189. The parameters L, H, W were kept 

fixed to the same values reported in Chapter 4.  he half cone angle, θ, was fixed to 20º. The 

remaining parameters R, ctip and csubstrate were obtained from the fitting (they are reported in 

the caption of Figure 54).  he voltage reduction factor was α= .15.  

To extract the dielectric constant of the PM, given the uncertainties in the topography of the 

patches, which can vary from flat to dome-like of several tents of nanometers, we carried out 

the quantification considering different possible geometries. 

When the patch is considered flat, the system is modelled as a dielectric disc of radius Rm, 

thickness dm and dielectric constant εm (corresponding to a specific capacitance cm=ε0εm/dm), 

as in previous works 30, 31. 

When the patch is considered dome-like instead, its geometry is defined by the function 𝑍 =

ℎ − 𝑎𝑥𝑏 , where 𝑎 =
ℎ

𝐿𝑏 , 𝑏 =
𝑙𝑛(2)

𝑙𝑛(
𝐿2

𝐿⁄ )
. A shell of thickness, dm, and dielectric constant, εm, 

surrounds a core with dielectric constant and conductivity of water, εwater~80 and σwater ~ 188 

uS/m respectively.  

In this model, the distributed capacitance, csubstrate, obtained at the substrate/liquid interface 

outside the object, it is also assigned to the interface inside the structure. 

The electric force acting on the probe depends on the specific capacitance of the 

membrane, as clarified in Ref. 31, but also, in the case of “dome-like” patches, on the properties 

of the media that they enclose, as shown in Chapter 5 (and of course the proximity of the 
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surface to the tip). Capacitance gradient approach curves were calculated with both flat and 

inflated patch model by varying the tip-patch distance, Z, in the geometrical model. 

After calibration of the tip geometry 20, 12, 28, 29, 15, the permittivity of the PM (εm) in the case 

of a flat patch was obtained by fitting the experimental curve on the membrane patch with a 

table of curves calculated for different permittivities 29, 30. 

In the case of an inflated patch, the permittivity was instead determined by varying 

progressively the height of the simulated dome and fitting the experimental curve to the 

calculated curves for different permittivities of the layer. Here the experimental curve was 

progressively shifted by the simulated topography for each case, as the reference for the 

simulations is the Z tip-sample distance. 

We have to consider that the permittivity of the membrane obtained is only meaningful when 

the simulated model coincides with the real geometry of the membrane patch.  
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6.4  Results and discussion 

Figure displays an SDM experiment performed on PMs patches in Milli-Q water.  

Figure 52: SDM measurements of PM patches on HOPG, in Milli-Q. (a)Topographic images acquired in 

tapping mode. The first image to the left is a zoom-out of the area later selected (red dashed frame), 
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which is further scanned changing the set-point. The profiles of the two patches, A and B, traced along 

the white dashed lines in the topographies are reported in (b). (c) Electric images in constant height at 

increasing distances from the substrate. The profiles traced along these images are displayed in (d). (e) 

and (f) are the phase and deflection image of the electrical pass, respectively.  

 

After a first scan over a larger area which contains several PMs (left image in Figure 52 (a)), 

we focused on patches A and B, enclosed in the dashed red frame drawn on the image. Four 

topographical images have been acquired starting from lower to higher force, until the 

thickness of the BR layers is recovered (see also the respective profiles in Figure 52 (b)). We 

can observe that when a lower force is applied, both patches display a “dome-like” topography 

with a maximum of ~16 nm. However, we do not know whether this topographical feature is 

apparent, i.e. due to electrostatic repulsion, or real, i.e. the patches are inflated and full of 

water, with only the borders adhered to the surface. The topography observed could also be 

the result of a combination of these two effects, as discussed before. Besides, even excluding 

the presence of an electrostatic component, we cannot ensure whether the measured profiles 

correspond to the real height of the patches, or if the hard tapping is affecting their shape 

consistently. 

In parallel to topography, dielectric images in constant height at increasing Z-distances, 

phase and deflection images are acquired in the electrical pass (Figure 52 (c), (e) and (f) 

respectively). As the phase images do not display any feature, we presume that the surface of 

the layers is not being touched during the acquisition of the electric images, not even when the 

closest scan to the surface is performed. However, the tip, although very minimal (maximum 

~0.3 nm), does display some deflection while passing over the patches.  
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Figure 53: (a) Mechanical approach curves over the substrate and the centre of each patch (a). A zoom-

in of these curves at short distances is displayed in (c). The tip starts to deflect slightly at ~50 nm from 

the surface. (b) Electrical approach curves measured in parallel to the mechanical ones. The curves are 

also represented in log scale to better evidence the difference at short distances (d).  

 

In addition to images, force curves have been acquired on the substrate and at the centre 

of patch A and B (see Figure 53). 

The electrical force curves acquired on the patches (red and blue, Figure 53 (d)), 

intersecting at ~25 nm from the substrate surface, explain why the images dielectric contrast 

between patch A and B reverses as we scan from the closest (Z=23 nm), to the second plane 

acquired (Z=32 nm) (see dielectric profiles in Figure 52 (d)). 

From the zoom-in at short Z-distances of the mechanical approach curves (Figure 53 (c)), 
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distance, the electrical approach curves on the two patches start to diverge (Figure 53 (d)), 

while at larger distances they are indistinguishable. 

This initial deflection, starting at ~50 nm for both patches and increasing very smoothly, 

could possibly be due to electrostatic repulsion. The curve on patch A seems to display a 

second regime, starting at ~25-30 nm, which could maybe mark the beginning of the 

indentation of the layer. 

Although the previous speculations are not unreasonable, we cannot rely on them until we 

confirm the nature of the interactions observed and precisely identify the contact with the PM 

surface. For this reason, in the attempt of exploiting in-liquid SDM to gain information about 

the dielectric properties of the PM, we decided to model the layers topography with a set of 

different possible geometries. 

As previously mentioned, in order to be sure of not dealing with indentation or space charge 

layers effects, that are not considered by the models, the fitting of the experimental curves on 

the PMs with the calculated data is only performed considering the far part of the electrical 

curves, where the mechanical counterpart is not displaying any deflection of the tip. 
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Figure 54: (a) Topography of the patches A and B measured at the lowest set-point. An average radius 

is defined from the dashed circles enclosing the layers, respectively of 280 nm for A and 220 nm for B. 

(b) The fitting of the profile of A to the function 𝑍 = ℎ − 𝑎𝑥𝑏, used to simulate the geometry for curved 

patches, is reported as an example. (c) Experimental curve on the substrate (black, empty circles) and 

best fit achieved by simulations. Parameters obtained: α=1.15, R=25 nm, θ=20º, ctip=1.8 μF/cm2, 

csubstrate=0.89 μF/cm2. Experimental curves on patch A (coloured empty circles); they are always the 

same data but progressively shifted to the left depending on the simulated height of the patch. The 

model of the ‘floating patch’ used to calculate the theoretical curves is shown in the inset. The permittivity 

and conductivity of the solution enclosed inside the dome-like structure were assumed to match the 

ones of water (outer medium: 78 and 188 uS/m respectively). The thickness of the membrane was set 

to be 6 nm, the width at half maximum of the structure is kept constant (L2=195 nm) since it changes 

only very slightly as the height changes. The height of the dome-like structure is progressively increased 

(10-100 nm), and the experimental data are fitted to simulated tables of curves. The best fitting for each 

curve is represented by a continuous line of the respective colour in (c). (d) Permittivity of the membrane 

obtained for each case. The analysis was also carried out with the model of the flat patch (first point of 

the trend in (d)). The same quantification was repeated for patch B. 
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From this analysis (Figure 54) we obtain that, when the patch is assumed to be curved and 

the dome model is used, the permittivity of the membrane is always higher than 5 and 

progressively increases as the simulated structure is higher. Instead, when the PM patches 

are considered flat, i.e. as if the topography displayed was not real but an effect of charges, 

we obtain εpatch A =  .2 ±0.5 and εpatch B = 3.3 ±0.5. 

We collected additional data for other patches (Figure 55 and Figure 56) within the same 

experiment and carried out the analysis in the same way. 

Figure 55: PM patches on HOPG in Milli-Q. (a) Topography in tapping mode, electric image in constant 

height at 55 nm, phase and deflection in the electrical pass. The profile of the topography and electric 
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image along the white dashed arrows are displayed in (b) and (c) respectively. Mechanical approach 

curves on the substrate and the centre of each patch are displayed in (d), electrical ones recorded in 

parallel in (e). The inset of (e) shows an additional SDM image in constant height at about the same Z-

distance, 56 nm, which shows interesting features, as the smaller patch, C, displays a clearer central 

area surrounded by a darker border.  

 

Figure 55 shows two patches with the same thickness (C and D). Patch C, while smaller, 

exhibits a much larger electric contrast than patch D. This does not agree with the lateral size 

effect discussed for flat patches in Chapter 4. Higher topographies were not revealed in this 

case. However, this observation does not discard the possibility of having features like the 

ones of the previous experiment, since the AFM parameters have been optimized for electrical 

imaging. As in the previous case, the electrical approach curves on the patches display 

deflection at several tens of nanometers away from the surface. In particular, we also observe 

a small kink in the red curve (patch C) at ~50 nm. This feature is even more evident in the 

respective electrical curve and represents a possible point of interaction with the layer’s 

surface. The electrical pass phase, at 55 nm, shows some subtle features (see dashed red 

circle on the image in Figure 55). This could be a further confirmation that patch C is curved 

and full of water, with a topography of ~50-55 nm. The deflection image recorded in the 

electrical pass also shows a higher deflection on the smaller PM layer. Nevertheless, once 

again, it is hard to identify with precision the contact points with the patches’ surfaces. 
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Figure 56: PM patches on HOPG in Milli-Q water. (a) Topography in tapping mode, electric image in 

constant height at 40 nm, phase and deflection in the electrical pass. Profile along the dashed arrow 

traced in the topography (b) and along the capacitance gradient image (c). (d) Tip-sample distance 

curves on HOPG and on the centre of each of the patches. A zoom-in of the curves is displayed in the 

inset of the figure; the y-axes was transformed into force (nN). (e) Electrical approach curves recorded 

in parallel with the mechanical ones.  

 

An additional measurement is shown in Figure 56; this time the two patches display the 
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due to indentation of a higher structure, or a combination of both as we suspect in the case of 

patch C. 

For these additional measurements, we extracted the dielectric permittivity of the PM 

patches C, D and E (F gives results similar to E) as before, by simulating different possible 

topographies, from flat patches to “domes” of different height. The results are reported below 

(Figure 57). 
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Figure 57: Dielectric constants extracted for every patch by simulating progressively higher 

topographies. The permittivity of the membranes obtained when the patches are assumed flat are: εpatch 

A = 3.2 ±0.5, εpatch B=3.3 ±0.5, εpatch C =4.9± 0.5, εpatch D = 4.1 ± 0.5, εpatch E = 4.0 ± 0.5. 

 

The permittivity of the different patches, when considered flat, ranges from ~3 to ~5. These 

experiments have been all performed with the same tip; very similar parameters for its 

geometry and interfacial capacitances are extracted and used for quantification. Under- or 

overestimation of the lateral dimension of the layers is possible, although it does not seem to 

account for the differences encountered between the dielectric constants. Indeed, for instance, 

the patches C and D are found in a crowded area, and possibly their average radius is being 
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underestimated; however, when larger radii are considered, the permittivity obtained is even 

higher. 

Thus, if all the patches are in reality flat, the difference found between the dielectric 

constants of the PM could depend on composition or on some conductivity effect, that the flat 

patch model does not account for. In particular, one would expect a difference in permittivity 

between the patches C and D, given the different contrast they display in the dielectric images. 

However, when calculated trough the dC/dz curves, the permittivity of patch C (4.9 ± 0.5) is 

obtained higher than the one for patch D (4.1 ± 0.5), while, because of the contrast shown, it 

should be the opposite. This fact might lead us to think that, instead, the layers have different 

topographies, and thus the flat patch model does not provide truthful results in some cases. 

Increasing trends of the permittivity of the layers are obtained with the inflated patch model, 

with different steepness, depending on the patch. The trends of A and B are superimposable 

and rise more rapidly with the height simulated. Patch D of the second experiment (Figure 55) 

and patch F of the third (Figure 56) also display the same behaviour, while the trend of patch 

C is approximately in the middle. 

It is important to underline once more that the permittivity of the layer is the correct one only 

when the real geometry is simulated, i.e. in one single point of each trend in Figure 57.  

Given these results and from the discussion above, one might propose that patches D and 

E are really flattened on the surface and possess a permittivity of ~4, while the other three 

patches, in addition to a possible contribution of an electrostatic component, are in reality 

curved. However, the uncertainty in the real topography, for the moment, does not allow us to 

precisely extract the permittivity of the layers, which nevertheless seems to be higher than 5. 

Further analysis will be carried out to untangle the problem and identify the true topography 

of these PM patches, which will give us access to εPM for each case. 



158 

 

6.4  Conclusions 

We have measured the dielectric properties of PM patches in Milli-Q water. We exposed 

the difficulties in the determination of the real topography of the patches, since PM can form 

curved, dome-like structures, but also electrostatic contributions to topography can increase 

the complexity of the case. This problematic is actually very relevant for the study of many 

other biological systems in water, such as cells. The presented experiments can offer a 

simplified case of study and maybe the possibility to better understand how to overcome this 

difficulty. For the moment, we carried out a preliminary quantification of the measurements for 

several possible cases. Although we can speculate on the position of the contact point, further 

analysis will be needed to ensure the truthfulness of our evaluations. 
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Conclusions 
 

In this work of thesis, we achieved nanoscale dielectrical characterization in liquid of lipid 

membranes with heterogeneous composition, i.e. DOPC and DOPC:cholesterol, of DOPC 

liposomes presenting a 3D geometry, and of PM patches as a representative example of 

natural membranes. The technique selected to carry out the present study was in-liquid 

Scanning Dielectric Microscopy.  

The specific capacitances of the two components, DOPC and DOPC:cholesterol, have been 

found to be cs,DOPC = 0.9-1 μF/cm2 and cs,DOPC:chol = 0.6-0.7 μF/cm2 respectively. Therefore, we 

concluded that cholesterol at 50% concentration strongly reduces the specific capacitance of 

supported DOPC bilayer patches. The reduction of the dielectric constant of the 

DOPC:cholesterol bilayer patches can be associated to the dehydration of the polar head 

groups caused by the presence of cholesterol molecules.  

Indeed, we underline that, although the differences are subtle, while the value of permittivity 

obtained for pure DOPC is of ~3-3.5, in agreement with preliminary studies in liquid 29, the 

dielectric constant extracted when high percentage of cholesterol is present, is more similar to 

the value obtained for bilayers in dry conditions (~2) 21. Very different electric contrast was 

observed for the two components; this constituted a first proof-of-concept of the possibility of 

achieving non-invasive, label-free mapping, with in-liquid SDM. 

On the technical side, when imaging planar membranes in liquid conditions, we have found 

a more pronounced lateral size electrostatic effect, as compared to the case of air 

measurements. Thus, the modelling was adapted to account for the finite lateral dimension of 

the lipid patches 30, and the dielectric properties extracted with good precision. Although the 

dielectric contrast in the image greatly reduces as the lateral extension of the bilayers 

diminishes, we demonstrated that the specific capacitance of the layers does not depend on 

it. This holds true for patches down to, at least, ~200 nm in lateral size.  
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Afterwards, we have analysed the dielectric properties of a population of multilamellar 

DOPC liposomes. In this case, we have shown how the signal depends on the dielectric 

properties of the shell and on the conductivity of the core, but also on the number of lamellae 

and their separation, that was determined for liposomes down to ~100 nm spherical radius in 

a non-invasive way. The bilayer specific capacitance was found once again in agreement with 

previous results (0.   μ /cm2), demonstrating the reliability of the technique. The accuracy of 

determining the specific capacitance for liposomes is similar to the accuracy obtained with 

planar lipid bilayers. Liposomes up to three lamellae have been identified in the batch, the 

smaller ones being for the most part uni-lamellar and the bigger ones being mainly tri-lamellar. 

Bi-lamellar liposomes were the most abundant, with intra-lamellar separations up to 10 nm. 

The number of lamellae cannot be extracted accurately from a geometrical analysis of the 

liposomes, and force spectroscopy measurements are much more invasive. Thus, this study 

opened interesting possibilities for the characterization of natural vesicles of very soft nature, 

since the technique is essentially non-contact. 

Once concluded the study of model membrane systems, we focused on extending the 

methods to natural membranes, where increased complexities were expected. To this end, we 

studied the dielectric properties of a very popular natural purified membrane sample, PM 

patches. We have performed a preliminary analysis by imaging the patches in QI mode, with 

a soft tip, in Milli-Q water and after exchange with Tris 20 mM, KCl 100 mM buffer. When in 

Milli-Q water, we highlighted the possible coexistence of a curvature of the membrane together 

with a contribution to topography given by pure electrostatic interactions. 

Since the two effects are not trivial to distinguish, and in general, it is often problematic to 

determine the contact point with very soft samples like membranes, the true topography of 

these patches remains uncertain. The quantification of the permittivity of the layer was thus 

carried out for several possible cases, i.e. assuming the patch being from flat to dome-like, 

with a progressively higher height. We remark that the dielectric constant obtained is only 

meaningful when the model reflects the real geometry of the system. We are currently looking 
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for strategies to discriminate the topography with the sufficient accuracy to obtain meaningful 

values of the permittivity of PMs. If successful, interesting conclusions could be drawn 

regarding the electric properties of this first natural sample with high protein content measured 

by SDM in liquid conditions. 
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Future Perspectives 
 

The present work of thesis leads the way to interesting future perspectives, some of which 

have already been examined during the development of this thesis. The first case refers to the 

study of the nanoscale dielectric properties of living cells. Characterizing for the first time the 

dielectric properties of the membrane of a cell in activity could reveal very interesting features, 

from the presence of nanoscale compositional heterogeneities never spotted in vivo before, to 

manifested bioelectrical phenomena related to the action of ion channels and pumps. Initial 

investigations with living Neuroblastoma cells have been carried out by using SDM in force-

volume mode 26. This project was developed in collaboration with Maria Elena Piersimoni, a 

PhD student in the framework of the SPM2.0 Marie Curie network.  

For imaging, several buffers with low ionic molarity have been screened to compromise 

between the possibility of operating in-liquid SDM and obtaining good electrical curves, and 

the wealth of the cells, which are quite delicate systems and whose functioning depends on 

temperature, nutrients, pH, etc. A solution of 20 mM MOPS buffer was selected for imaging by 

SDFVM (Figure 58).  

Figure 58: (a) Topography of a neuroblastoma cell in 20 mM MOPS, well adhered and stretched on a 

gold substrate, acquired in QI mode with a Nanowizard 4 AFM system (JPK). (b) Examples of two 

electrical force curves, out of the whole data cube acquired by SDFVM, on the metallic substrate (black) 

and on the cell (position indicated by the light blue arrow in (a). Parameters of the in-liquid SDM 
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measurement: amplitude of the applied voltage, 1 V, electrical frequency 2 MHz and modulation 

frequency 2 kHz.; Probe: PPP-CONTSCPt from Nanosensors (k=0.1 N/m).  

 

Applying in-liquid SDM to living cells can pose some challenges, because the sensitivity of 

the method decreases quickly as the thickness of the sample increases. In addition, cells can 

be very hydrated, to the point that their electric properties are maybe not so different from their 

environment. Furthermore, as already discussed for the purple membranes case, the 

determination of the “true” topography of such soft samples is a crucial point to address.  

The examination of the results, currently ongoing, is now being led by Ruben Millan-

Solsona. The group is also collaborating with experts in the field, trying to implement new 

algorithms for the analysis of these cubes of data generated by SDFVM.  

Besides its application to biological samples, in-liquid SDM offers important applications in 

other fields of research where electrical characterization in liquid is necessary. One example 

is represented by the case of electrolyte-gated organic field effect transistors, EGOFETs, 

which in recent years have been used to carry out  bioelectronic recording of excitable cells 

128, 350, 351 and very much investigated as biosensors 42, 352, 353, 354, 355, 356.  

Unlike the classical Organic Field Effect Transistor (OFET), where a solid dielectric is used 

for operating the transistor in air, EGOFETs have instead the organic semiconducting film in 

contact with an electrolyte solution.  

In this framework, I used my expertise with in-liquid SDM to contribute to the nanoscale 

electrical characterization of an EGOFET under operation (Figure 59).  



166 

 

 

Figure 59: (a) In-liquid SDM setup for the nanoscale electrical characterization of a functional EGOFET.  

The organic film is a blend of the semiconducting material 2,8-difluoro-5,11-

bis(triethylsilylethynyl)anthradithiophene (diF-TES- ADT) with the insulating polymer polystyrene (PS). 

EGOFETs are normally non-permeable to ions, charges are injected in the organic material with the 

help of a gate voltage and can be driven along the device by applying a source/drain voltage. In order 

to incorporate the in-liquid SDM technique presented in Chapter 3 to the functional EGOFET; we have 

used the SDM probe as both gate electrode and force sensor. An amplitude-modulated ac potential with 

frequency ωel > 1 M z and modulation frequency ωmod of about 2 kHz is applied between the source of 

the transistor and the conductive probe in the electrolyte solution. An additional dc voltage offset is 

applied as a gate voltage VGS. A potential VDS is applied between the source and the drain, and the IDS 

current is recorded by a current–voltage source meter (not shown in the figure). In this way local 

electrostatic force versus gate voltage transfer characteristics were obtained on the device in parallel to 

the global current–voltage transfer characteristics of the EGOFET. (b) Constant height dielectric images 

reconstructed from the electric force–voltage transfer characteristics curves for three gate voltages VGS, 

as the transistor goes from the off to the on state. 
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 When the transistor passes from the off state to the on state, dielectric images of the 

semiconductor surface acquired at different gate voltages evidenced sub-micrometric 

heterogeneities in the polymeric layer due to vertical phase separation of diF-TES-ADT and 

PS (Figure 59). Such features are sometimes not displayed in topography, as they can 

measure only ~1 nm in thickness (see Ref. 41 for additional images). 

The contrast in the electric images is instead very evident and enables to directly identify which 

parts of the surface are covered by PS and which parts are not. These heterogeneities are 

given by interfacial capacitances and conductivity effects, which were mapped in liquid for the 

first time and quantified with the help of numerical calculations. The analysis of the data was 

carried out by other members of the group. Such findings would offer the possibility to optimize 

the device performance and open fascinating possibilities to study the transduction 

mechanisms at the organic semiconductor/electrolyte interface relevant for bioelectronic 

applications.  
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Resumen 
 

La estructura y propiedades fisicoquímicas de las biomembranas son fundamentales para 

el funcionamiento de las células, y muchas patologías (cáncer, neurodegeneraciones, 

obesidad, etc.) 1, 2 se han asociado a su alteración . Por este motivo, las biomembranas han 

sido objeto de intensas investigaciones. Sin embargo, todavía existe un conocimiento limitado 

de las biomembranas, que muestran una estructura heterogénea a la nanoescala, que en 

realidad son las que están presentes de forma natural en las células y determinan muchos de 

los fenómenos que ocurren a través de ellas a nivel molecular 3, 4. 

Las propiedades eléctricas, debido a su papel destacado en la electrofisiología, se 

encuentran entre las propiedades físicas más relevantes de las biomembranas. La mayoría 

de las veces se presta atención a las propiedades de conducción de las biomembranas y al 

papel que juegan en ellas los canales iónicos. Sin embargo, las propiedades dieléctricas de 

la biomembrana también son de interés central en los fenómenos bioeléctricos y, también, 

pueden considerarse como un poderoso indicador de la composición de la biomembrana, que 

puede aprovecharse para desarrollar métodos de mapeo sin marcadores. Sin embargo, la 

mayoría de las técnicas disponibles han abordado las propiedades de la membrana dieléctrica 

en la macroescala y al nivel de células individuales (micrómetros), por lo que carecen de 

resolución espacial. En otros casos, hacen uso de etiquetas exógenas, como en el caso de la 

resonancia paramagnética de espín 5, 6 y la microscopía de fluorescencia 7, 8, 9, 10, 11. 

En los últimos años, el grupo de Caracterización Bioeléctrica en la Nanoescala del IBEC, 

así como otros grupos, ha desarrollado técnicas basadas en Microscopias de Sonda de 

Barrido (SPM) para la caracterización dieléctrica en la nanoescala 12, 13, 14, 15, 16 y aplicarlas a 

biomembranas 17, 18, 19, 20, 21 y otros biosistemas 12, 22, 23, 24, 25, 26, 27. Inicialmente, estas técnicas 

se implementaron para ser operadas en aire o ambiente seco, pero en los últimos años se 

han ido extendiendo también al ambiente líquido 28, 29. La implementación de la microscopía 

dieléctrica de barrido (SDM) en líquido allanó el camino para la precisa caracterización 
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dieléctrica de las biomembranas en la nanoescala, en condiciones fisiológicas y sin 

marcadores 28, 29. 

El SDM en líquido se basa en medir la fuerza electrostática que actúa sobre una sonda 

nanométrica bajo la aplicación de un voltaje modulado entre la punta y un sustrato conductor, 

sobre el cual se asienta la muestra. En comparación con la técnica de SDM en aire, el 

funcionamiento en un entorno líquido requiere varias modificaciones. En términos de 

configuración, es necesario aplicar frecuencias por encima de la frecuencia de relajación 

dieléctrica del electrolito. También son necesarios cambios significativos para la parte del 

modelado 30. 

Este trabajo de tesis aprovecha los últimos desarrollos de SDM en líquido para caracterizar 

las propiedades dieléctricas de sistemas de membranas de modelo heterogéneo y 

membranas naturales purificadas en líquido. En este trabajo, se han obtenido nuevos 

conocimientos sobre la técnica de SDM en líquido, como por ejemplo sobre el prominente 

efecto electrostático de tamaño finito. También se han probado y optimizado diferentes 

modelos para el análisis de las medidas. 

Primero, me concentré en caracterizar mezclas de bicapa lipídicas soportadas mono y 

bicomponente que contienen colesterol, proporcionando una primera prueba de concepto de 

las capacidades de mapeo sin etiqueta de la técnica en líquido, ampliando el trabajo realizado 

anteriormente en aire sobre nanopartículas 12. Este estudio permitió obtener información sobre 

la composición de dominios de membrana submicrométricos en su entorno natural 31 y 

proporcionó valores fiables de las propiedades dieléctricas intrínsecas de las composiciones 

de DOPC y DOPC / colesterol, sobre las cuales hubo cierto debate en la literatura. Los bajos 

valores obtenidos son responsables de la baja permeabilidad de las membranas a los iones, 

en concordancia con estudios previos sobre biomembranas monocomponentes 29. Nuestros 

resultados permiten especular sobre propiedades fundamentales de las bicapas lipídicas 

como la viscosidad e hidratación de las capas que contienen colesterol. 
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Posteriormente, ampliamos los métodos para tratar con estructuras 3D de biomembranas 

más complejas, como los liposomas 32. Mediante SDM en liquído, se han obtenido imágenes 

de liposomas de unas pocas docenas de nanómetros de altura, mostrando una sensibilidad 

comparable a la de las biomembranas planas, de solo unos pocos nanómetros de espesor. 

Una vez más, se extrajeron con precisión las propiedades dieléctricas de la biomembrana de 

los liposomas, esta vez en una configuración más natural de la biomembrana. Este estudio 

también destacó las capacidades subsuperficiales de la técnica en líquido, demostradas 

anteriormente solo en medidas de aire 33, 34, 35, 36, 37, 38, 39. Esta técnica permitió obtener de 

forma ‘label-free’ la lamelaridad de los liposomas, un parámetro crucial en esta tecnología. La 

metodología desarrollada tiene el potencial de usarse para diferenciar una gran cantidad de 

diferentes composiciones de liposomas (capa y núcleo), ya que se demostró que el SDM en 

líquido no solo es sensible a las propiedades dieléctricas de la membrana, sino también a la 

conductividad del medio en el interior de los liposomas. Este logro fue fundamental para 

evaluar su futura aplicación a las células vivas y constituye uno de los principales logros de 

esta tesis. 

Durante la tesis también se hizo la caracterización dieléctrica de membranas naturales 

purificadas en líquido. Como muestra de prueba, nos centramos en el caso de la membrana 

púrpura (PM), que previamente había sido estudiada en aire 19, 20, 40. Las PMs están 

constituidas por la proteína bacteriorodopsina (BR), dispuesta en una red cristalina, y de 

lípidos en una relación 10: 1 lípidos:proteínas. Sin embargo, una incertidumbre no resuelta en 

la determinación de la topografía real de los parches de PM soportados en líquido, que 

también puede mostrar una superficie cóncava, hizo que la cuantificación dieléctrica fuera 

problemática. Más experimentos serán necesarias para proporcionar valores fiables de la 

permitividad de estas capas en líquido. 

En resumen, el objetivo e hilo conductor que conecta todos los capítulos de esta tesis ha 

sido implementar y demostrar las capacidades del SDM en líquido en la caracterización 



171 

 

dieléctrica de biomembranas, modelos y sistemas naturales, en condiciones líquidas, con 

resolución espacial nanométrica. 

Creo que este trabajo sentó las bases para dilucidar la estructura y las propiedades 

dieléctricas de sistemas de membranas más complejos y sus fenómenos eléctricos asociados, 

como por ejemplo la conducción. Se llevaron a cabo estudios preliminares de la membrana 

celular directamente en células de neuroblastoma vivas, en solución tampón MOPS en baja 

concentración, en colaboración con Maria Elena Piersimoni, estudiante de doctorado en el 

Imperial College de Londres. El grupo ahora está colaborando con expertos en el campo y 

tratando de desarrollar nuevos algoritmos, fundamentales para extender la técnica de SDM 

en líquido a las células vivas. 

Además del objetivo principal de mi proyecto de tesis, también participé en un proyecto 

paralelo sobre la caracterización SDM en líquido de un transistor EGOFET 41 operativo, crucial 

para optimizar dichos dispositivos y comprender mejor el mecanismo de transducción con 

entidades biológicas. De hecho, una de las fronteras más recientes de dicha tecnología es el 

uso de bicapa lipídicas soportadas  con fines de biodetección 42. 
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Liquid Scanning Dielectric Microscopy. Langmuir 36, 12963–12972 (2020). 

 

Di Muzio, M., Millán, R., Borrell, J. H., Fumagalli, L. and Gomila, G., Electrical Properties and 

Lamellarity of Single Liposomes Measured by In-Liquid Scanning Dielectric Microscopy. [in 

Preparation]. 
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Oral communications 
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membranes by in-liquid Electrostatic Force Microscopy, EBSA Biophysics Course on 
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Di Muzio, M., Millán, R., and Gomila, G., Nanoscale dielectric imaging of supported lipid 

membranes by in-liquid electrostatic force microscopy, XXI Annual Linz Winter Workshop, 

Linz, Austria, 1st-4th February 2019. 

 

Di Muzio, M., Composition mapping of biomembranes by in liquid Scanning Dielectric 

Microscopy,  Workshop on Advanced Scanning Probe Microscopies, Barcelona, Spain (Virtual 

meeting), 10th-11th December 2020. 
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Poster presentations 

Di Muzio, M., Millán, R., and Gomila, G., Nanoscale composition mapping with 

electrostatic force microscopy, 4th International conference on Scanning Probe 

Microscopy on Soft and Polymeric Materials, SPMonSPM 2018, Leuven, Belgium, 20th-24th 

August 2018. 

 

Di Muzio, M., Millán, R., and Gomila, G., Nanoscale dielectric imaging of supported lipid 

membranes by in-liquid Electrostatic Force Microscopy, 11th IBEC Symposium: 

Bioengineering for Regenerative Therapies, Barcelona, Spain, 2nd October 2018. 

 

Di Muzio, M., Millán, R., and Gomila, G., Nanoscale composition mapping by in-liquid 

Electrostatic Force Microscopy, 12th IBEC Symposium: Bioengineering for Active ageing, 

Barcelona, Spain, 17th July 2019. 
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and electrical properties of single liposomes measured by in-liquid scanning dielectric 

microscopy, 13th IBEC Symposium: Bioengineering for Future & Precision Medicine, 
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List of acronyms and abbreviations 
 

ac Alternating Current 

AFM Atomic Force Microscopy 

BODIPY 2-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-dodecanoyl)-1-

hexadecanoyl-sn-glycero-3-phosphocholine, 

BR BacterioRhodopsin 

C-AFM Conductive Atomic Force Microscopy 

CP Cytoplasmic 

CP Contact Point 

dc Direct Current 

diF-TES-ADT 2,8-dif luoro-5,11-bis(triethylsilylethynyl)anthradithiophene 

DLVO Derjaguin, Landau, Verwey, Overbeek theory 

DOPC 1,2-dioleoyl-sn-glycero-3-phosphocholine 

DPN Dip-pen Nanolitography 

DPPC 1,2-dipalmitoylphosphatidylcholine 

EC Exoplasmic 

EDL Electric Double Layer 

EFM Electrostatic Force Microscopy 

EGOFET Electrolyte Gated Organic Field Effect Transistor 

FLIM Fluorescence lifetime Imaging Microscopy 

FRET Föster Resonance Energy Transfer 

GM Ganglioside 
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GUV Giant Unilamellar Vesicle 

HF High Frequency 

HOPG Highly Oriented Pyrolytic Graphite 

IR Infrared 

IS Impedance Spectroscopy 

KCl Potassium Chloride 

KPFM Kelvin Probe Force Microscopy 

LUV Large Unilamellar Vesicle 

MLV Multi Lamellar Vesicles 

MOPS 3-(N-Morpholino)propanesulfonic acid, 4-Morpholinepropanesulfonic acid 

NIM Nanoscale Impedance Microscopy  

OBD Optical Beam Detector 

OFET Organic Field Effect Transistor 

PA Phosphatidic Acid 

PC Phosphatidylcholine 

PE Phosphatidylethanolamine 

PI Phosphatidylinositol 

PIP Phosphatidylinositol Phosphate 

PM Purple Membrane 

PS Polystyrene 

PD Phosphatidylserine 

SALB Solvent Assisted Lipid Bilayer 
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SAM Self Assembled Monolayer 

SCM Scanning Capacitance Microscopy  

SDM Scanning Dielectric Microscopy 

SECM Scanning Electrochemical Microscopy 

SICM Scanning Ion Conductance Microscopy 

SM Sphingomyelin 

SMM Scanning Microwave Microscopy 

SLB Supported Lipid Bilayer 

SPFM Scanning Polarization Force Microscopy  

SPM Scanning Probe Microscopy 

SPR Spin Paramagnetic Resonance 

SUV Small Unilamellar Vesicles 

SDFVM Scanning Dielectric Force Volume Microscopy 

TCSPC Time-Correlated Single Photon Counting 

TD Time Domain 

Tris Tris(hydroxymethyl)aminomethane 

UV Ultraviolet 

VDS Voltage Drain Source 

VGS Voltage Gate Source 
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