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Abstract 

Tissue morphogenesis occurs in a complex physicochemical microenvironment of 

limited experimental accessibility. This often prevents a clear identification of the 

processes that govern the formation of a given functional shape. By applying state-of-

the-art methods to minimal tissue systems, synthetic morphogenesis aims at 

engineering the discrete events that are necessary and sufficient to build specific tissue 

shapes. Here we review recent advances in synthetic morphogenesis, highlighting how 

a combination of microfabrication, optogenetics and mechanobiology is fostering our 

understanding of how tissues are built. 

  



Highlights 

• Advances in the field of epithelial tissue mechanics enable synthetic morphogenesis 

to build tissue systems whose mechanical properties can be controlled and 

measured. 

• Canonical epithelial models, like MDCK cells, are being used to develop new devices 

to stretch and compress tissues or change tissue curvature. 

• More recent tissue systems, like those based on iPSCs and organoids, are used in 

minimal setups to study tissue self-organization, like cell positioning and cell fate. 

• Growing the same tissue in minimal 2D and 3D environments showed that the third 

spatial dimension is not required for some aspects of tissue self-organization. 

• Synthetic substrates and protein patterning allow growing tissues with defined size 

and shape. Using stem cells, they were applied to demonstrate in a highly controlled 

way how initial tissue geometry and tissue mechanics affect the morphogenetic 

outcome. 

 

  



Synthetic morphogenesis at the interface of engineered and self-organized 

tissues 

The field of synthetic morphogenesis encompasses research in artificially building living 

structures of defined shapes. Rather than observing how living systems in vivo or in 

isolation self-assemble [1], synthetic morphogenesis guides these processes by tightly 

controlling properties like differentiation [2], positioning components [3] or mechanics 

[4,5]. Hence, it aims to identify the structural demands of developing tissues to ensure 

their stability and function, and examines their limits by, for example, changing size or 

shape [6–8]. On the other hand, the tools and model systems it uses may allow synthetic 

morphogenesis to build shapes that do not occur naturally or occur in diseased states 

[7]. Through this approach, alternative developmental paths can be investigated to be 

applied to regenerative medicine or engineering fields like soft robotics.  

The term morphogenesis can be applied to many levels at which shape generation 

occurs, from protein folding to whole-body formation. In this review, we focus on the 

tissue scale that studies cell-driven morphogenesis of animal tissues. We exclude the 

fields of bioprinting (rev. in [9]) and organ-on-chip systems (rev. in  [10–13]) that 

generally aim at complexity and application. Rather, we write about elementary systems 

and processes, with an emphasis on how mechanics enables shape control and tissue 

function in epithelia. As the field of tissue mechanics has boomed in the last decade or 

so [14,15], we think it is important to catalogue advances and identify major current and 

future challenges for combining tissue mechanics with synthetic morphogenesis, thus 

hopefully helping to focus community efforts. 

Building elementary living shapes 

Early studies attempted to artificially build living shapes by growing tissues on synthetic 

substrates that mimic natural morphology or releasing naturally occurring geometric 

constraints. Examples include the growth of bone tissue on a synthetic sponge [16] or 

the removal of the enveloping egg follicle to obtain spherical insect eggs from naturally 

elongated ones to study the effect of shape change on development [17]. Building on 

such early research, today’s synthetic tissue morphogenesis lies at the intersection of 

developmental cell biology, bioengineering, materials science and physics (see Box I), 

employing powerful methods including biophysics tools, genetic modification, 

microscopy, detailed quantitative analyses and simulations.  

Epithelial monolayers are the starting point of most synthetic morphogenesis studies 

(Figure 1). Their junctions and defined polarity allows them to be patterned [4,18,19], 

stretched [20,21] or compressed [22,23] to uncover basic mechanical features of tissue 

architecture and function, all important in order to control synthetic shapes. Typical 

studies in synthetic morphogenesis use established epithelial cell lines, like the dog 

kidney MDCK cells (e.g. [24]) and endothelial cells (e.g. [25]), or organ-specific culture, 

like colon epithelial cells [26]. More recently, studies began leveraging the power of 

animal stem cells, like iPSCs [27], ESCs [6] or ESC-like (see Glossary) populations [28] to 

study embryogenesis across the phylogenetic tree  (rev. in [28,29]). Differentiated 

organoids or live tissue explants [30] can also be seeded on specialized substrates or 



devices to guide their growth and shaping. In the following sections, we discuss the 

latest strategies using a variation of cell types and substrates to build the elementary 

geometric structures that form during development of an organism, including sheets 

(Figure 1), spheres (Figure 2A-B), domes (Figure 2C) and tubes (Figure 2D-E). 

Flat sheets 

Although morphogenetic processes and the resulting shapes are typically thought about 

in three dimensions, studies demonstrated that many features integral to 

morphogenesis, such as tissue patterning, cell shape or force distribution, are 

recapitulated in flat tissue configurations (Figure 1B-D, rev. in [31]). Flat tissue layers 

generated from human ESCs (Figure 1B-B’) recapitulate germ layer specification and are 

termed ‘2D gastruloids’ [6], akin to their 3D counterparts [32]. Circular ECM (Matrigel) 

patterns reduce the geometrical heterogeneity of free growing colonies and guide 

differentiation of hESCs into three germ layers and trophoblast-like population. More 

specifically, tissue size controls the formation of gradients that direct germ layer 

differentiation, as BMP-4-based signaling gradient forms only in large enough human 

blastocyst colonies (radius 500 µm, but not 200 µm; [33]). Growing the same cells on 

triangular patterns [4] localized high tension to the triangle tips (Figure 1C-C’). At these 

points, mesoderm tissue was specified through canonical Wnt signaling, demonstrating 

that not only tissue size, but tissue shape as well play a role in germ layer differentiation. 

Given their strictly defined geometry, such patterned tissues can also be used to asses 

geometry-independent sources of heterogeneity in development [34]. 

Aside from gastrulation mechanisms, micropatterning methods were employed to study 

organ-specific development. Basics of human neurulation were recapitulated in 2D 

colonies of hESCs and hPSCs [35–37] and micropatterns were used as a base to grow a 

3D tissue neurulation model (see Domes and [7]). Similarly to gastrulation, initial tissue 

shape and size was found to guide neural tube morphogenesis. Intestinal organoids also 

readily spread on flat substrates into enteroid monolayers or flat open-lumen organoids, 

and maintain the spatial organization and tissue patterning of the in vivo intestinal 

tissue. Growing such intestinal organoids on a thin Matrigel layer, an intrinsic WNT-BMP 

circuit was revealed to govern intestinal proliferation and organization [38]. On 

mechanically controllable substrates (PAA hydrogels), flat organoids were patterned 

into large (700-900 um) disks to standardize monolayer size (Figure 1D-D’, [39]). They 

mapped cell-substrate traction forces, as well as tension that compartmentalizes the 

intestinal tissue and drives cell migration out of the crypt. In addition, by modulating 

substrate stiffness (PAA gels), they showed that the flat organoid retains the ability to 

generate 3D intestinal crypts, demonstrating that on soft (<1.5 kPa) substrates, the crypt 

region indented through apical constriction of the stem cells. A softer substrate results 

in more stem cells and a larger intestinal crypt [39,40]. 

Although 3D geometry can instruct cell differentiation and guide correct tissue 

organization based on curvature (see Figure 3, Engineering tissue folding and Cell 

migration), studies on morphogenesis in 2D show that not all morphogenetic processes 



require the third spatial dimension. For some investigations, like the ones outlined 

above, questions can be answered in more controllable, 2D patterned tissues. 

Spheres 

Lumenized spheres are organ precursors during development (e.g., otic vesicle), 

functional structures in adult organs (e.g., eyes or bladder) and undesired shapes in 

disease (e.g., polycystic kidney disease). Epithelia can be guided into spherical shapes by 

artificially confining cells (Figure 2A) or by enabling self-organization in mechanically 

defined substrates or on preformed molds (Figure 2B). In both cases, the lumen is 

typically apical, while the basal epithelial surface faces the environment. MDCK and 

human neural stem cells grown in spherical alginate shells ([41,42] respectively, Figure 

2A-A’) enclose an apical lumen and were used to study growth-mediated compression 

and buckling pressure of epithelia (see Figure 3B-B’’, Buckling and [41]). In unconfined 

3D cultures, many cell types ([43], [44]), including cancer cells [45], also self-assemble 

into spherical cysts. In intestinal organoids, a cystic shape is associated with a 

pluripotent stem cell state, devoid of differentiated cells, and differentiation implies 

budding out of the spherical structure. In this system, it was also discovered that 

Intestinal stem cells proliferate better on substrates of intermediate (1.3 kPa) stiffness, 

than on softer (300 Pa) substrates [46]. As stiffness influences cell survival, fate, as well 

as tissue shape, it should be controlled in synthetic morphogenesis projects by using 

mechanically well-defined substrates. 

Aside from specific organs, like the intestine, embryogenesis of many animals is 

associated to a spherical shape. To study embryogenesis in synthetic systems, spherical 

structures reminiscent of early mammalian embryos, blastoids, were assembled in vitro 

(mouse: [47–49], human: [50–52], rev. in [53–55]; Figure 2B-B’) and characterized as 

faithful models to study human implantation development [56,57]. In a microfluidic 

device, [57] blastoids from primed hESC clusters (Figure 2B’) developed until the onset 

of gastrulation (i.e., primitive streak formation). With protocols to assemble embryonic 

structures and control their luminal pressure [58,59] in place, we can expect major 

advances in our knowledge of the mechanics of early human development. 

Domes 

Domes are curved, lumenized epithelial structures attached to a substrate [60,61] 

(Figure 2C-C’). They can be used to model lumen-filled in vivo organs like the healthy 

blastocyst or the otic vesicle, as well as diseased organs like the polycystic kidney, with 

more control than free-floating 3D spheres that we discussed above. Currently, dome 

generation success depends on cell type and relies on spontaneous cellular ion pumping.  

Already in 1969, hemispherical blister-like structures were observed in MDCK 

monolayers [62]. These tissue domes form due to water influx basally, where ion 

concentration is higher because of cell pumping, altering osmotic pressure. Leveraging 

this phenomenon, the size and site of dome formation can be controlled by 

micropatterning ECM protein (fibronectin) on soft PDMS gels [60] to generate artificial 

domes with basal lumen formation due to localized detachment from the substrate. This 



synthetic system was used to discover that the MDCK epithelium adapts to extreme 

tissue strains that develop in a dome by allowing heterogeneous cell strains. At high 

tissue strains, some cells start exhibiting superelastic properties due to cortical dilution, 

allowing them to accommodate up to 10-fold increases in apical area. These large 

deformations do not damage the dome thanks to intermediate filaments, which act as 

a safety belt. This mechanism identified in a synthetic system was later established in 

vivo during drosophila gastrulation [63]. More recent studies also took advantage of 

closed-dome structures to map stresses on domes of different shapes [61] and built 

domes from human stem cells [7], with an elongated footprint to mimic the neural tube 

geometry. Here, stem cells seeded on rectangular patterns were covered with Matrigel 

and subsequently self-organized into a tissue bilayer. In time, a lumen opened between 

the layers, creating a tubular dome. Upon induction of neural cell fate by BMP4, a neural 

tube-like structure formed in the dome, surrounded by the domed non-neural ectoderm 

as in vivo. Here, the shape of the initial tissue affected the shape of the emerging neural 

tube. For example, a too wide tissue footprint resulted in two parallel indenting regions, 

rather than one, indicating that a strict initial geometry is essential for healthy 

development. This study demonstrates the power of in vitro morphogenesis to learn 

about processes and tissues typically hard to control, like human or post-implantation 

tissues of other mammals. 

A point to keep in mind while studying domed structures is the polarity of the dome, i.e. 

whether the lumen is on the basal or on the apical side of the tissue. Aside from the 

blastocyst, most in vivo luminal tissues have apical lumens. In addition to most signaling 

hubs being localized apically, the apical and basal side of an epithelium also host 

different junctions, cytoskeletal and cortical elements, giving them different mechanical 

and mechanoresponsive properties [64]. Therefore, the same tissue with an apical or a 

basal lumen might require different luminal pressures, be differently pliable and 

respond differently to changes in shape (see Bending, Figure 1A’ and [5]).  

In the future, we expect to see the dome architecture leveraged to create more systems 

in which luminal pressure can be controlled, as well as advances in theoretical modelling 

that will enable mechanical characterization of domed structures with different 

geometries (e.g. rectangular and round combined) or thicker domes (larger lateral 

surfaces), more reminiscent of developing in vivo tissues. 

Tubes 

Tissue tubes can originate from all three germ layers and build our respiratory, vascular, 

lymphatic, urinary, reproductive, neural and gastrointestinal systems. They are essential 

formations delivering products of most excretory tissues (e.g. pancreas, liver, 

mammary) to their target location, but also the starting points of development for some 

organs (e.g., heart, neural tube). In vivo and in vitro, tube-building endothelial cells 

respond to mechanical properties of their environment. These include transcriptional 

responses to ECM stiffness [65] or responses to fluid flow. For example, endothelial cells 

align in the direction of flow-generated shear stress [66], but tend to migrate against the 



flow [67]. In the zebrafish dorsal aorta, cell extrusion is mechanoresponsive and 

increased in conditions of abnormally low blood flow [68] 

Engineering long tubular systems is typically linked to elastomeric (PDMS) structures, 

either fixed microfluidic devices (e.g., [25], Figure 2D) or deformable tubular shells 

[69,70] (Figure 2E). Seeded cells line these channels, akin to in vivo lumen ensheathment 

[71]. As the resulting tissue tube takes the shape and size of the confinement, these 

substrate configurations allow control over tube geometry and size. For example, 

deformable alginate tubes (Figure 2E’), [69] were used to control tube diameter as well 

as its curvature. By tracking the rate at which epithelia detached from the tube walls, 

researchers were able to rank two cell lines by contractility, with MDCK cells exhibiting 

higher contractility than mammary gland epithelial J3B1A cells. Premade channels, 

however, are not suitable for studies of lumen creation by more common mechanisms, 

such as cord hollowing or cavitation [72,73].  

Critical advancements in our understanding of de novo lumen formation come from 

studying lumenization in organotypic cultures of spherical cysts (acini, e.g. [74], closed 

domes [75], rev. in [76]). When cysts of biliary epithelial cells are transferred from 

microwells into microfluidic channels, they open and line the channel to form tubular, 

partial bile duct-like structures [77]. To elongate a lumen in a formed tissue cord without 

breaking open a cyst, one can look for cues in vasculogenesis, i.e. the formation of the 

primary axial blood vessels, rather than the formation of higher order vessels 

(angiogenesis). In the zebrafish dorsal artery, lumens open up by a cord hollowing 

mechanism similar to lumens in cysts mentioned above, while in mouse, two distinct 

cord-like tissues fuse, maintaining a lumen in between [78]. Synthetic systems exploiting 

these mechanisms are still in their infancy, however. In a minimal system of two 

hepatocyte cells in a microwell [79], the lumen between them elongates towards 

minimal tension, formed by anisotropies in integrin adhesion and, consequently, 

intercellular tension and osmotic pressure. Synthetic anisotropic protein patterns might 

help to elongate lumens in larger cell groups, as well. In another study reminiscent of 

cord hollowing, covering micropatterned colonies of stem cells with ECM induced the 

separation of apical surfaces and consequent lumen opening (see Domes and [7]). It 

would be interesting to attempt to fuse multiple of such elongated domed lumens, by 

targeted protein patterning, fluid flow or by barrier removal, to extend tubular stem cell 

structures, and potentially differentiate them. 

A possible avenue to increase complexity by more elaborate shapes lies in building 

epithelial branches and networks of epithelial tubes. Factors that drive branch 

development depend on tissue type and stage of network development, and 

consequently the role of mechanical factors here remain rather controversial [80]. Fluid 

flow is known to guide morphogenesis of lungs and kidneys [80–82], glands (rev. in [83]) 

and secondary vasculature (rev. In [84]). In the lung, the pattern of the surrounding 

muscle drives branch patterning [85], but in lung organoids, patterns are set by 

proliferative instabilities [86]. Synthetic systems investigating branching processes 

typically have a fixed network topology (rev. in [87]). However, some use MMP-



degradable substrates, natural or synthetic [88] ones, to investigate network 

remodeling. Combined with biophysical tools  such as laser ablation, traction 

measurements or optogenetics, synthetic branching systems can have the potential to 

identify forces that define network topology and function [89,90], but also characterize 

previously unreported structures. 

Engineering tissue folding 

Morphogenesis throughout the animal kingdom depends on correctly generating 

epithelial folds in more basic shapes like the ones discussed at the beginning. Folds are 

precursors (imaginal discs, vertebrate heart, retina) or final functional structures 

(gyrencephalic brain, intestinal epithelium), but also appear as outgrowths in diseased 

states (pancreatic ductal cancer or colon polyps). In this section we discuss different 

approaches to engineer folds in elementary tissue shapes (Figure 3). 

Scaffolding 

Constant advances in microfabrication and material chemistry produced a myriad of 

biocompatible substrates (Box II) that can be shaped [91–94], degraded [95] or 

“programmed” [36,96–98] to have three-dimensional folds. After seeding cells on the 

prefolded substrate (Figure 3A), the tissue assumes the shape of this scaffold (Figure 

3A’). This allows studies of the effect of curvature on cell type localization, cell 

differentiation, cell migration or overall tissue patterning, a phenomenon collectively 

referred to as curvotaxis [99]. MDCK cells in monolayers grown on undulating hydrogels 

(Figure 3A’’) are thinner on top of ‘hills’ and thicker in ‘valleys’ [36], independent on 

scaffold wavelength. They seem to sense curvature through cell thickness, tissue density 

and nuclear shape and position, and respond by subsequent change in the localization 

of YAP (lower in high density regions), expression of nuclear lamins and proliferation 

rate. Cell localization within a migrating epithelial monolayer (leader vs. mid-cluster), as 

well as the size of the cell cluster [99] and curvature magnitude [100] all affect F-actin 

and nuclear positioning, excluding both from highly convex regions [100]. Longitudinal 

groove scaffolds also help orient monolayer growth [100]. The intestinal epithelium 

senses curvature, as well. Intestinal crypt-like regions of organoids preferentially localize 

in indented regions of the scaffold, while differentiated villus cells cover finger-like 

protrusions of the substrate [95]. Even though the 3D geometry is not necessary for 

crypt and villus compartmentalization [39], the scaffolding results indicate that 

curvature helps maintain the fixed localization of intestinal compartments. Biologically 

more complex scaffolds were created from a mesenchyme-like tissue made of precisely 

localized mesenchymal cell clusters covered by ECM [96]. The mesenchymal clusters 

compacted the ECM and introduced complex folds in the epithelium seeded on top, akin 

to folds in the intestine or avian skin. 

Aside from folding the tissue by the substrate guiding its shape, folds can be generated 

by exploiting the tissue intrinsic forces to drive passive buckling (Figure 3B) or active 

bending (rev. in [101,102], Figure 3C), which we discuss below. 



Buckling 

Buckling is a passive deformation normal to the tissue plane that results from lateral 

compression (in plane of the epithelium) that occurs, for example, during confined 

growth of a tissue [103]. In vivo, buckling was suggested to drive specific stages of 

morphogenesis of teeth (germ invagination, [104]), brain (rev. in [105], mechanism is 

controversial), lung [86] and intestine (tube looping and villus formation, [106]), forming 

stable folds by releasing built-up compression (Figure 3B-B’). Synthetic buckling was 

achieved with proliferating MDCK monolayers grown inside a spherical confinement 

[41]. The tissue buckled basally under lateral compression, allowing the authors to 

report the buckling pressure of an epithelial monolayer to be ~100 Pa. Such a system 

allows testing of different confinement geometries (see Tubes) but does not allow 

precise control of compressive force. To investigate how epithelia respond to 

compressive strain without effects of the substrate, researchers work with suspended 

tissues [107]. In 2020, a suspended epithelium was used to identify ~-35% strain as the 

MDCK buckling threshold [108], which depends on tissue elasticity and pre-strain (Figure 

3B’’). Below this threshold, epithelia were able to accommodate the applied 

compression. A suspended tissue is a powerful technique but it can be applied only to 

cell types that form strong cell-cell junctions. In addition, to study epithelial 

invagination, i.e. buckling from the apical surface inwards, a pressure-based system ([5], 

see Bending) could be used to assess mechanical differences depending on fold 

direction, albeit it would need to be adapted to exert buckling-inducing forces. 

Tissue thickness affects the mechanical properties of an epithelium and buckling is more 

common in thin structures, as many adult epithelia are. However, many developing 

tissues, like the vertebrate retina, brain or insect imaginal discs are thick, 

pseudostratified epithelia (>20 µm apico-basal axis, [109]) and require complementary 

destabilizing mechanisms to induce a bend prior to buckling. These include localized 

apical, basal or lateral cell constriction (see Bending), mitotic cell rounding [110] and cell 

death [111,112]. Currently, it is difficult to control buckling of thick tissues in vitro, as it 

is to grow such tissues in the first place. In vitro systems that self-organize into 

pseudostratified compartments, such as the open-lumen intestinal organoid with its 

pseudostratified crypt, might prove useful to study physics of more complex buckling 

phenomena. 

Bending 

To examine the effects of curvature change on the epithelium, pressure-based doming 

systems can be used [5]. An epithelial monolayer is grown on a thin elastic membrane 

suspended over a microfluidic channel. By applying positive or negative pressure in the 

channel, the epithelium was pulled inwards (smaller apical surface) or bulged outwards 

(smaller basal surface), thus assuming opposite curvatures. These different 

configurations trigger different propagation of Ca2+ waves and gene expression at the 

fold boundary, presumably through different mechanical stresses that cells experience 

with different shapes. 



The introduction of localized bends in vivo, however, is a process typically driven by 

active changes in cell shape through apical [113], basal [114] or lateral [111,115,116] 

constriction (Figure 3C). Such processes in vitro can be driven both by tissue self-

organization and extrinsic control. Open-lumen intestinal organoids mentioned above 

were shown to indent their crypts on soft substrates (<1.5 kPa, [39]) through self-

organized apical constriction of stem cells. The same tissue was grown in light-

degradable PEG substrates [95] and the substrate was locally softened, allowing the 

crypts to invaginate into the substrate in these softer regions. To manipulate such active 

tissue bending, in vivo studies genetically interfered with relevant transcription factors 

([117,118]), used laser ablation ([119]) or optogenetics ([120]). In vitro, The CRY2/CIBN 

light dimerizer system was used in MDCK cells to activate RhoA with subcellular 

resolution using blue light [22]. Recently, OptoShroom3 was developed [121] (Figure 

3C’’) to allow light-induced constriction specifically of the apical cell surface in 

mammalian cells. With these tools, single-cell shape changes or tissue-wide folds can be 

introduced depending on the number of activated cells. Future studies should also look 

away from the apical surface, and into the morphogenetic potential of lateral and basal 

cell contraction to understand the mechanics of tissue bending and buckling. 

Harnessing cell dynamics 

In the previous sections we have discussed strategies to engineer elementary shapes 

and processes that build living tissues. Below, we describe how the ceaseless out-of-

equilibrium dynamics of living cells, which direct natural morphogenetic processes, can 

be exploited during synthetic morphogenesis. 

Topological defects 

In active systems, orientation and topological defects entail very specific mechanical 

patterns. Defect sites have recently been identified as powerful localizers of 

morphogenetic processes, namely tissue organization in the mammalian liver [122] or 

body axis establishment in hydra [123] in vivo and 3D outgrowth from a monolayer in 

vitro [124,125]. Nematic order and topological defects may arise from supracellular 

actin cable orientation [123] or cell shape orientation [18,122,124,125]. In vitro, 

topological defects can be controlled by imposing geometrical/topological constraints 

(e.g. star [18] or disk [124]). It was shown in star-shaped tissue monolayers [18] that 

MDCK cell extrusion increased at +1/2 defects. Neural progenitor cells, on the other 

hand, accumulated and formed 3D mound at +1/2 defects and escaped from -1/2 

defects [125] (Figure 4A). These differences might be due to cell type specifics, like the 

strength of cell adhesion. The same mechanisms might play a role in vivo, and guide 

morphogenesis in various systems. Overall, topological defects may not only shape 

tissues in vivo, but they can also help to predict and execute controlled morphogenetic 

processes in vitro. 

Cell turnover 

Cell extrusion and division are tightly regulated to maintain mechanical stress in a tissue 

during morphogenesis [126]. During synthetic morphogenesis, proliferation and 

extrusion can also be exploited as a building mechanism by, for example, inducing tissue 



compression or generating tissue flows. However, they also need to be well controlled 

or (pharmacologically) slowed down, if necessary, as cell turnover might destabilize the 

synthetic structure or create luminal obstruction by agglomerations of extruded cells. 

Studies already exploited proliferation as a morphogenetic mechanism in in vitro 

systems (e.g. [41]). Simple 2D setups were sufficient to suggest that outcomes might 

depend on cell type. In confined round monolayers, for example, proliferating myoblasts 

form 3D cell accumulations in the center of the monolayer island [124], while MDCK cells 

accumulate on the monolayer edge [127], creating a 3D cord-like structure with 

collective polarity. It is unclear how these different behaviors arise from different levels 

of cell-cell adhesion, traction, friction and contractility among different cell types.  

Localized or differential proliferation drives many morphogenetic processes in vivo, such 

as the development of the vertebrate tooth or heart, or drosophila wing disc ([128–130], 

respectively). As a mechanoresponsive feature, proliferation could be also localized in 

vitro by controlling tissue shape [19], locally stretching/compressing on stretch systems 

[23] (Figure 4B), light-responsive hydrogels [131] or ferrogels [132], mixing clones that 

grow at different rates [133], or altering mechanical feedback that controls proliferation 

[133].  

Compared to proliferation, cell extrusion has attracted less attention in synthetic 

systems but also holds a lot of potential to guide folding or control general tissue 

stresses, for example by locally increasing apico-basal force in the epithelium [111,112]. 

It can be mechanically triggered and localized similar to cell proliferation but with 

opposite effect of force application, and with the additional option of inducing extrusion 

through cell death, for example by laser ablation or UV-exposure. Together, control over 

cell proliferation and extrusion holds more potential than synthetic morphogenesis has 

exploited thus far. 

Cell migration 

In a system of guided morphogenesis, cell migration can be both a desired (e.g. gap 

closure, EMT) and undesired (destabilizing the structure or introducing defect) behavior. 

There are several ways in which mechanics can control migration. Most cell types 

(primer in [134]) migrate towards stiffer substrates (positive durotaxis, Figure 4C and 

[135]). However, some cell types (e.g., axons of retinal ganglion cells in Xenopus) follow 

different gradients, so the stiffness of the synthetic environment should be designed, 

but with cell type in mind. The same holds true for haptotaxis of adherent cells, where 

fibroblasts migrate towards regions with higher protein density more efficiently than 

mesenchymal stem cells [136]. Of note, ameboid cells like leukocytes were shown to 

follow opposite haptotactic gradients depending on the integrin (α4β1 or αLβ4) used in 

their migration [137], opening a potential avenue for genetically altering epithelial cell 

migration, as well. Migration of some cell types can also be controlled by substrate 

curvature (curvotaxis, [99]), as well as fluid flow. In growing tubes of endothelial cells, 

cell migration would be necessary to grow and fuse tubes, and the direction of migration 

could be controlled by fluid flow direction [67] (rev. in [83]). In many cases, factors 

mentioned above also affect cell fate, a point to be considered especially while building 



structures of stem cells, where stemness-promoting factors can be used to mitigate 

differentiation and any associated mechanical and behavioral changes. In more recent 

developments, direct laser writing was applied on a synthetic substrate to create custom 

surfaces for endothelial cell migration [138] and optogenetics were used to direct cell 

migration of specific cells [139,140]. During synthetic morphogenesis, cell speed could 

potentially be finely controlled by combining the aforementioned approaches, like 

synthesizing substrates with different gradients of stiffness and ECM. 

Concluding remarks 

During development and disease, morphogenesis implies a combination of multiple 

shapes, like tubes and buds [141] and synthetic systems should be able to recapitulate 

these features while maintaining control and accessibility. We expect the most 

productive future avenues will address the outstanding challenges by incorporating next 

level ideas including 1) building more elaborate shapes and combining different shapes; 

2) building shapes from multiple cell types and from different species (chimeras); 3) 

simultaneously controlling multiple cell behaviors, like contractility, adhesion, cell 

localization, cell differentiation, tissue growth rate or lumen formation; 4) controlling 

cell behavior in a cell type-specific manner; 5) rather than building by assembling, 

building by predictable collapse of 3D structures (see Outstanding questions box). 

To highlight our engineering perspective on synthetic morphogenesis in this review, we 

grouped morphogenesis in discrete shapes and processes and discussed the 

experimental and mechanical aspect of building such elementary blocks. For an 

overview of top-down and bottom-up techniques to alter extracellular and cell-intrinsic 

mechanical properties in tissue engineering, we refer the reader to an excellent recent 

review [142]. For an open-source tool to compute traction forces, see [143] and for an 

in-depth overview of the latest developments to measure mechanical stress in tissues 

in 2D and 3D, [144]. 

Tissues in vivo depend on complex but precise mechanical and biochemical signals. 

Minimal systems, like epithelial monolayers on synthetic substrates, allow us to narrow 

down on the determinants of shape and function of organs. From the point of view of 

morphogenetic tissue mechanics, adding complexity to these systems is a clear aim, but 

should not be done at the expense of control and accessibility. Therefore, we encourage 

the development of mechanically controllable systems. By building from the bottom-up, 

we will slowly learn which cues are essential for which tissue and which living form. 

  



Outstanding questions 

• What are the limits of complexity that synthetic morphogenesis can rationally 

engineer? 

• How can mechanical stresses be mapped and controlled in synthetic tissue 

structures? 

• Which functional features depend on a 3D configuration, and which can be 

recapitulated in 2D and why? 

• Can synthetic morphogenesis capture mechanochemical redundancies present in 

vivo? 

• What is the minimal set of physical variables that need to be controlled to engineer 

multicellular morphogenetic processes?  

• How can we combine synthetic generation of different shapes, like tubes and 

spheres, or branches and buds? 

• Can we predict the mechanical stability of synthetic living structures based on cell 

type and shape? 

• As complexity increases, what type of theoretical mechanical models will be needed 

to synthesize morphogenetic processes? 

• Can we build shapes that do not occur naturally in 3D, perhaps with supernatural 

functionalities? 
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Box I: Epithelial mechanics 

The rational engineering of epithelial shapes requires an understanding (and eventually 

a measurement) of the state of mechanical stress at every point of the epithelial surface. 

As a first approximation, an epithelium can be considered as a flat or curved membrane 

that supports a 2D state of stress tangential to its surface. This approximation is valid 

when epithelial thickness is smaller than other relevant dimensions of the system (such 

as the lumen diameter) and when apico-basal tension asymmetries, bending moments 

or tissue spontaneous curvature can be neglected. The state of stress of the epithelium 

is then provided by a 2×2 matrix, called the stress tensor. Because this stress tensor is 

symmetric, at every point of the epithelium there exist two privileged directions, 

mutually orthogonal, along which stress is maximal and minimal, respectively.  

For elementary geometries such as those discussed in section Building elementary living 

shapes, the stress tensor adopts a simplified form. In the case of sphere or a spherical 

dome of radius 𝑅, stress is uniform and isotropic, this is, it has the same value in every 

position and in every direction of the epithelium. The stress tensor then simplifies to a 

single scalar value, the epithelial surface tension 𝜎, which is balanced by pressure in the 

lumen ∆𝑃 (Figure IA) and can be readily computed using Laplace’s law: 

𝜎 =
∆𝑃

2
𝑅    (1) 

If epithelial shape deviates from a sphere but is symmetric about one axis, then the two 

principal stress directions are the circumferential and meridional directions (Figure IB). 

Tension along these directions can be computed as [145]: 

𝜎𝑐 =
∆𝑃

2
(2 −

𝑅𝑐

𝑅𝑚
)  (2) 

𝜎𝑚 =
∆𝑃

2
𝑅𝑐   (3) 

 

where 𝜎𝑐  and 𝜎𝑚 are stress values in the circumferential and meridional directions, 

respectively, and 𝑅𝑐 and  𝑅𝑚 are the local radii of curvature along those directions. 



Besides luminal pressure and shape, the stress in the epithelium is also determined by 

the traction forces applied at the cell-substrate interface. For the case of a flat 

monolayer, mechanical equilibrium can be invoked to infer epithelial stress from the 

direct measurement of traction forces in a technology called monolayer stress 

microscopy [146]. For a curved monolayer, however, no method has yet been developed 

to generalize this approach. 

In some morphogenetic processes, the membrane approximation discussed above is not 

applicable. This is the case of budding of the vertebrate intestinal crypt or ventral furrow 

formation during drosophila gastrulation, for example. In these processes, stresses 

normal to the epithelial surface are generated to drive out-of-plane deformations. One 

mechanism to generate out-of-plane stresses is an asymmetry between apical and basal 

contractility, which results in epithelial bending. Alternatively, out of plane stress can 

arise from buckling instabilities (see section Engineering tissue folding). 

Box II: Homage to substrates 

Mechanical properties of the tissue’s environment play a crucial role in guiding 

morphogenesis by affecting cell contractility, migration, division, death, extrusion and 

differentiation. As substrates are in general easier to shape than tissues both in 2D and 

3D, harnessing properties of the diverse available substrates in projects of synthetic 

morphogenesis makes possible the generation of more controlled structures. Substrates 

used in vitro include natural and synthetic substrates, that offer differing levels of 

control. Natural substrates include animal origins, like collagen or gelatine gels, 

commercial ECM extracts of mammalian tumors (Matrigel, Basement Membrane 

Extract, Geltrex) and animal free matrices (plant-based: Growdex, algal: alginate, 

bacterial: hyaluronic acid). ECMs of animal origin contain natural biochemical cues and 

protein structures and can be degraded by cells. However, the same properties are 

problematic, as degradability means substrate shape cannot be well controlled, 

biochemical cues are present at inconsistent amounts, and matrices have complex or 

unknown mechanical properties. Reducing the complexity of mechanical properties of 

natural substrates, a preprint [147] reports controlling viscoelasticity independent of 

substrate stiffness using alginate. Natural matrix stiffness is typically low, 10-300 Pa, 

which limits studies of durotaxis and production of stable structures. Increasing stiffness 

usually implies also increasing protein and growth factor concertation. However, 

collagen gels can be made stiffer, and their compressive modulus can be decoupled from 

protein content, for example by glycation [148] (rev. in [149]) and its stiffness can 

increase up to 6 kPa when methacrylated (GelMA). 

Synthetic substrates mitigate the complexity of natural substrates and include glass, 

plastic, PAA, soft PDMS, NuSil PDMS, PEG, PEGDA-AA, PEG with functional additions and 

NOA. They have also been adapted to be artificially degradable and deformable [150]. 

To control tissue size and shape and cell adhesion, (synthetic) substrates are usually 

functionalized. Their surface can be micropatterned, which implies that extracellular 

matrix proteins (collagens, laminins, fibronectin etc., depending on cell type) are bound 

to a (2D) substrate in a defined spatial pattern and size, such as circular, triangular, 



square or rings. Proteins can be patterned using physical transfers from 3D stamps that 

carry the pattern (µ-contact printing) or through contactless methods that expose 

protein binding molecules only on the pattern (UV through patterned masks or digitally 

guided, maskless light exposure (PRIMO). Contactless patterning systems also allow 

creation of protein gradients, while multiprotein patterns can in principle be generated 

by both approaches. However, protocols for such more complex patterning are still not 

widely used due to the extensive optimization required for different proteins and 

substrates. In addition to surface functionalization, substrate bulk can be functionalized 

with coated beads that serve as a growth factor/signaling source and with micro and 

nano fluorospheres to track substrate deformation and measure cell-substrate traction 

forces. 

Glossary 

• ECM: Extracellular matrix, a network of proteins like collagen, laminin or 
fibronectin, building the protein stromal meshwork to which cells attach and 
through which they migrate. ECM composition, organization and stiffness affects 
cells, e.g. behavior and fate. Commercial sources include Matrigel and Basement 
Membrane Extract (BME). 

• EMT: Epithelial-to-mesenchymal transition, a process of epithelial cells losing 
epithelial characteristics like cell polarity, and adhesion to neighbor cells. Cells 
acquire a migratory and/or invasive behavior. EMT is a hallmark of 
developmental and homeostatic processes, as well as of initiation of cancer 
metastases. 

• ESC: Embryonic stem cell, pluripotent cells isolated from preimplantation 
embryos. They have the potential to differentiate into all three embryonic germ 
layers and their derivatives. 

• GelMA: Gelatin methacryloyl. A modified gelatin (hydrolyzed and denatured 
collagen) hydrogel produced through the reaction of gelatin with methacrylic 
anhydride (MA), photocrosslinked (UV). As a tissue substrate it can be degraded 
and bound by cells, as the MMP and RGD sequences are preserved. 

• HUVEC: Human umbilical vein endothelial cells, a human cell line widely used to 
study the formation and development and pathology of blood or lymphatic 
vessels. HUVECs originate from the endothelium of the umbilical cord. 

• MDCK: Madin-Darby canine kidney epithelial cells, a mammalian cell line, widely 
used in biomedical and biophysical research. MDCK originate from a kidney 
tubule of a dog. 

• MMP: Matrix metalloprotease, calcium-dependent protease degrading ECM 
proteins. They are also able to degrade other molecules, like specific cell surface 
receptors. 

• NOA: Norland Optical Adhesive, a clear, colorless, liquid photopolymer that will 
cure when exposed to ultraviolet light. 

• PAA: Polyacrylamide, a hydrogel used in tissue mechanics research to fabricate 
custom cell substrates of varying stiffness (0.3-300 kPa). Fluorescent 
microspheres can be incorporated in its bulk to track gel displacements and 
calculate cell-substrate traction forces. 



• PDMS: Polydimethylsiloxane, a silicone-based organic polymer used in tissue 
mechanics research to fabricate custom cell substrates, including microfluidic 
channels. Fluorescent microspheres can be attached onto its surface to track gel 
displacements and calculate cell-substrate traction forces. 

• PEG: Polyethylene glycol, a hydrogel used in tissue mechanics research to 
fabricate custom cell substrates. Can be prepared to contain cell-binding motifs 
(RGD) in bulk or to be hydrolytically degraded by the cells’ MMPs. Stiffness 
varies, 0.5–5 kPa for cell degradable crosslinkers or 20-500 kPa for non-
degradable. 

• PEGDA-AA: Polyethylene glycol diacrylate-acrylic acid, a hydrogel made from 
poly(ethylene glycol) diacrylate (PEGDA) and acrylic acid (AA). Used to fabricate 
substrates with custom topology and mesh size that allow diffusion and gradient 
formation with biochemical factors of choice. 

• iPSC: Induced pluripotent stem cell, a type of pluripotent stem cell generated 
from differentiated somatic cells. Somatic cells can be converted into pluripotent 
stem cells using the four Yamanaka factors (transcription factors Myc, Oct3/4, 
Sox2 and Klf4).  



Figure legends 

Figure 1 Examples of flat epithelial monolayers to study mechanics of morphogenesis. 

(A) Epithelial monolayers grown on flat natural or synthetic substrates can be patterned into 

desired shapes and size. This is achieved by patterning molecules that promote cell-substrate 

adhesion, such as specific ECM proteins, by different methods (see Box II). An epithelium 

growing on a rectangular pattern is shown. (A’) A small region of an epithelial monolayer (dashed 

line in (A)), showing basic epithelial junctional organization that impacts epithelial shapes and 

the polarity of built structures. Cells are bound to each other by apical (adherens) junctions and 

lateral junctions (only apical shown), and they attach to the substrate at their basal side, through 

integrins. (B) A schematic representation of a flat model of gastrulation, gastruloid, with germ 

layer-like regions labelled. The correct organization of this tissue depends on monolayer size. 

(B’) Fluorescence microscopy image of a hESC immunostaining corresponding to the scheme in 

(B). Adapted with permission from [6]. 2014. Scale bar 100 µm. (C) A schematic of a monolayer 

of hESCs grown on triangular patterns. High tension develops in triangle tips, triggering the 

expression of a live mesoderm reporter T(brachyury). (C’) Fluorescence microscopy image of an 

hESC triangular monolayer 30 h after BMP4 addition, corresponding to the scheme in (C). Signal 

has been normalized 0-1. Adapted with permission from [4]. Scale bar 250 µm. (D) A schematic 

of a monolayer of mouse small intestinal organoids grown on circular patterns. Despite its 3D 

geometry in vivo, the intestinal epithelium compartmentalizes de novo into crypts and villi-like 

regions on flat, 2D substrates. (D’) Fluorescence microscopy image of immunostained mouse 

intestinal organoid, with stem cells labelled in olfactomedin 4 (green) and differentiated cells 

with cytokeratin 20 (magenta). Corresponding to the scheme in (D). Adapted from [39]. Scale 

bar 200 µm. 

Figure 2 Substrate configurations for 3D synthetic morphogenesis. 

(A)-(C) Epithelial spheres. (A) A schematic of growing epithelial spheres in spherical 

confinements. The inner surface of these shells is typically coated with ECM proteins, promoting 

basal attachment, and resulting in an apical lumen in the centre. (A’) Fluorescence microscopy 

image of a monolayer of MDCK cells growing basally attached to a spherical alginate shell. Cell 

membranes are labelled in red and the alginate in green. Corresponding to the scheme in (A). 

Adapted with permission from [24]. Scale bar 100 µm. (B) A schematic of growing epithelial 

spheres with the aid of microwells. These are typically low adhesion wells, promoting cell 

aggregation. (B’) Brightfield image of a hPSCs cluster growing in an 80 µm Geltrex well 

embedded in a microfluidic device. These clusters undergo several landmark gastrulation-like 

events and can be used to study early stages of human post-implantation development. 

Corresponding to the scheme in (B). Adapted with permission from [57]. Scale bar 80 µm. See 

main text for additional examples. (C) A schematic of growing epithelial hemispheres as domes, 

with the aid of protein micropatterning (green) to create low adhesion areas in the monolayer. 

(C’) Fluorescence microscopy image of a MDCK dome grown on a soft PDMS gel patterned with 

fibronectin. Corresponding to the scheme in (C). Adapted with permission from [60]. Scale bar 

50 µm. (D)-(E) Epithelial tubes. (D) A schematic of growing epithelial tubes using a microfluidic 

channel. These channels can be produced with a desired shape and size, typically from PDMS, 

mounted on glass. (D’) Fluorescence microscopy image of a HUVEC (endothelial cell) tube grown 

in a microfluidic channel. Corresponding to the scheme in (D). Adapted from [25]. Scale bar 100 

µm. (E) A schematic of growing epithelial tubes using a microfluidic channel. These channels can 

be produced with a desired shape and size, typically from PDMS, mounted on glass. (E’) 



Fluorescence microscopy image of an MDCK tube grown in a deformable alginate channel. 

Corresponding to the scheme in (E). Adapted from [69]. Scale bar 100 µm. 

Figure 3 Generating epithelial folds. 

(A)-(A’’) Using substrates with preformed folds. (A) Cells are seeded on top of the ECM coated 

substrate and after reaching confluency (A’) assume the curvature determined by the substrate. 

(A’’) MDCK cell monolayers grown on corrugated hydroxy-polyacrylamide with different 

wavelengths. Cells are thinner on top of substrate hills than in the bottom on valleys. Adapted 

with permission from [36]. Scale bar 10 µm. (B)-(B’’) Inducing epithelial buckling to generate 

folds. (B) The monolayer is laterally compressed by confined growth, pre-stretch or acute lateral 

compression, increasing pressure and cell density in the tissue. (B’) Past the point of buckling 

pressure, the buckling instability drives an out-of-plane deformation and fold generation. 

Detachment from the substrate, i.e. basal buckling is illustrated. (B’’) Buckling of a compressed 

suspended MDCK monolayer. Adapted with permission from [108]. Scale bar 50 µm. (C-C’’) 

Creating epithelial folds by localized cell constriction. Apical constriction is shown. (C) Apical 

actomyosin contractility is locally enhanced in a subset of cells in an epithelial monolayer (red) 

(C’) The actomyosin network of the stimulated cells constricts, decreasing apical cell area and 

changing cell shape. The resulting wedge-shaped cells deform the monolayer, indenting it into 

the substrate. (C’’) Folding of an MDCK colony expressing GFP-NShroom3-iLID. Blue rectangle 

marks the blue-light stimulated region. Adapted from [121]. Scale bar 50 µm. 

Figure 4 Controlling cell dynamics. 

(A)-(A’) Sites of topological defects localize mechanical patterns that can drive morphogenetic 

processes. (A) Here illustrated is a +/1/2 defect in a monolayer of mouse neural progenitor cells, 

that blocks cell flow at the front point of the defect and (A’) a consequent formation of a 3D 

mound at the defect site. Adapted from [125] (B)-(B’) Cell turnover can be controlled in synthetic 

systems. (B) Stretching MDCK monolayers by 28% by stretching the underlying membrane 

substrate. (B’) Stretch release induces overcrowding in the monolayer that peaks 0.5 h after 

release. Crowding induces cell extrusion to maintain homeostatic cell density. Extrusion rate 

peaks 2 h after stretch release. Adapted from [23]. (C)-(C’) Cell migration can be controlled by 

exploiting mechanical cues for migration, such as substrate stiffness. (C) Cells were grown on 

PAA substrates with a gradient of stiffness [135], limited by a 500 µm stencil. (C’) After stencil 

removal, cells migrated preferentially towards stiffer regions of the substrate, displaying positive 

durotaxis. 

Figure I Stress diagrams in curved epithelial sheets modelled as thin membranes 

(A) Pressure and stress tensor in a spherical epithelial sheet with a fully closed lumen. Stress is 

uniform and isotropic along the surface (surface tension 𝜎) and balanced by pressure in the 

lumen ∆𝑃 (B) Pressure and stress tensor in an axisymmetric, non-spherical curved epithelium. 

Stress is distributed along two principal directions, the circumferential (tension 𝜎𝑐) and 

meridional (tension 𝜎𝑚).  
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